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Abstract: 

Plasmonic Assay for Molecular-Lipid Membrane Binding, Permeation and Dynamics of 

Permeation. - Agata Steplewska 

Understanding how a given compound interacts with lipid bilayers at the skin, gut or blood-

brain barrier and whether it diffuses through cell membranes is critical information for 

pharmaceutical and biotechnology industries. Prior to moving to more expensive cell-based 

testing, potential drugs are usually evaluated for drug-likeness to eliminate targets unlikely to 

make it through more expensive evaluation in the drug pipeline. This thesis focuses on 

demonstration of a novel approach of a qualitative membrane permeability assay based on 

plasmonic enhancement of analyte signal. The assay provides insights into the dynamics of 

drug-membrane interaction and permeation into the cavity. 

Chapter 1 reviews the literature relevant to the key aspects of this work, including the cell 

membrane, current biophysical models of cell membranes, the microcavity array substrates 

and their applications in Raman and fluorescence spectroscopy. Chapter 2 outlines the 

optimisation of sphere assembly, development of gold microcavity arrays, formation of lipid 

bilayers and their examination of stability and integrity. Chapter 3 investigates the permeation 

and dynamics using SERS, of two anti-cancer drugs, doxorubicin and daunorubicin at 

different concentrations. Key Raman peaks for DOPC, sphingomyelin, cholesterol and the 

two drugs were identified. Through changes in the spectra, we could identify drug-membrane 

interactions and diffusing into the cavity.  

Chapter 4, using an analogous approach to chapter 3, examined the application of the 

substrates for detection of analyte arrival through fluorescence. MEF allowed for the 

identification of drug permeation and residence time of the bilayer. Interestingly, different 

dynamics were observed, dependant on membrane compositions and due to aggregation at 

higher concentrations. Finally, chapter 5 presents the advancement of the assay to a more 

microfluidic platform that facilitates for lower volumes while allowing for drug delivery and 

monitoring. This was applied to more biomimetic bilayer compositions, where it became 

evident that the presence of a charged lipid has an effect on the permeability of the drugs. 

Subsequently, the permeation of ruthenium (II) metal complexes was evaluated to determine 

if their cellular uptake is through passive diffusion. All four ruthenium complexes were 

found to be impermeable, which is consistent with cell-based experiments, that indicate that 

they are taken up in cells through active transport mechanisms. 



 
12 

 

 

 

 

 

Chapter 1: Literature Review 

  



 
13 

 

1.1 Introduction 

Anticipating how potential new therapeutic agents interact with human cells is a critical 

consideration for the pharmaceutical and biotechnology industries. Specifically, 

understanding how a given compound interacts with lipid bilayers at the skin, gut or blood-

brain barrier but particularly anticipating whether it likely to passively diffuses through the 

cell membrane is very important, particularly for materials with intracellular targets1–3.  

In anticipating drugs with favourable absorption, distribution, metabolism and excretion 

properties, the Lipinski’s rule of five4,5, which defines chemical properties correlated with 

drug-likeness, is traditionally used. These are; 1) molecular weight less than 500 amu, 2) 

number of hydrogen bond donors of 5 or less, 3) number of hydrogen bond acceptors of 10 

or less, and 4) an octanol-water partition coefficient (LogP) less than 5. These are broad 

physiochemical properties that statistically correlate with membrane permeability but there 

are numerous exceptions and they do not address the complexity of membrane molecular 

interactions4. 

Increasingly, molecular simulations are being applied to model the permeation dynamics of 

a membrane6–8. However, the time range most typically used for molecular dynamic 

simulations is too short to observe the full permeation process9. There are two models that 

are mainly used to describe the permeation mechanism; solubility-diffusion and transient 

pore formation. The first model is also known as the Meyer-Overton theory, originally 

derived for anaesthetics, correlates membrane permeability to the oil/water partition 

coefficient4,9. The latter model focuses on spontaneous pore formation and a molecules 

diffusion through these pores. The likelihood of pore formation is small, but studies have 

shown that they can occur due to antimicrobial peptides, external stress and electroporation 

to name a few9. 

Drug lipophilicity is a governing factor in a drugs permeability and is widely used to predict 

membrane permeability. Currently, the first step in determining the lipophilicity of a drug is 

to experimentally determine the LogP, i.e. the log10 partitioning of a neutral drug species 

between n-octanol and water. Unfortunately, this method is rather crude as it does not 

consider factors such as ionisation, pH etc. and in particular does not encompass how the 

membrane structure is more complicated than an oil layer. The distribution coefficient 

(logD) takes ionisation into account and is therefore is also widely used to determine a drugs 

lipophilicity10. 
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Parallel Artificial Membrane Permeability Assay (PAMPA) and Cell-based assays are two of 

the main methods of permeability testing once LogP etc. is determined, although there are 

numerous other methods available4,9. However, both methods have a large number of 

disadvantages. Cell-based assays can be considered the most bio-representative and uptake 

in such models can reflect both passive and/or active transport; however, distinguishing 

between which is occurring can be challenging. Furthermore, cell-culture is expensive and 

requires considerable user expertise. Also, as most cell lines are from immortalised cells, they 

may not act as a true model. Cell lines can also be very heterogeneous with the expressed 

proteins and lipids varying, even within the same cell-lines, culture to culture-based media, 

passage number and other factors11,12, and therefore, can be difficult to elucidate specific 

insights into the cell-drug interactions. PAMPA is a much faster method, amenable to high 

throughput but can only indicate if passive transport is likely. As the platform does not 

contain a true bilayer, it cannot be considered very biomimetic and correlation between 

PAMPA predicted uptake and uptake in live cells can be quite poor12,13. 

In reality, unlike PAMPA, cell membranes are a highly transversally organised structures, 

formed due to the amphipathic nature of their main constituents; phospholipid. Lipid 

membranes constitute a significant component of our bodies and are the key barrier a drug 

encounters as it progresses to its target, so the development of improved, accurate lipid 

membrane models that accurately reproduce the laterally organised phospholipid bilayer is 

of key interest to understand drug toxin, or virus permeability and the behaviour of 

membrane proteins imbedded at these interfaces. Numerous lipid membrane models have 

been thoroughly studied over the past 30 years14–16. Some such as liposomes and single lipid 

bilayers (SLBs) have been prepared with diverse lipid compositions with lipid ratios designed 

to mimic specific membrane types, be it healthy or diseased. Proteins and carbohydrates 

have also been successfully inserted to try mimic a more accurate model, but this has been 

met with limited success14. 

To accurately evaluate drug-membrane interactions at an artificial bilayer, a sensitive means 

of interrogation of the bilayer and its molecular interactions is required. The method must 

also be amenable to the model. Fluorescence and electrochemical impedance spectroscopy 

(EIS) have been used with great reported success to monitor and evaluate drug-membrane 

interactions at artificial bilayers17–20. EIS allows for information on the resistance and 

capacitance of the membrane to be obtained, meaning its stability and thickness can be 

monitored18,21,22.  
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Fluorescence is a well-established analytical method for bio-detection fields. Surface 

enhanced Raman spectroscopy (SERS) has increasingly become of interest due to its 

sensitivity and ability to provide structural insights23. Through the use of surface enhanced 

substrates, these methods may detect concentrations down to nanomolar concentrations 

with Raman23 and fluorescence24.  

Other advantages of these methods are the minimal sample preparation required and their 

non-destructive qualities. Raman spectroscopy (RS) provides structural information, but 

shows only weak emission from water23. Therefore, it can be used with aqueous media, 

including buffers that are viable for lipid bilayer models such as phosphate buffer (PBS), 

meaning they should not interfere with any of the obtained results.  

A metal substrate is required for plasmonically enhancing Raman or fluorescence signals. 

Numerous studies have been completed23 on different metals, but gold and silver are most 

widely studied due to their ability to provide the best enhancement while also being 

chemically stable and inert. A wide variety of nanostructuring23,25,26, e.g. nano-rods, 

nanoparticles and nanocavities, have been exploited for surface enhancement. Microcavities 

are particularly attractive for our purposes as they provide a reproducible platform that 

allows for the successful formation of lipid bilayers27. 

 

Figure 1: Schematic diagram of the proposed membrane permeability assay. This consists 

of lipid bilayers consisting of phospholipids and occasionally sterols spanned over 1 µm sized 

gold microcavities. Drug/dye is then introduced, and emission is monitored using Raman 

or fluorescence spectroscopy. 
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The proposed concept behind this study, as shown in Figure 1, exploits SERS and metal 

enhanced fluorescence (MEF) enhancement to monitor for the arrival of a drug at a location 

which has high local plasmonic field enhancement, which is behind a lipid bilayer, i.e.. the 

drug only experiences significant plasmonic field enhancement once it has passed through 

the bilayer.  

The substrates used here were created on gold chips which contain hexagonally close-packed 

gold microcavities. The fabrication method of the substrates is explained in detail below in 

section 1.4. A lipid bilayer can be spanned over these cavities using a combination of the LB 

method and vesicle fusion to create the lipid barrier. The composition and symmetry of the 

bilayer can be varied using this method which is ideal for mimicking different membranes 

depending on interest. Raman and Fluorescence spectroscopy was then be used to monitor 

the platform as a drug is introduced. 

Ideally, this work will lead to the development of a membrane permeability model that can 

successfully detect not only if and how drugs interact with the membrane, but also the 

dynamics of this interaction and the speed of permeation through into the cavity. This model 

should allow for the creation of specific membranes of pharmaceutical and medical interest, 

be it a healthy skin model or a diseased Alzheimer’s model, which allows for greater 

specificity and more accurate knowledge than current permeability models.  

1.2 Cell Membranes and their Components 

 

Figure 2: Schematic diagram28 depicting the plasma membrane found surrounding cells. The 

membrane is composed of a phospholipid bilayer, cholesterol, glycolipids, glycoproteins, 

and proteins such as membrane proteins and channels. 
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Lipid membranes, as shown in Figure 2, are an ordered but highly fluidic structure that 

surrounds every cell and also the organelles of the cell. Lipid membranes help regulate the 

flow of nutrients and mediate signalling between cells and they also protect sub-cellular 

structures. There are three main components to a cell membrane, lipids, proteins, and 

carbohydrates. Lipids may be sub-divided into phospholipids, sphingolipids and sterols. A 

carbohydrate can also be attached to a lipid, and is then known as a glycolipid14. 

Phospholipids, as shown in Figure 3, are amphipathic molecules with a lipophilic tail, usually 

comprising of two long chain saturated or unsaturated fatty acids and a hydrophilic head 

group, typically of glycerol linked to a phosphate group. Phospholipids self-assemble in 

aqueous media into a bilayer in which the polar head groups are on the outside and the tails 

align along the core14. Phospholipid bilayers provide an essential support for maintaining 

structure and function of membrane proteins15. Sterols such as Cholesterol (CH), (which 

typically composes 20-50 % of the bilayer6) play a role in structuring the bilayer and 

signalling. They are composed of polycyclic structures resulting in a hydrophobic moiety.  

 

Figure 3: Schematic diagram28 depicting the structure of a phospholipid. Phospholipids 

consist of a hydrophilic head made of a phosphate and a glycerol, and a hydrophobic tail, 

which can be made of a saturated or unsaturated fatty acid. 

Typically, in lipid membranes, specific lipids can be observed exclusively in the outer or the 

inner leaflet. For example, animophospholipids are typically found in the cytoplasmic (inner) 

leaflet, whereas cholinephospholipids prefer the exoplasmic (outer) leaflet29. DOPC 

(structure shown in Figure 4) is a glycerophospholipid which is naturally occurring within 

eukaryotic cells. It is most commonly found in the outer leaflet of cell membranes where it 

functions as part of the permeability barrier30. Phosphatidylethanolamine (PE) is the second 
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most common component within mammalian membranes. Its molecular structure consists 

of a cone-shape, and its function is to promote bilayer-to-hexagonal phase transitions that 

may facilitate membrane fusion31. PE is mainly found in the inner leaflet32.  

Sphingomyelin (structure shown in Figure 5) is a very important component of animal cell 

membranes. SM’s molecular structure is similar to certain glycerophospholipids such as PC, 

but unlike the latter, it is capable of forming intermolecular and intramolecular hydrogen 

bonds. The large majority of sphingomyelin is located within the outer leaflet32. Cholesterols 

(structure shown in Figure 5) concentration varies with membrane origin and type. It 

condenses the bilayer structure and is believed to serve two main functions are to increase 

the stability of the membrane and to decrease the permeabilty31.  

The inner leaflet of eukaryotic plasma membrane typically contains all of the 

phosphatidylserine (PS) and phosphatidylsitol (PI) lipids and most of the 

phosphoethanolamine and cholesterol, and very little PC32. Both PS and PI are negatively 

charged at physiological pH’s. The lipids localisation in cytosolic leaflets must be taken into 

consideration in future development of artificial bilayers as they may influence permeability.  

 

 

Figure 4: Chemical structure of 1,2-dioleoyl-sn-glycero-3-phosphocholine (DOPC) 
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Figure 5: Chemical structure of Cholesterol (CH) and Sphingomyelin (SM). 

There are three classifications of membrane associated proteins; integral, peripheral, and 

lipid-bound proteins33. The former are embedded within the bilayer, peripheral are attached 

to the exterior, and the latter is only within the bilayer boundaries. Cell membranes typically 

comprises 50 % by weight protein, of which 20 % are transmembrane14. Ideally, a bilayer 

model should be created which incorporates these proteins to mimic a real membrane. 

Complex protein bilayers are of interest, as they are often important drug targets. G-protein-

coupled receptors have been reported to make up the highest percentage of drug targets in 

humans, followed by enzymes and then transporter proteins. The actual percentages of 

which are vary from study to study. Interestingly G-protein-coupled receptors only make up 

roughly 4 % of human proteins34. Thus, understanding protein interactions and dynamics 

within a cell is invaluable information.  

Bilayer models also allow for the study of these proteins without the intrusion of other 

complexities in the cell, allowing for the focus to be solely on the components of interest. 

The demand for in-vitro cell membrane models has led to the development of numerous 

types of membrane models including; black lipid membranes, supported lipid bilayer 

membrane, air-stable lipid bilayer membranes, hybrid lipid bilayer membranes and many 

more. Each membrane model has its own advantages and disadvantages and depending on 

the interest of the study, some may be better suited than others. The main models are 

discussed below. 
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1.2.1 Liposomes 

 

 

Figure 6: Schematic diagram showing different classifications of liposomes and their typical 

size35. 

Liposomes, also known as lipid vesicles, were first reported by Dr Alec Bangham in 1964 

and are considered one of the earliest membrane models36. Liposomes are free-standing 

structures of quasi-spherical shape37. Vesicles are prepared in a straightforward manner, 

consisting of the rehydration of dried lipids in a polar solvent (typically water), resulting in 

the spontaneous formation of vesicles. This results in a diversity in the size of the vesicles, 

as shown in Figure 6, and they can often contain layers within each other, which is known 

as multilamellar vesicles. To obtain uniform vesicles sizes, extrusion through a polycarbonate 

membrane or sonication can be used; resulting in 50 to 100 nm sized, small unilamellar 

vesicles38. These are commonly used for drug delivery and drug-membrane interactions39–42 

and for studying the influence of specific lipids such as cholesterol in the bilayer31,43,44. 

Giant unilamellar vesicles (GUVs) are liposomes of 10-100 µm in size, created through the 

rehydration of the lipids in the presence of an alternating current (AC) electric frield37,45. 

These vesicles are commonly used in optical imaging for examining dynamics46, lipid 

rafts19,45,47, proteins48 etc. Gaul et al. used GUV’s to create physiologically relevant model to 

explore integrin IIb3 reconstitution into lipid vesicles through fluorescence lifetime 

correlation spectroscopy (FLCS). They found that the integrin freely diffused into the bilayer 

and were able to identify that it preferred liquid disordered phases within the lipids37. In this 

study, small unilameller vesicles were used to create single lipid bilayers. 
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1.2.2 Single Lipid Bilayers (SLB) 

 

 

Figure 7: Diagram of a single lipid bilayer spanned on a planar solid support. 

Single lipid bilayers (SLB) are continuous lipid bilayers that are assembled or deposited onto 

a planar solid support. They have proven to be more robust and stable than other prevalent 

bilayers such as black lipid membranes (BLM), and due to their interfacial nature, allow for 

surface specific analytical techniques. Lipids in such structures are quite fluidic due to the 

10-20 Ǻ water layer which separates the membrane from the solid surface14. The water layer 

depends on surface properties of the substrate and so, there are restrictions on the surfaces 

that are suitable for this method; as they are required to be hydrophilic, smooth and clean14. 

Materials such as fused silica, mica and borosilicate glass have proven to work best, although 

others have been used successfully14. It has been observed that the hydrophilicity of the 

support is an important factor for bilayer formation and fluidity, although surface roughness 

also plays a role and surfaces with significant nanoscale features do not support a continuous 

bilayer16. 

There are three main methods to create SLBs. Of these, the first consists of the transfer of 

amphiphilic molecules from an air-water interface to a solid substrate, which is commonly 

done using a Langmuir-Blodgett (LB) trough. The lower leaflet is created using the LB 

method while the upper leaflet is created using the Langmuir-Schaefer method. The LB & 

Langmuir-Schaefer method allows for the creation of asymmetric bilayers. The disadvantage 

of this method is the difficulty in incorporating transmembrane proteins as they are exposed 

to the air and can become denatured14.  

The Langmuir-Blodgett method was developed by Irving Langmuir & Katherine Blodgett. 

This method utilises the ability of amphiphilic surfactants to self-assemble at an air/water 

interface. This method has become very commonly used due to four main reasons; 1) allows 

for precise control of the thickness of the monolayer, 2) allows for a homogenous deposition 

over a range of areas, even very large ones, 3) allows for the creation of multi-layered 

structures with a varied composition, and 4) works with most solid substrates.  

Solid support 

Phospholipids 

bilayer 
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Surface tension is very important for this method to work. Surface tension is created 

naturally due to the molecule’s cohesion; the attraction to each other, which should be equal 

in all directions. This results in molecules at the air/water surface to have an imbalance in 

this attraction as they have a larger attraction towards the liquid phase than the gaseous 

phase. This gives rise to interfacial free energy, as the molecules try to minimise the surface 

area. 

Amphiphilic molecules are widely applied to LB methods due to their ability to orientate 

themselves, so their hydrophilic end is in the liquid, and the hydrophobic end is in the air. If 

pressure is applied to compress these, they will form a close-packed homogenous monolayer, 

known as a Langmuir film. The length of the chain on the amphiphilic molecule effects the 

formation of this layer, long chains will crystallise on the surface, and too short a chain may 

form a micelle.  

 

Figure 8: Schematic diagram49 of a Langmuir Blodgett trough, where the barriers are 

compressing the monolayer to orientate themselves, while the scales measure pressure 

ensuring the collapse of the monolayer does not occur. 

The LB trough itself is typically made from Teflon, as this material is hydrophobic, 

minimising lipid adhesion and leakages. The barriers, as shown in Figure 8, are typically made 

of Delrin, which is hydrophilic and heavy, preventing the monolayer from going under the 

barriers, or they may also be made from Teflon. The Wilhelmy-plate method is commonly 

used to measure surface pressure (П). This is comprised of a plate being partially suspended 

within the subphase (scales section in Figure 8), the acting force due to the surface tension 

can then be determined. Thin plates are commonly used due to higher sensitivity. Plates can 

be made of glass, silicon, filter paper etc. The surface pressure is equal to the surface tension 

of the liquid alone (γ) minus the surface tension with the monolayer (γ0). 
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For the amphiphilic monolayer to be transferred/deposited from the trough to the solid 

substance, the surface pressure is kept constant as the sample is dipped vertically and then 

removed. The speed of dipping and removal may affect the absorption of the monolayer 

onto the substrate (Figure 9). The pressure is critically important to ensuring film packing, 

usually pressure below 10 mN/cm is ineffective and above 40 mN/cm, film rigidity can pose 

difficulty and can lead to film buckling. The transfer ratio is the quantity and quality of the 

deposited monolayer on the substrate. This is the decrease in the monolayer area during a 

deposition stroke and the area of the substrate. Ideally, this will equal 1 but is often not the 

case. It is also possible to orient the solid substrate horizontally with respect to the monolayer 

during dipping; this is known as Langmuir- Schaeffer. 

 

Figure 9: Schematic diagram showing the process of monolayer deposition using Langmuir 

Blodgett technique. 

The second method is the easiest and most versatile method. It is the adsorption and fusion 

of small unilaminar vesicles from an aqueous suspension to the substrate surface. These 

vesicles fuse to each other and will then rupture to form a planar supported bilayer. There 

are various methods to do this. One of which involves the extrusion of multilaminer vesicles 

through a porous polycarbonate membrane under high pressure. Another method consists 

of sonification and ultracentrifugation of the aqueous lipid suspension. The quality of the 

resulting bilayers by all these methods are subject to factors such as the vesicle size, surface 

charge, roughness, cleanliness, the solution pH, ionic strength and the osmotic pressure. The 

incorporation of transmembrane proteins is achieved through a gentle process such as 

detergent removal via dialysis50. 

  



 
24 

 

The third method is a combination of the previous two methods, where the monolayer is 

created using the LB and the upper layer using vesicular fusion. This combination of 

methods allows for the formation of asymmetric bilayers with incorporated transmembrane 

proteins. Other development methods include spin coating, microcontact printing, solvent-

exchange deposition and evaporation induced assembly 50. 

Single lipid bilayers have been extensively studied and exploited over the years. This ranges 

from monitoring the lipids51 themselves, to incorporating proteins52, to growing crystals53,54 

on them. The LB technique has been commonly used for the development of SLB’s. For 

example, Leverette et al. created phosphatidylcholine (PC) bilayers on planar gold substrates 

for Raman and infrared reflection-absorption spectroscopy interrogation. Through this, they 

were able to obtain structural information on their bilayer system55.  

Asymmetric supported lipid bilayers have also been created by using LB/Langmuir Schaeffer 

technique. Yuan et al. monitored the movement and rearrangement of 1,2-dioleoyl-sn-

glycero-3-phosphocholine (DOPC), 1,2-dioleoyl-sn-glycero-3-phospho-L-serine (DOPS) 

and 2-dipalmitoyl-sn-glycero-3-phosphocholine lipids on mica-on-glass substrates, through 

AFM and total internal reflection fluorescence microscopy. They tracked lipid molecules for 

48 hours and found that the fluorescent dye movement was independent of lipid 

movement56. 

Vesicle fusion methods are attractive as they also can allow for asymmetric lipid bilayer 

compositions and for the incorporation of proteins16. They also allow for bilayer formation 

within a controlled patterned formation, which could be exploited for biosensing. Lenz et 

al. formed bilayers onto grid-patterned Polydimethylsiloxane (PDMS) using this method. 

Using fluorescence microscopy studies, they observed that the bilayers only formed on the 

2 x 2 mm squares of interest57. In another study, Kam et al. used vesicles in the development 

of a microfluidic device. They reported using laminar flow to apply, remove and reconstruct 

lipid bilayers on a glass surface, shown in Figure 10. Mixed lipid compositions were formed 

onto the glass substrate. By applying an electric charge through electrophoresis, the charged 

lipids were caused to migrate unilaterally, as shown by the red lipid movement in Figure 10. 

The charged lipids were then stripped, and new lipids were applied on the bare surface58. 

This method could be highly useful for biomolecule targeting. 
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Figure 10: Schematic diagram of the method used by Kam et al. for micropatterning and 

stripping of lipid bilayers. A) Lipid bilayer was created by vesicle fusion and is confined 

within microfabricated barriers. Red marked lipids correlate to charged lipids and green to 

neutral lipids. B) electric field is applied, resulting in the migration of the charged lipids. C) 

a stream of stripping solution was applied, removing the charged lipids. D) a new species 

was then applied58. 

1.2.3 Tethered and Cushioned Lipid Bilayers 

Tethered lipid bilayers are very similar to SLBs but include a connector between the bilayer 

and the substrate29. They have proven to have long-term stability of up to months and allow 

for two dimensional fluidity due to the exposure of the bilayer to aqueous reservoirs on both 

sides59. There are two main “tethering units” used; alkanethiol and polymer tethers. Both 

tethering methods are shown in Figure 11. Alkane thiols were originally used due to their 

self-assembly capabilities and strong affinity to metals60. In fact, thiols spontaneous assemble 

on gold has been studied in great detail over the years and have been proven to be stable for 

long periods, even years at room temperature60. Long chained thiols have proven to be more 

thermally stable on gold than their shorter chained counterparts. A looser packing is also 

observed in shorter chain lengths (n<8)60, this is because of the importance of lateral Van 

Der Waals bonding along the monolayer chain which contributes to the overall bonding 

energy of the self-assembled monolayer (SAM). 

Polymer tethering, shown in Figure 11, is where the lipid vesicles fuse upon a layer of 

polymer macromolecules, forming a bilayer. These are supported rather than tethered to the 

substrate and is known as cushioned lipid bilayers61. This support also provides a sufficient 

enough distance to host transmembrane proteins and to allow ion transport59. Thiolipid-

based tethered bilayers are suitable for electrochemical applications and are therefore very 

appealing to many, as the solid substrate has the ability to act as an electrode.  
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The use of peptides as a tether has also been demonstrated as an attractive method for 

membrane protein investigation. As shown in Figure 11, this consists of incorporating a 

protein into the lipid bilayer. Chadli et al.62 demonstrated protein tethering by using α-laminin 

thiopeptide as their tethering peptide, where an N-terminal allowed for its binding to gold 

and its C-terminal was modified with four histidine residues. They showed successful 

spanning of varying lipid composition in various ratios that contained the lipids such as, PC, 

phosphatidylserine (PS), phosphoethanolamine (PE), sphingomyelin (SM) and CH. They 

then inserted a membrane protein and through AFM and fluorescence recovery after 

photobleaching found that the membrane remained fluid and continuous. 

 

Figure 11: Schematic diagram of different variation of tethered lipid bilayers on solid 

supports59. 

Steinem et al. reported the successful formation of thiol tethered lipid bilayers on gold 

substrates by impedance investigation22. This lead to Keyes et al. work, which has shown 

success through the use of thiol tethered lipid bilayers on gold microcavities, where the 

bilayer is formed through the LB technique and vesicle fusion17,21,27. They reported DOPC 

bilayer stability on gold microcavities for up to 6 hours through electrochemical 

interrogation18. These bilayers allowed for electrochemical study of drug-membrane 

interaction of nonsteroidal anti-inflammatories, antibiotics and bisphosphonates, allowing 

for the detection of adsorption and weak penetration of the drugs17. The cavities have the 
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added advantage of allowed for study through microscopy due to the pore size of the cavities 

being substantially large enough. 

Im et al. showed similar work with lipid membranes spanning 200 nm diameter sized pores. 

As shown in Figure 12, lipid bilayers created by vesicle rupture are spanned over gold 

nanopore arrays, which allowed them to use surface plasmon resonance sensing. They report 

observing a red-shift in resonance attributed to the incorporation of transmembrane proteins 

to the bilayer63.  

 

Figure 12: Schematic diagram showing a single channel PDMS flow cell used by Oh et al. 

for lipid membrane measurements63. 

1.2.4 Droplet Interface Bilayers 

Droplet interface bilayers (DIBs) are a recent technique, which allows for the formation of 

multiple bilayers in parallel. A shown in Figure 13, there are two methods for the formation 

of these bilayers; I) deposition of an aqueous droplet on a lipid–solvent mixture, resulting in 

a “lipid-out” assembly. Or II) deposition of lipid vesicles on organic solvent, “lipid in”. These 

droplets spontaneously form a lipid monolayer which may then collide and form a bilayer29. 

This has proven to be a robust technique which produces DIB’s that can last from days to 

weeks64 and is commonly used for investigations on the ionic flux through membrane pores 

in bilayers. For example, Leptihn et al. used DIBs to study ion channels through electrical 

activity65. Whereas, Castell et al. used the Ca2+ flux in a DIBs array, to quantify the membrane 

protein α-hemolysin’s inhibition through fluorescence measuremtns66. 
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Figure 13: Schematic diagram of the formation of A) lipid-out and B) lipid-in droplet 

interface bilayers. Where A) Lipids form a monolayer on aqueous droplets when submerged 

in an oil-lipid solution. Droplets then come together to form a bilayer. And B) consists of 

vesicle filled aqueous droplets in an oil reservoir. The lipids fuse to the oil-water interface 

and form a monolayer. Droplets may then bind to form an asymmetric bilayer64. 

Due to their method of formation asymmetric bilayers are possible, as shown in Figure 

1364,67. One study, incorporated proteins into their asymmetric DIBs and reported that they 

observed differences on outer membrane protein G’s behaviour, depending on which side 

of the droplet it was inserted into67. Maglia et al. used asymmetric DIBs for the screening of 

membrane proteins by developing protein pore incorporated DIBs. This pore contained 

diode like properties, which allowed for them to develop a droplet network that could 

process electrical inputs68. 

1.2.5 Domains, Rafts and Proteins in Lipid Membranes. 

 

 

Figure 14: Diagram depicting liquid ordered phases formed in the presence of cholesterol 

and saturated lipids, and liquid disordered phases which can occur due to mono-unsaturated 

or poly-unsaturated lipids. And an image of the resulting nanodomains when both liquid 

ordered and liquid disordered phases occur in the bilayer69. 
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The lateral and transversal distribution of lipids within lipid membranes is heterogenous and 

diverse and can result in domain formation70. Due to the variation in melting temperatures, 

depending on lipid chain length and degree of saturation and the presence of sterols, 

different classes of lipids are in different physical states, at different temperatures. Lipids 

may be more “fluidic”, when there is low in-plane viscosity and a high number of chain 

defects or they form a “gel” phase, where there are few defects in the hydrocarbon chain 

and the domain has a higher viscosity71.  

As shown in Figure 14, the heterogeneous distribution of the lipids can result in liquid 

ordered and liquid disordered regions. Liquid ordered regions consist of tight packing of the 

acyl chains of the lipids, while also obtaining high lateral mobility of the lipids. A schematic 

example of cell formation of microdomains is shown in Figure 14. The cell can form 

domains such as caveolae, which are small cholesterol-rich domains of 60 nm diameter 

associated with membrane protein caveolin70.  

Ternary lipid compositions, typically rich in sphingolipids and CH, have been observed to 

form lipid “rafts”72, where a CH rich domain is formed with order-preferring lipids70. Rafts 

have been observed to occasionally not contain sphingolipids, however must contain 

cholesterol71. Originally the formation of these rafts was considered to be driven by 

membrane proteins; however, a study completed by Sevcisk et al.73, on immobilised raft 

proteins and saw that it had no substantial effect on the membrane environment, suggesting 

lipid domain formation is driven by the lipids themselves71. Identifying rafts and 

microdomains within living cells proved difficult for numerous years70, however more recent 

studies are utilising fluorescent probes to observe liquid ordered phases in cells20,74,75. 

Due to the tighter packing observed in liquid ordered phases, studies have found that the 

diffusion rates are approximately 3-5 fold slower than in disordered regions76. The 

incorporation of sterols into fluidic membranes results in membrane thickening. Differences 

in membrane thickness are proposed to aid in membrane proteins cellular locatisation77,78. 

These are elements that would ideally be included for the development of an advanced 

biomimetic membrane, specifically if proteins are to be incorporated in the future.  
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To incorporate proteins within a plasma membrane methods such as nanodisks79, lipsomes80, 

SLBs81, to name a few, have been used. Polymer tethered planar lipid bilayers removed the 

issues seen with bilayers directly on a support such as SLBs, which did not allow for 

membrane proteins to diffuse in the plane of the membrane82. A study by Kung et al. 

incorporated proteins through a pattern mixing of the lipid and the protein for the bilayer. 

As shown in Figure 15, one method they used comprised of printing proteins onto glass and 

used vesicle fusion to fill gaps between the proteins to form a SLB. They also reported 

removing patterned regions from an already created lipid bilayer and exposing the bilayer to 

proteins, which then fill the newly formed gaps52. This could be of great interest for cell-

based assays and membrane studies. 

 

Figure 15: Schematic diagram of the methods used by Kung et al. to created protein 

incorporated bilayers. A, B and C show the proteins being deposited onto the glass substrate 

and vesicles disrupting in the patterned gaps between the proteins. D, E and F show a bilayer 

formed on the glass substrate where sections are removed. Proteins are then introduced to 

fill the newly formed gaps in the bilayer. 

1.3 Current Membrane Permeability Models 

The capacity to anticipate how a compound may interact with a cell membrane is of great 

importance in pharmaceutical and cosmeceutical research. Current models are limited for 

the reasons explained below. Currently, the most commonly used models are PAMPA and 

In Vitro cell monolayer models. The permeation of anti-cancer drugs through the cellular 

membrane is vital in chemotherapeutic design, as most drugs are only cytotoxic once it 

reaches the cell/tumour interior. Anthracyclines, the focus of this proof of concept study, 

are known to passively diffuse across the membrane83,84.  
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There are a number of mechanisms by which a drug may enter or pass through a cell, such 

as intracellular, paracellular, passive diffusion and active transport. Intracellular transport 

such as endocytosis, which occurs within the cell itself, involves the uptake of nutrients and 

is a regulator of signalling. Endocytosis consists of the formation of an intracellular vesicle 

by invagination of a plasma membrane85. Molecular motor proteins will then carry these 

along microtubules86. Currently, this mechanism is exploited with nanoparticles for drug 

delivery, though there are difficulties in optimisation, as the uptake is cell-type dependent 

and can vary depending on size and charge of the nanoparticles85.  

Another major difficulty posed in drug delivery is avoiding lysosomal degradation. 

Lysosomes have three main functions; post-translational maturation of proteins, degradation 

of macromolecules and cellular release of enzymes. Impeding the lysosomal activity results 

in a build-up of undegraded molecules which then induces apoptosis87. This provides 

difficulty in drug delivery. Active transport requires energy for movement, typically it is 

mediated through the membrane protein which is activated by ATP. 

Paracellular transport is the transfer of substance between cells (transcellular transport is the 

transfer through a cell). It is the main transport route for hydrophilic drugs and is governed 

by tight junctions (TJs), e.g. transmembrane proteins and cytoplasmic plaque proteins. TJs 

are multiple unit structures composed of multiprotein complexes. These multiprotein are 

affiliated with an underlying apical actomyosin ring. Their main function is to regulate the 

trafficking of nutrients and medium sized compounds. When paracellular transport is 

exploited for drug delivery, an absorption enhancer is typically added to the drug. It has been 

found that transient opening of the TJs is optimal over the disruption of the cell membrane 

(intracellular), as it is less damaging and so is considered in drug delivery design for targets 

such as the gastrointestinal tract88.  

Passive transport is the non-activated movement of a substance through diffusion, typically 

due to a concentration gradient. It is understood that the more lipophilic a molecule is, the 

more readily it will pass through the membrane, this is known as Overton’s rule89. It is 

thought that the membrane permeability is proportional to the membrane diffusivity and the 

oil/water partition coefficient of the permeating species. This is commonly exploited to 

estimate membrane permeability towards specific drugs. Artificial membrane models such 

as PAMPA are then required to test these estimates. Passive transport is the primary route 

most orally delivered drugs use to enter our circulation. Due to this, it is vital to accurately 
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determine the permeation of the drug and why our model, that should mimic passive 

transport, is of great interest. 

Ideally, our model can be altered to mimic healthy and diseased membranes. Information 

about the blood-brain barrier and how a drug interacts with it is vital. Development of a 

model that can accurately depict these interactions would allow for crucial information to be 

obtained which is key to Alzheimer’s research etc. 

1.3.1 Lipophilicity Models 

Drug discovery requires numerous investigative steps from preclinical to clinical testing 

before it is even considered for human testing. As these steps are progressively costly, it is 

important to be able to identify parameters such as target identification, target selection and 

target validation, at very early stages1. The estimation of a drugs solubility and permeability 

are vital to this and are approached both computationally and experimentally. Computational 

methods include modelling of molecular dynamics etc90. Typically, the initial steps of 

experimental analysis are completed by obtaining a drug’s logD, LogP, pKa, etc., to 

determine the lipophilicity and solubility of a drug.  

Lipophilicity indicates the drugs ability to dissolve into non-aqueous solutions, which is of 

interest as it indicates the permeation ability of the drug. Drugs require lipophilicity within a 

certain window, as if they are too lipophilic they may remain trapped within the membrane91. 

Whereas if they are too lipophobic, they may not permeate the membrane. Lipophilicity is 

typically measured through partition coefficient (LogP) which indicates the distribution 

between an aqueous and organic phase. The distribution coefficient (LogD) can also be 

calculated, which considers the ionised and unionised forms of the drug and is completed at 

various pH’s. The acid-base dissociation constant (pKa) is vital as it can influence the 

lipophilicity, solubility, protein binding and permeability for the drug92. Unfortunately, 

computational work & LogP can only give an estimation and may not be accurate for the 

drug or for the complexity of the bilayer. Currently, PAMPA and cell-based assays are widely 

used to experimentally determine drugs permeability. Ideally, these results should agree with 

the calculated LogP etc.  

  



 
33 

 

1.3.2 Parallel Artificial Membrane Permeability Assay 

PAMPA is a membrane-based assay commonly used in industry and consists of two 

microwell plates, as shown in Figure 16. One of these plates contains a porous filter disk at 

the bottom of each well. The other plate sits under the first plate so that they are in contact 

and is known as the reserve plate. The filter is coated in an inert organic solvent containing 

lipid material, to prepare an artificial membrane. One plate is filled with the donor solution, 

i.e. the drug of interest and the other, the acceptor solution, i.e. buffer. The plates are then 

stacked and incubated. The drug concentration in the wells is then detected by UV or LC-

MS, permeability is then calculated.  

PAMPA is limited as it can only determine passive diffusion, though this is still of great 

interest for most drugs. It has proven successful at acidic pH such as pH 412, this is of interest 

as low pH’s are a limitation in cell-based assays. PAMPA does not exploit a true lipid bilayer 

but a solution of lipid that contains a solvent. Therefore, the organisation of the lipid at the 

porous filter is unlikely to be a true bilayer and can be considered a poor mimic of a lipid 

membrane. PAMPA also does not fully correlate with data obtained through cell-based 

assays on permeability, this is discussed further below. 

 

Figure 16: Schematic showing the basic setup of PAMPA93. The drug is placed within the 

donor well and separated from the acceptor well by a membrane containing lipid material. 

Post incubation the amount of drug within the acceptor well may be quantified. 
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1.3.3 Cell-Based Assays 

Cell-based assays such as Caco-2 are permeability assays which are typically used to predict 

in vivo drug permeability in the intestine. Caco-2 cells are human adenocarcinoma colon 

cells grown on porous polyethylene terephthalate membranes in 12 well plates. They simulate 

intestinal enterocytes. Even though they have been commonly used as a permeation model, 

they contain an overexpression of P-glycoprotein due to it being a cancerous cell line, which 

has been demonstrated to effect permeation studies94. Caco-2 can also only be used to 

examine passive drug transport as it contains a low expression of carriers and small pore 

size, meaning it is not a good model to demonstrate carrier-mediated and paracellular 

transport. Caco-2 assays are typically done in “Hanks balanced salt solution” like buffers11, 

this can cause difficulties as most lipophilic drugs have poor solubility in these buffers. 

Various approaches have been attempted to try to increase solubility with minimal other 

effects, one method is the addition of proteins such as bovine serum albumin11.  

In recent times, Madin-Darby canine kidney (MDCK) cells have become increasingly 

popular as a replacement for Caco-2 cells due to their faster growth rate. When these cells 

are grown on semi-permeable membranes, they have been known to differentiate into 

columnar epithelium and form tight junctions95. MDCK are obtained from dog kidney cells 

meaning they are not true human cells but have many common shared epithelial cell 

characteristics as Caco-2. Similar results are also observed between the two cell lines for 

passive diffusion, which has led to MDCKs increasing popularity as a cell-based assay95. 

There are a number of disadvantages to cell-based assays, these include; the heterogeneity of 

cells, their membranes and proteins from cell to cell, even within the same culture. The high 

cost and slow assay time. Cell-based models also exhibit great discrepancies in results which 

may prove highly costly in a drugs development. A study was reported, comparing the 

literature values of CACO-2 at pH 7.4 with PAMPA values obtained at pH 7.4 and pH 5.5. 

The apparent permeability coefficient (Papp), obtained by Equation 1, of the two showed 

great variations for numerous drugs including doxorubicin and ibuprofen, where the former 

showed 0.16 cms-1 for Caco-2 and 0.5 cms-1 for PAMPA at pH 7.4, while the latter had 52.5 

cms-1 for Caco-2 and 6.8 cms-1 for PAMPA pH 7.4 and 10.8 for pH 5.596. This study reflects 

the great discrepancies between the two methods, which indicates the limitations of PAMPA 

in reflecting cellular uptake. Although it does give an indication of which drugs are 

permeable. They also observed false negatives, where a drug shows poor results in the 

models whereas in vivo prove to be extremely permeable and vice versa. As these models 
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are timely and costly, reducing the number of unsuitable drugs reaching this stage in 

development is of great interest and why our proposed model may prove to lead to a 

significant increase in successful drugs reaching later stages in drug discovery. 

𝑷𝒂𝒑𝒑 = (
𝒅𝑸/𝒅𝒕

𝑪𝟎𝒙𝑨
) 

Equation 1: Permeability coefficient (Papp) for a Caco-2 assay. Where dQ/dt = rate of 

permeation of drug across the cell. C0 is the donor compartment at time zero, a = area of cell 

monolayer97. 

1.3.4 Other Permeability Models 

Other methods used to determine permeability are Immobilised Artificial Membrane 

Chromatography (IAMs), Immobilised Liposome Chromatography (ILC), Liposome 

Electrokinetic Chromatography (LEKC) and Permeapad. IAMs consists of a stationary 

phase where monolayers of phospholipids are covalently immobilised onto a silica surface. 

This is a mimic of a fluid cell membrane on a solid matrix. This stationary phase has a typical 

lifespan of 3 months before it begins to deteriorate.  

ILC is where the stationary phase is gel beads with noncovalently immobilised phospholipid-

based liposomes. The method allows for different chemical compositions to be easily and 

reversibly immobilised on the gel supports. LEKC consists of liposome incorporated buffer 

that acts as a pseudostationary phase, and is used for drug-membrane interaction detection, 

where the retention factor correlates to the lipophilicity of the drug. This method allows for 

the use of a variety of lipids, meaning the system can be as biomimetic or as simple as the 

study requires, where even proteins have been previously incorporated91.  

Permeapad is similar to most permeability assays, where it measures the transition kinetics 

of the drug from a donor compartment through a barrier into an acceptor compartment98. 

It consists of phospholipids deposited between two support sheets99, two chambers and a 

detection method (typically UV-Vis). It is an easy to use, cost efficient method that has 

proven to have a higher resistance to pH changes than other current methods98. All these 

methods have their own advantages, but none can be considered fully biomimetic, as except 

for LEKC, none incorporate true bilayers into the analysis. 
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1.4 Gold Microcavity Arrays & SERS 

Raman and fluorescence spectroscopy are among the key spectroscopes that have shown 

enhancement by plasmonic interaction with metal substrates100,101. Gold and silver are two 

metals that are most commonly employed as substrates for plasmonic enhancement. For 

plasmonic enhancement, the metal must have a localised surface plasmon, meaning, the 

substrate must be nanostructured. This has led to the manipulation of metals to form 

nanoparticles, nanocavities, nanorods and much more23. Raman spectroscopy, fluorescence 

and fabrication methods shall be discussed below. 

1.4.1 Microcavity Arrays 

For the creation of a supported lipid bilayer, a suitable substrate was required. Typically, glass 

has been used; however, gold has also proven to be suitable27,102 As we needed a substrate 

that was both plasmonically active, for metal enhanced Raman and fluorescence 

spectroscopy, that could support a fluidic bilayer and had a volume for capture of reagent 

following diffusion across a bilayer, we used gold microcavities arrays. When microcavities 

were prefilled with buffer, they were found to provide an aqueous layer that allowed for the 

successful spanning for the bilayer while also allowing for SERS enhancement27. As shown 

in Figure 17, the cavities were created using a “nanospheres lithography” method prepared 

by creating a mask using submicroscopic colloidal polystyrene particles103. Gold was then 

electrochemically deposited around this mask. Once the mask was removed, hexagonally 

packed cavities remain. 

Metal microcavities have been previously reported to show significant plasmonic 

enhancement in both fluorescence and Raman104,105. In one study by Jose et al. it was 

observed that there was significant enhancement localised in the bottom of the cavity once 

a solution of [Ru(bbpy)2(Qbpy)]2+ was sonicated in104. This study determined that these 

cavities were slow to fill, and sonication was the only method to successfully remove the air 

pocket that accumulates at the bottom of the cavity. They also observed that surface 

quenching was not as large an issue as it was on planar gold104. 

The hemi-spherical cavity architecture is a key advantage as it results in the confinement of 

the plasmonic field within the cavity104. The distribution of the plasmons and the plasmon 

energy are controlled by the size, aperture and thickness of the cavity. Microcavities have 

also proven to provide a reproducible surface enhanced Raman27,106. The cavities are also 

reusable, with long-term stability making them very appealing as a SERS substrate. 
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Figure 17: Schematic of the nanospheres lithography process where in step 1: spheres are 

deposited creating a mask and step 2: gold is deposited around the spheres and then 

removed.107 

1.4.1.1 Templated Sphere Assembly and Lithography 

Templating sphere lithography is a key technique used to reproducibly create micro-arrays. 

The Nanolithography method was first described in 1981 by Fischer & Zingsheim107. It was 

observed that once all the solution containing the colloidal particles had evaporated from a 

glass plate, a monolayer of hexagonally packed spheres had occurred. Over the past number 

of years, this has been studied in detail107–109, and it is now understood that this formation 

occurs in two main steps. When the particles are placed on a surface, they will self-assemble.  

Depending on the conditions such as temperature, substrate etc., they may arrange randomly 

or form hexagonally and close-packed, which is desired in arrays. In the first step of this self-

assembly, a nucleus is formed. This is caused when the solvent layer approaches the 

dimensions of the diameter of the particle. The tops of the particles are deformed as they 

protrude from the liquid surface; this is due to surface tension effects that pull the spheres 
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together. In the latter step, the solvent evaporates from between the spheres resulting in 

particle transport towards the nucleus, resulting in a SAM. The surface can then be exposed 

to an ion beam or vacuum deposition of the chosen metal. The colloidal particles may then 

be removed. In ion beam methods, isolated posts of the substrate material will be seen, while 

through vacuum deposition, a thin holey layer of film or triangular elevated structures in a 

honeycomb pattern, may be observed103.  

In the past, there were two main methods used for the fabrication of these colloidal particle 

monolayers. The most popular method used by industry was one developed by Dimitrov & 

Nagayama110,111. The method consisted of dipping a glass plate vertically into a solution 

containing the colloidal particles of interest and then slowly removing the plate. Temperature 

and humidity have a large influence on the method, and so tight environmental control were 

required. This method typically achieved reproducible results and has led to its exploitation 

for numerous uses. For example, Dugay et al. used the “dip-coating” method for the 

deposition of CoFe carbide magnetic nanoparticles on substrates. This was completed by 

utilising a coupled glovebox sputtering system under an inert atmosphere to prevent 

oxidisation, which was a major issue with these particles. Through altering withdrawal speed, 

surfactants concentration and the substrate’s surface, they achieved self-assembly in both 

thin films and stripe formations112. The use of LB deposition for “dip-coating” has been 

applied numerous times with great success for the formation of close-packed 

nanoparticles113–116. This has ranged from the use of iron oxide114,115, silver116, gold117 and 

polystyrene spheres118.  

A variation of this method is the “evaporation” or the “air/water interface” method, where 

the evaporation of the solution results in the colloidal spheres self-assembly onto the 

substrate. This has been used from simple application of droplets102,119 onto a surface, to 

within microfluidic systems120. For example, Lone et al. used PMDS to create microfluidic 

channels and introduced the sphere solution. The method is illustrated in Figure 18. As the 

sphere solution began to evaporate, it resulted in the higher particle concentration, which 

aided in the formation of continuous packing120. 
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Figure 18: Schematic diagram of deposition process within microfluidic systems used by 

Lone et al120. Sphere solution was loaded into the reservoir and flowed through the designed 

channels. As it began to evaporate, the spheres self-assembled into a closed-packed 

monolayer. 

However, methods using “evaporation” often experience issues with sphere packing. Such 

as the development of the “coffee-ring effect”, concentric rings or an amorphous stain, an 

example of each is shown in Figure 19. This is typically due to the packing of the spheres at 

the outer drying line. The process has been well studied over the years, and it is now an 

accepted phenomenon for the particles to move radially outwards towards the outer drying 

line as it evaporates when on a hydrophilic surface121–123. Studies have also found that spheres 

of nanometric size tend to move outwards, whereas larger particles of micrometric size will 

locate towards the centre of the droplet122,123. A study by Morales et al. investigated how non-

ionic surfactants effected the evaporation and the resulting pattern assembly. They found 

that the surface tension dropped as surfactant concentration was increased, where concentric 

rings occurred at high surfactant concentration, amorphous at low surfactant concentration 

and coffee-ring in between124. Meaning, depending on the application, the packing formation 

of the spheres may be varied. 
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Figure 19: Representative image of the deposition patterns observed through droplet 

deposition. From left to right: amorphous stain, coffee ring stain and concentric rings. These 

patterns were observed to occur as the surfactant concentration increased124. 

Another method reported by Halteen & Duyne and was known as the “spin-coating” 

procedure. A double or single layer of polystyrene (Ps) spheres were added by varying 

particle concentration and spin speed resulting in close packing. For example, Hulteen et al. 

used spin coating at 3600 rpm to create monolayers and double layers of Ps spheres. They 

attempted this at a range of sizes; however, they found 264 nm to give the best results, where 

90 % of the time, resulted in near-total coverage. They reported that increasing the sphere 

concentration in their deposition solution resulted in double layers108. Cheung et al. 

demonstrated a method of using spin-coated Ps masks to create nanopillar arrays. Schematic 

diagram of their method is shown in Figure 20. 500 nm sized spheres were spun onto silicon 

wafers at three speed settings. They then used reactive ion etching to modify the spheres. 

Using “bosh” process, the exposed areas between the spheres was etched, resulting in 

nanopillars125. 

 

Figure 20: Schematic diagram showing the etching process used to create nanopillars from 

a spin-coated Ps mask. Oxygen plasma etching was used to change the size of the spheres 

followed by deep reactive ion etching to create the pillars125. 
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Both techniques, dip-coating and spin-coating, have the disadvantages of requiring a very 

smooth and hydrophilic substrate, and there is no control over the crystallisation process, 

meaning the results were not uniform.  

1.4.1.2 Cavity Formation 

Currently, one of the most commonly used methods for the creation of microcavities is the 

polystyrene sphere templating through electrochemical or vapour methods, which deposits 

a layer of the substrate of interest, such as gold or silver. The substrate fills in the space 

between the spheres, leaving a micro-cavity array when spheres are removed126, as seen in 

Figure 17. Electrochemical deposition is the method that was used to complete the studies 

reported here. Using spheres in these methods are useful as they restrict where the deposition 

process may occur and prevents any chemical modification from occurring beneath the 

spheres where it would be unfavourable. The size of the spheres determines the size of 

cavity, while the amount of charge used during electrochemical deposition will determine 

the depth of the layer and thus the aperture of the pore104. The substrate may be modified 

prior to sphere deposition with cysteamine to improve packing. This increases the substrate-

particle reaction as the surface has a positive charge and the spheres are negatively charged. 

It also increases the wettability of the surface, further improving sphere packing 127. A study 

completed by Zhang et al. showed that increasing the cavity depth would also change the 

cavities hydrophobicity, where an increase in depth increased its hydrophobic state128. 

Electrochemical deposition was used here. Key advantages of this approach include tight 

control over the thickness of the layers, and the ability to produce thin supported layers, 

(which can lead to the fabrication of photonic mirrors, leading to more possible 

applications). No further processing steps are required beyond deposition and high 

temperatures are not needed with this methodology. Also, there was no shrinkage on the 

material105. One disadvantage of electrochemical deposition is that the lip of the cavities were 

rounded and not sharp, this may affect the measurement of the pore mouth, which was 

needed for determining film thickness105. However, this was not a disadvantage in our 

application, as sharp edges have been previously reported to result in membrane rupture61. 

Other lithography methods that are widely reported, though not applied here, include dip-

pen lithography, nanografting and conduction tip ARF writing. These have been used to 

create high-resolution nanopattern over small areas. In contrast, methods such as 

photolithography and laser lithography can create nanopatterns over large areas but lack the 

nanoscale resolution of the previous methods. Microcontact printing and nanoimprinting 
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have the advantage of both, having a high resolution over a large area, but specialised stamps 

are required for these methods109.  

The use of cavity arrays as a substrate for the spanning of a lipid membrane has been 

successfully and reproducibly demonstrated27. Many of the reports have demonstrated that 

bilayer over aperture are based on nano rather than micron dimensioned pores and for such 

substrates, electron beam lithography has been used, successfully spanned a bilayer over 

inverted pyramid cavities, which also allowed for the detection of a single protein129. Nano-

gratings have also been shown to result in successful bilayer spanning from vesicle 

disruption130, indicating a variety of gold structured substrates may be exploited as a platform. 

Extensive previous work has already proven that our proposed gold micro-cavities can 

successfully span a lipid bilayer18,102. 

1.4.2 Raman Spectroscopy 

Spectroscopy is commonly used to study the interaction of electromagnetic radiation with 

matter, this can be through emission, fluorescence, adsorption or in the case of Raman, 

scattering131. In Raman spectroscopy (RS), a single frequency of electromagnetic radiation is 

used to irradiate the sample100. The resulting scattered radiation is then measured as a 

function of its wavelength132. Figure 21 schematically represents the Raman process, where 

both Rayleigh and Stokes scattering can occur. Inelastic scattering occurs when the radiation 

of a single frequency causes the electrons surrounding the nuclei to become polarised into a 

short-lived “virtual state”, which then relaxes, resulting in the release of a scattered photon. 

In this process, the inelastic scattering exchanges energy to be passed on to the molecule, 

meaning the scattered photon will differ by a vibrational quanta as can be seen in Figure 21. 

When a molecule in the ground electronic state in the lowest vibrational level is then excited 

under laser irradiation to a virtual state, returns to the ground state. Conversely, if it reverts 

to a higher vibrational level than prior to excitation, this is referred to as Stokes Raman 

scattering. When the molecule is excited from a higher vibrational level within the ground 

state to the virtual state but returns to a lower vibrational level, anti-Stokes Raman scattering 

has occurred. The most prevalent scenario though, is where there is no change in vibrational 

state and the molecule reverts to the same vibrational level it originates from. This is elastic, 

or Rayleigh scattering and has the highest probability and greatest intensity.  

 



 
43 

 

 

Figure 21: Diagram of the scattering process. m indicates ground vibrational state and n is 

the first vibrational state100. 

An advantage of Raman spectroscopy, is that the incident radiation does not need to match 

the excitation energy required of the molecule, as would be the case in IR, and therefore a 

variety of excitation wavelengths can be used. Raman spectroscopy provides detailed 

molecular level information and a fingerprint spectrum that can be used for both molecular 

identity and for concentration. It is a non-destructive method meaning it is very useful in 

cases where only small volumes of sample are available or if the sample needs to be 

retained133. As Raman bands are narrow and have a smaller likelihood of overlap than in 

other spectroscopic methods, it is feasible to use this method for multiplexing134–136. Another 

key advantage of Raman spectroscopy is the ease with which it can be applied through 

microscopy. 

Although there are many advantages to Raman as an analytical method, it suffers from a 

number of drawbacks. Raman scatter is considered a weak process, as only 10-6 – 10-8 

photons will Raman scatter133. Additionally, the intensity of Raman scattering is influenced 

by the wavelength (λ) of the laser, where the intensity is proportional to λ-4.132 Raman can 

suffer from fluorescence interference, even from weakly fluorescent materials, which can 

lead to masking of Raman peaks by a fluorescent background137. NIR excitation causes less 

fluorescence than the visible region or UV, and better penetrability into biological samples.  

Due to these drawbacks, research into methods to improve Raman signal intensity were 

explored100. This resulted in other Raman techniques, where the most prevalent are 

resonance Raman or surface enhanced Raman. In resonance Raman, the exciting laser is 

coincident with an electronic absorption band from the sample100. RRS alone is useful, as it 
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provides up to seven orders of magnitude enchantment of Raman signal from the absorbing 

chromophore and so is very selective. Any interfering molecule would require to have both 

the same Raman band and similar excitation energy absorption as the analyte to cause 

interference133. However, the likelihood of resonance excitation is lower, and so can result in 

weaker signals. Higher power density and wavelengths can be used to overcome these weaker 

signals; however, this can cause burning or sample degradation.  

Surface-enhanced Raman spectroscopy (SERS) can dramatically improve sensitivity, up to 

20 orders of magnitude enhancement has been reported, and in some limited cases, even 

single molecule Raman was observed138. However, 5 to 8 orders of magnitude enhancement 

is more typically found for nanocavity array enhancement such as those used in this study139. 

SERS has the added advantage that it can reduce fluorescence interference, due to 

fluorescence quenching by the rough metal surface. SERS has resulted in the development 

of nanorods, nanoshells140 and other structured substrates from both gold27,104,141 and 

silver142,143 to enhance the signal. 

Surface enhanced resonance Raman scattering (SERRS), was also developed to improve 

sensitivity, it combines contributions from both of SERS and RRS, and can lead to 

summative improvement in enhancement factor13. SERRS differs from SERS, as it requires 

a chromophore. It measures the chromophores scattering, meaning the analyte may need to 

be labelled. This can gives rise to difficulty in finding a chromophore that excites at the 

required wavelength that corresponds with the plasmonic resonance144. Although this 

difficulty, SERRS is proving itself to be a valuable technique. 

1.4.2.1 Surface Enhanced Raman Spectroscopy (SERS) 

As described, a key limitation in the analytical application of Raman spectroscopy is the low 

probability of Raman scatter, leading to “weak signal”. A typical Raman scattering cross-

section is approximately 10-29 cm2 per molecule. When compared to other methods, such as 

absorption, where this value is around 10-18 cm2 (Ultraviolet) and 10-21 cm2 (Infrared) per 

molecule133, it can be considered very low. Surface enhanced Raman scattering (SERS) was 

first observed in 1973 from pyridine adsorbed on a silver electrode, but the implication of 

the enhanced signal was not fully understood until four years later23. It has been previously 

stated that SERS has the “potential to combine the sensitivity of fluorescence with the 

structural information content of Raman spectroscopy”139, meaning, SERS combines the 

molecular specificity of Raman spectroscopy with plasmonic enhancement pushing 

sensitivity to approach that of which is seen in fluorescence. 
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SERS requires the analyte to be adsorbed or orientated close to a metallic nano-structured 

interface. Such interfaces give rise to localised plasmonic modes, that when excited by a 

Raman excitation source, can lead to dramatic Raman scatter enhancement23. These metal 

nanostructures act as “resonators”, enhancing the electromagnetic (EM) field of the incident 

light. Plasmons arise at the metal surface from the mobile electron density, characteristic of 

metallic bonding, propagating across their surface. Surface plasmons are the coherent 

oscillation of these conduction band electrons; they can be excited at resonance frequency, 

i.e. when the incident light wavelength matches the plasmon frequency, then they can absorb 

and scatter (and emit) light. 

Gold and silver have plasmon resonance frequencies in the visible spectral region and so 

have been widely used for SERS. Silver was found to be plasmonically more active than gold, 

but gold is more inert, which is an important consideration, particularly for biological 

applications. These differences are minimised in the red- to near-infrared region and the 

enhancements become similar23. Figure 22 shows the two important types of surface 

plasmons (SP), propagating surface plasmons and localised surface plasmons. Localised 

surface plasmon resonance occurs when an electromagnetic wave of a specific frequency 

interacts with the free electrons of the metal surface, this results in a negatively charged cloud 

which oscillates at a resonant kinetic energy creating a plasmon, i.e. a near field effect of an 

electric field occurs due to a coherent movement of all free electrons. This is restricted to a 

region between 10-50 nm from the surface145. Propagating surface plasmons are evanescent 

EM waves that are bound between the interfaces of the smooth metal surface and the 

dielectric layer146. They arise from the oscillations of the conduction electrons in the metal 

147. High dielectric interfaces i.e. poor conductors of electric current/ high polarizability, are 

required for propagating SP due to mismatch in momentum. 

 

 

Figure 22: Schematic illustrating propagating and localised surface plasmon resonance148. 
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Augmentation of the electric field of the incident light by localised SP’s at nanostructured 

metal surfaces leads to SERS enhancement of molecules oriented within the resulting electric 

field “hotspots”, which is referred to as the electromagnetic enhancement mode of SERS. 

In addition to electromagnetic enhancement, a second route of SERS enhancement is also 

believed to occur, referred to as the chemical mechanism. This process is considered the 

weaker contributing component of the two mechanisms. Chemical enhancement is believed 

to occur through a process analogous to resonance Raman spectroscopy, where at metals, a 

charge transfer transitions between the highest occupied molecular orbital of the analyte 

molecule and the fermi level of the metal. This method of enhancement is expected to be 

confined to species chemically adsorbed at the metal-interface. 

Many nanostructured surfaces have been shown to generate localised plasmonic regions that 

effectively focus the incident and excited plasmonic electric fields; these are known as hot 

spots. Hotspots are particularly found in the gaps between two particles or at sharp edges 

and tips of metal nanostructures23. In the case of cavity nanostructures, localised plasmons 

were found to be trapped within the spherical cavities, where they are largely uninfluenced 

by the electric fields from the surrounding cavities149. 

Many detailed studies were completed on single-molecule detection through SERS and 

fluorescence by Kniepp138 and Moerner 24,150. In one SERS study, gold bowtie nanoantennas25 

were used to create specific hotspots to allow for an enhancement of 1010. It was also 

determined that the size of the gaps between the nanofeatures influences the intensity of the 

hot spots electric field. Marques-Gonzalez et al. report a study based on electromagnetic 

theory, which predicted that the distance between the nanostructures would determine the 

localisation of the hot spot field enhancement (Figure 23). Through precisely controlling the 

gap size between two metallic structures, it was determined that when the gap was decreased, 

the 1,4-benzendithiol signal was increased. Figure 23 shows the spectra obtained for three 

sample distances, and as can be seen, a dramatic increase in signal intensity occurs as the gap 

size is decreased. They then tested the theory using 4-aminothiophenol and similar results 

were obtained, indicating that there was a corresponding relationship between gap size and 

hot spots enhancement factors23.  

Another study completed by Chen et. al. demonstrated that not only does nanofeature gap 

size influence SERS enhancement, but the molecular location within the gap has an effect 

too. With the use of electron beam lithography, carbonaceous particles were placed at the 

bottom, on the side and at the top of a nanoslit on a gold substrate with a 15 nm slit gap and 
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5 nm edge curvature. When Raman spectroscopy was applied, it was determined that the slit 

with particles at the very bottom gave the largest enhancement factor151. As the particle 

decreased in depth in the slit, the enhancement also decreased, indicating that location within 

a hotspot will directly affect the enhancement factor. 

 

Figure 23: SERS spectra of 1,4-Benzendithiol at different metallic gap junctions a) 0.8 nm, 

b) 0.6 nm and c) 0.4 nm152, showing SERS intensity is highly influenced by the gap side, due 

to “hotspots”. 

Where analytes with a low Raman cross sections do not possess surface active groups, they 

can be difficult to detect using SERS. An approach to overcome this is to use an “Affinity 

coating”, to selectively capture the analyte of interest close to the surface, where it cannot 

itself adsorb23. Two common methods to add such capture layers include atomic layer 

deposition and molecular self-assembly. The former method is appealing, as a thin layer will 

result in less distance between the analyte and metal surface, hence not inhibiting the 

enhancement layer as much as a thicker layer would. Molecules commonly used for this thin 

layer include thiol based ones (self-assembly) which can lead to defects as photooxidation 

and thermal desorption occur, and aluminium oxide (atomic layer deposition) which is stable 

even under high temperature while still retaining its ability to interact with polar analytes23. 

Though this is an effective method to overcome difficulties with certain analytes, it removes 

some of the ability to control hot spot location23,107. 

Many factors need to be taken into consideration when choosing a plasmonic substrate for 

SERS, such as the stability and reproducibility both across a substrate and between 

substrates. If the substrate can undergo chemical reactions such as oxidation or changes due 
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to high temperatures and/or pressures, then it is not suitable. Ideally, the substrate must be 

inert and minimal interactions will occur between it and the analyte, while still being able to 

selectively capture said analyte. Nonetheless, because of the need for nano-structuring, 

nanofeature reproducibility, interferences from matrix molecules, and improvement required 

in sensitivity and specificity detection, SERS based assays and platforms are not commonly 

used for sensing or analysis. However, the aforementioned combination of sensitivity and 

detailed structural insights make SERS a particularly attractive prospect for analytical science 

but improvements in the above issues are required153. 

In the present work, in chapter 2, the improvement of the reproducibly of the substrates was 

addressed by optimising existing sphere templating methods to reduce instances of poor of 

discontinuous packing. The size and shape of the cavities are known to influence the 

enhancement, and therefore electric field simulations were completed to ensure optimal 

conditions are used. The sphere templating method used here was proven to provide 

reproducible uniform hexagonal close-packing of the spheres154. Meaning, identical cavity 

arrays should be obtained, however nanoscopic variations such as the internal roughness of 

the gold within the pore will still occur. As the study will focus on one cavity pore during 

measurements and not multiple pores, variation across the pores should not be encompasses 

within the interrogation area. However, some variation will still occur form substrate to 

substrate and absolute emission enhancement will be influenced.  

1.4.3 Metal-Enhanced Fluorescence Spectroscopy (MEF) 

Luminescence is the emission of light as a substance in an electronically excited state relaxes 

radiatively to its ground state. Luminescence is a broad term for emission and can originate 

through a range of mechanisms, the two more important fluorescence and phosphorescence. 

The origin of fluorescence can be explained using the Jablonksi diagram, shown in Figure 

24. Typically, at room temperature, molecules will occupy the lowest vibrational level of the 

ground electronic state, known as S0. When light is absorbed, the molecules is promoted to 

an excited state (usually a single state S1 or S2, where the electron will continue to have an 

opposite spin state)155. Then the excited molecule will lose its excess energy by internal 

vibration or through collision with solvent oscillators causing it to undergo vibrational 

cascade and relax to a lower vibrational level in the excited state.  

Internal conversion can then occur, which is an isoenergetic crossover, where the original 

and final states have the same multiplicity, the excited molecule can pass from a low 
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vibrational state of an excited state to a high vibrational level of the ground excitation state 

if they are of the same energy, this process is then followed by rapid vibrational relaxation. 

When the molecule then returns to the ground state, it emits the energy in the form of light 

and is known as fluorescence. In fluorescence when the electron is excited into a higher 

energy orbital, the direction of the spin is preserved, meaning in even numbers of electrons, 

the pairs of electrons are arranged in pairs of opposite spins, and this excitation causes no 

disturbance. Fluorescence is short-lived, typically between 1 and 10ns, where its emission 

rates are 10-9 -10-6 s-1.  

 

Figure 24: Jablonksi diagram depicting the path of the electron during fluorescence156. 

Phosphorescence is an analogous process but is accompanied by a change in spin multiplicity 

and is thus a spin forbidden process. In phosphorescence, the spin is reversed and therefore 

the electron is no longer paired. The molecule is said to be in a triplet state. This indirect 

crossing from the singlet state to a triplet state is known as intersystem crossing. 

Phosphorescence is a slower process than fluorescence, where the lifetime can range from 

milliseconds to seconds157,158.  

In fluorescence, molecules typically emit radiation at a longer wavelength than the radiation 

they have absorbed, (Kasha’s rules). The difference between the absorption and emission 

maxima is referred to as the Stokes shift12. Fluorescence spectroscopy is a highly sensitive 

method and is capable of detecting single photons159. Fluorescence has demonstrated a range 

of applications and has been exploited in methods such as FCS, confocal microscopy, and 

stimulated emission depletion microscopy, to name a few.  
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For organic molecules, phosphorescence is rarely seen in fluid solutions at room temperature 

due to non-radiative decay and quenching which can deactivate the phosphorescence. 

However, it is the prevalent emission mechanism observed for metallic phosphors such as 

Ru (II) complexes due to the heavy atom effect160,161. Quenching occurs where ions or 

molecules decrease the intensity of the emission through; reaction with the luminophore 

(static quenching), through electron-energy transfer or dynamic quenching. Examples of 

quenchers include iodide, oxygen and acrylamide. Fluorescence lifetime is not affected in 

static quenching; however, it is in dynamic quenching, and this is how the mechanisms can 

be distinguished. Thermal quenching can also occur, where an increase in temperature can 

decrease the intensity, lifetime and quantum yield of the fluorophore157,162. The fluorescence 

quantum yield is a parameter used to describe the efficiency of a given fluorophore. It is 

defined as the ratio of the number of emitted photons divided by the number of absorbed 

photons162. 

Förster resonance energy transfer (FRET) is an important photophysical effect that is 

commonly used for biological applications. It is a distance dependant, (10 to 60-100 Å153) 

transfer of radiation less energy from an excited donor fluorophore to an acceptor 

fluorophore. It has been applied as a molecular ruler permitting measurement of the distance 

between donor and acceptor over nanoscale lengths in vitro and in vivo. FRET transfer 

occurs through dipole-dipole interactions, where an oscillating dipole exchanges energy with 

a dipole of similar resonance frequency101,162,163. 

As with Raman spectroscopy, metal surfaces can also influence emission. Emission signal 

can be enhanced through a mechanism similar to SERS known as Surface enhanced 

fluorescence (SEF) or metal enhanced fluorescence (MEF). The Purcell effect occurs where 

the surrounding nano-features influence the emission rate of the fluorescent molecule. This 

can affect both the spontaneous emission rate of a fluorophore bound at or near a 

plasmonically active surface and its angular emission pattern101. 

It is known that the presence of an interface modifies the angular emission of the 

fluorophore164. If this interface is reflective, it has been found to give an improved excitation 

by up to a factor of 4, when compared to a glass slide. Reflective metallic surfaces enhance 

emission of a fluorophore through a combination of both reflective and plasmonic 

mechanisms. Plasmonic MEF enhancement occurs through two main processes. One is due 

to the non-radiative coupling between the excited state of the fluorophore and the surface 

plasmons from the metal particles, i.e. the plasmonic enhancement, shown in Figure 25. As 
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previously described, plasmonic enhancement is due to electron oscillations near a metal 

surface which are perpendicular to the surface which causes an evanescent EM field101. This 

non-radiative energy transfer between the fluorophore and metal is influenced by both the 

strength of the EM field and the degree of spectral overlap between the metal surface and 

the fluorophore165 and is known to effect the decay rate of the fluorophore. The second 

process is due to enhanced absorption of light by the fluorophore from the increased electric 

fields around the metal nanostructures. As fluorophores located between nanoparticles 

(hotspots) experience a larger electric field than those in the vicinity of single particles101, it 

is of interest to create structures that promote this effect. MEF will result in the change of 

the fluorophores emission quantum yield and fluorescence lifetime166. Lakowicz has stated 

that for the best MEF enhancement, quantum yields should be relatively low157. 

MEF is a distance dependant process as the oscillation strength if the plasmons decreases 

with distance. This is reflected in lifetime measurements as the radiation field and the field 

reflected at metallic interfaces are weakened with increasing distance. As shown in Figure 

25, at short distances (below 5 nm167), emission is quenched due to nonradiative energy 

transfer from the fluorophore to the metal. At larger distance (10-30 nm), less energy is 

transferred to the plasmon and it is enhanced by the electric-field168. Numerous studies have 

been reported to determine the optimal distance to achieve maximum MEF, however the 

values can vary101,157,165,169. Precise control of the distance between the fluorophore and the 

metal is a complication that needs to be addressed if MEF is to be used as an analytical 

technique170,171. 

Quantitation of MEF enhancement can be made through the gain in the relative molecular 

detection (MDE) which is the number of detected photons vs the number of absorbed 

photons. The reflective surface helps maximise the MDE by redirecting the light towards 

the detector while the plasmonic effects due to the metal surface increase the EM field at 

the fluorophores position as this will lead to the excitation rate increasing as the light 

intensity has increased. The various enhancement processes occurring due to MEF can result 

in an enhancement of 10– to 15- fold when compared to results observed on a glass slide164. 

All these enhancements help increase the sensitivity capabilities of fluorescence, making it 

an appealing technique as a detection method. 
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Figure 25: Jabolonski diagram depicting the quenching effect as a metal surface (left) and 

schematics depicting the quenching (top right), plasmon-coupling effect(bottom right)169,172. 

The Jablonski diagram shows that in the presence of the metal, the radiative decay rate (Γ) 

and nonradiative decay rate (Knr) or the metal (Γm & Km) also occur. As shown on the right, 

when the fluorophore is in close contact with the metal surface, energy transfer occurs from 

the fluorophore to the metal surface and no emission is observe. At an optimal distance 

between the fluorophore and metal, coupling occurs, resulting in MEF emission.  

Ideally, this should all result in a significant fluorescence signal enhancement. Interest in 

MEF enhancement and its applications, has led to numerous studies involving nanoparticles, 

nano-rods etc. all of which have shown significant enhancement as the energy flow between 

the fluorophores and the surface plasmons is considered a major factor of the MEF 

enhancement. For example, one study utilised MEF through the development of 

nanoparticles for sensing dye, such as “nanoballs”, where a silver core is encapsulated by a 

fluorophore embedded silica shell173. This could then be used to bring imaging dyes to target 

cells. Another study found that by using gold nanoparticles, they obtained 60-fold 

enhancement, allowing for detection of volumes down to 270 zeptoliters for low quantum 

yield fluorophore174. One large problem with imaging dyes and other fluorophores is “self-

quenching”, e.g. fluorescein, studies have seen that in close proximity to silver island films, 

there was a large decrease in self quenching167.  

The use of MEF for lipid studies has also been examined. Some studies have used methods 

such as FCS, where the fluorophores signal was enhanced with gold, to examine the diffusion 
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kinetics of lipid bilayers175 or the phase separation in membranes176. Another study, exploited 

gold nanoantennas to monitor fluorophores diffusion in a lipid membrane177. Lohmüller et 

al. incorporated gold nanoparticles of between 5-7 nm in size into a supported lipid 

membrane. These particles were selectively modified with proteins, which allowed for their 

adhesion to live cells, meaning this system may be used for live-cell experimentation178. 

Regmi et al. found through the exploitation of enhancement from nanoantennas that the 

presence of cholesterol traps sphingomyelin within nanodomains179. Overall, the use of MEF 

is proving to be a valuable technique in examining the dynamics occurring in biological 

membranes176,180,181. 

Periodic metal cavity array structures are interesting platforms for MEF. The pore structures 

enables solution encapsulation, while the plasmonic architecture of the metal, along with the 

hemispherical gold surface, which provides a concave reflective surface, both combine to 

produce high fluorescence enhancement. The MEF properties of gold cavity arrays were 

explored by Jose et al.104,106,182 and it was found that emission enhancement of more than 50-

fold were obtained for fullerene and 15-fold for Ruthenium polypyridyl complex. They also 

showed through confocal microscopy, that emission enhancement was observed at smaller 

diameter size to the cavity pore, where little significant enhancement was observed from the 

top surface from the cavities This combined with the evidence that only significant emission 

enhancement was seen when the probe was sonicated into the cavity (cavities have proven 

to contain an air pocket unless filled by sonication) indicates that cavity enhancement is 

highly localised near the bottom of the well104.  

Gimenez et al. reported reproducible emission enhancement on the cavity structures used 

here. Interestingly, emission was not repeatedly improved upon introduction of 

nanostructures into the cavity well, as was seen at other cavity diameter sizes154. Jose et al. 

reported emission broadening and red shift of their Ruthenium polypyridyl probe on 

microcavity arrays, in comparison to the bulk solution, which was attributed to the probe 

interacting with the metal surface. They also showed that although, surface quenching 

occurred when the probe was in close proximity to the metal surface, emission was still 

enhanced 4-fold., which is considerable smaller to the 15-fold emission seen in non-surface 

bound probe104. 
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1.5 Membrane Permeable Drugs 

1.5.1 Anthracyclines 

In this thesis, two drug models are primarily focused on to test the platform, doxorubicin 

(Doxo) & daunorubicin (Dauno). Their molecular structures are shown in Figure 26. They 

are anthracycline antibiotics commonly used in chemotherapy due to their cytotoxicity. They 

originate as a metabolic side product of a fungus known as Streptomyces183,184. There is still 

no definitive explanation as to how these drugs work, however there are a number of 

theories. It is believed they work by either, topoisomerase II inhibition, DNA intercalation, 

or free radical generation83. In 2011, a cell based study was completed, that suggested 

doxorubicin works by process of regulated intramembranous proteolysis83 i.e. It cleaves a 

membrane bound protein which allows the liberated soluble messaging molecule to initiate 

processes, including apoptosis, lipid metabolism etc.  

 

Figure 26: Chemical structure of doxorubicin and daunorubicin. 

These drugs were selected as models as they are known to pass through the membrane 

through passive diffusion. Both drugs are believed to interact similarly with lipid bilayers. 

They are reported to interact with the membrane electrostatically; between a positively 

charged amino sugar and the negatively charged phospholipid, and through hydrophobic 

interactions; where the dihydroxyanthraquinone moiety becomes embedded within the 

bilayer41,84. Doxorubicin has a lower lipophilicity of the two drugs, and therefore is believed 

to bind more through electrostatic interactions than daunorubicin, which is believed to bind 

more through hydrophobic interactions41.  
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The extent of passive permeation through a membrane is dependent on the composition of 

the membrane. Gallois et al. suggested that anionic phospholipids decrease the permeability 

coefficient of anthracyclines41. Their study in large unilamellar vesicles indicated that this 

could be due to the phospholipid polar headgroups tightening as the adriamycin (part of the 

anthracycline family) was adsorbed on. It has also been reported that the presence of 

cholesterol does not influence the interactions of these drugs with the membrane, though it 

does in other anthracyclines such as idarubicin41. 

Another reason for the selection of doxorubicin and daunorubicin in the context of this 

study, is that both drugs are fluorescent and have been studied within biological samples by 

both fluorescence or electrochemistry185,186. Previously, the limit of detection (LOD) for 

SERS experiments has been reported to be around 1-2 nM within plasma or serum samples, 

(though one report found a LOD of 0.1 nM using capillary electrophoresis with laser induced 

fluorescence, unfortunately, many pre-treatment steps were required for these methods187). 

As the doxorubicin and daunorubicin are typically found in the nM concentration in vivo, 

the ability to detect at such levels is important. Permeability studies at biomimetic models 

should ideally be able to match physiological levels. For this SERS and MEF are of interest 

as they have the capability to detect very low concentrations. Studies such as those completed 

by Litti et al. have shown that detection of anticancer drugs at low concentrations are feasible 

187,188making this an appealing method to use. 

1.5.2 Ru (II) Polypyridyl Luminophores 

The second membrane permeable species studied within this thesis were Ruthenium (II) 

polypyridyl peptide conjugates. The probes were selected as they have demonstrated to be 

cell membrane permeable. Although in contrast to the anthracyclines, their uptake 

mechanism appears to be through active transport, as it was found to be temperature 

dependant189–191. As the mechanism is not fully elucidated, we were interested in 

understanding if the platform could shed light on this mechanism by indicating if passive 

membrane transport occurs for these species. 

Ruthenium (II) polypyridyl complexes are currently under investigation in both anti-

microbial and anti-cancer applications. Furthermore, because of Ru (II) polypyridyl 

complexes’ favourable photophysical and redox properties, they have been applied to 

biological imaging and as phototherapeutic agents192–195. Many ruthenium (II) polypyridyl 

complexes with extended aromatic planar ligands have been shown to interact strongly with 
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DNA through intercalation, into the major and minor grooves of the DNA structure189,196–

198. However, application in cells has been inhibited by poor water solubility, thermal 

instability, and low cellular uptake192. Efforts to improve uptake have advanced over recent 

years. For example, a study completed by Puckett and Barton showed that changing the 

overall charge, in their case, a +2 to a neutral, did not affect the uptake of the dye by the 

cells, but changing the lipophilicity did199. Work completed by Burke193,194 & Keyes200,201, 

demonstrated that the above disadvantages can be overcome using peptide conjugation to 

both solubilise the complexes and transport them across the membrane. 

Many ruthenium (II) polypyridyl complexes, are luminophores. Analogues of [Ru(bpy)3]
2+, 

the focus of this work are red-emitting probes that have a large Stokes shift with a long-lived 

emissive state and good photostability194. Ruthenium (II) complex emission is typically due 

to phosphorescence from the triplet metal to ligand charge transfer state194. They emit with 

a modest quantum yield at room temperature, typically up to 10%. Also, due to the large 

Stokes shift, they emit at high concentrations without evidence of self-quenching, which is 

useful for small volume work194. 

Two ruthenium (Ru) complexes and their cell permeable peptide conjugates were examined 

in this study. A Ruthenium dipyrido (3,3-alpha:2’, 3’-c) phenazine (DPPZ), and its peptide 

conjugate, with an attached arginine peptide (R8) and a ruthenium 1,4,5,8 – 

tetraazaphenanthrene (TAP), also parent and peptide, arginine conjugate. Their structures 

are shown in chapter 5. 

The Ru (II) complexes were synthesized in house by Dr Burke and were previously 

reported191,193,202,203. When DPPZ is coordinated to the Ru (II), the complex shows no or very 

weak photoluminescence within aqueous solutions at ambient temperature. This is due to 

the presence of dark and bright excited states located on the ‘phenazine’ and ‘phen’ of the 

DPPZ ligand respectively193. The phenazine contains two free nitrogen, which readily bind 

to hydrogen in water, which causes luminescence to switch off. In the presence of DNA, 

lipid membranes or organic solvents, intense luminescence has been shown to switch on198,204 

. This indicates that within these studies, no fluorescence should be observed until the 

complex interacts with the lipid bilayer. 

Ru (II)-Tap is a chelating ligand with extended delocalised π-system. It contains six free 

nitrogen’s for interaction, meaning it may undergo six successive protonation in both its 

ground and excited states205. This complex was found to bind with DNA in the nucleus of 
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live cells202,205. Due to Ru (II)–Tap high oxidation potential, luminescence can be quenched 

by the guanine base pair through photoinduced electron transfer. Ru(II)-Tap complexes 

have been shown to produce more efficient photocleavage of the DNA backbone than other 

Ru polypyridyl complexes206. They have also been shown to form photo adducts with the 

nucleic acids206, where a covalent bond is formed between a single ligand of the complex 

with a guanine base without destruction occurring to the ligand sphere around the metal 

ion207. DNA photodamage induced by Ru (II)-tap-peptide conjugate is oxygen independent. 

The peptide complex was also found to have slightly longer emission lifetimes, this is 

suspected to be due to a “protective effect” caused by the peptide, reducing the quenching 

caused by oxygen202. This indicates, that within these studies, the complexes should fluoresce 

in solution. 

Byrne et al. have reported dramatically improved uptake in cells for peptide conjugated Ru 

(II) polypyridyl’s than their parent complexes191,193,194,202. An example is shown in Figure 27, 

where Ru(II) DPPZ peptide conjugate showed clear uptake into the mitochondrial nucleoids 

in HeLa cells. They also exhibited low cytotoxicity in dark conditions but could stimulate 

cell death under photoirradiation attributed to DNA photooxidation193. 

Permeability of the Ru (II) polypyridyl complexes was found to be switched off at 4 oC. This 

suggests an activated mechanism of uptake into cells occurs. However, low temperatures can 

reduce the fluidity and therefore permeability of the membrane. Chapter 5 thus focuses on 

the exploration of whether passive permeation can occur for these complexes at model lipid 

bilayers. 

 

Figure 27: Live confocal imaging of 70 µM Ru-DPPZ-R8 in live HeLa cells in the absence of 

light at 37 oC. Excitation was at 470 nm, emission 565-700 nm193. 
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1.5 Project Scope 

As described in the above introduction, periodic gold hemispherical microcavity arrays have 

been demonstrated to be effective SERS and MEF platforms with enhancement factors of 

1 x 107 and approximately 50-fold respectively. For MEF, Jose et al. demonstrated that for 

solution phase fluorophore emission enhancement comes primarily from the bottom of the 

well, through combination of reflectance effects (shown from enhancement in cobalt cavities 

not expected to have a plasmon resonant with the excitation or the emission) and the 

plasmonic fields of the gold cavity104. Gimenez et al. has demonstrated that the 1 µm cavity 

fabrication method used here, results in reproducible microarrays, which showed minimal 

signal enhancement variation due to nano-structural differences when compared to other 

sized cavites154.  

Secondly, the gold microcavity arrays have been shown, with appropriate surface 

modification, to form stable and fluidic lipid bilayers of versatile composition21,27,102, where 

stability has been demonstrated to be a minimum of 8 hours for a DOPC spanned bilyer102. 

This thesis focuses on the hypothesis that these two advantages can be combined to provide 

a useful qualitative assay into whether a molecular species is capable of passively permeating 

a lipid membrane. As shown in Figure 1, by building a lipid membrane across the array, to 

enter the cavity, any molecular species must first permeate the membrane to access the cavity 

interior, where if sufficient enhancement of the Raman or fluorescence signature is obtained, 

arrival of the drug to the hot-spot at the bottom of the well can be marked.  

This thesis is focussed on a proof of concept of this principle. Fluorescence was the primary 

focus, as the combination of reflectance and plasmonic enhancement was found to be most 

localised for this method. The drawback of this method is that the enhanced emission will 

be observed against the background of fluorescence form the species remaining in the 

contact solution. However, Jose et al. has shown through confocal imaging that the enhanced 

emission was easily distinguishable from background emission104. After sufficient evidence 

suggests that this proof of principle study can detect if a drug has passively permeated the 

membrane, the method was improved upon and applied to a permeable species of unknown 

uptake mechanism, i.e. Ruthenium polypyridyl peptide complexes, as they are observed to 

be permeable to live cells191,199,201. 
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As discussed, the use of metal substrates has proven to result in significant signal 

enhancement in both Raman and fluorescence spectroscopy. However, reproducibility in 

signal enhancement between substrates is a known issue, due to the Polystyrene sphere 

templating fabrication method. The gold microcavities require specific properties to be 

considered suitable for our proposed study. This includes uniformity, hexagonally close 

packing and reproducibility. Chapter 2 will initially focus on the optimisation of sphere 

packing and the development of the microcavity arrays. With challenges encountered in 

achieving reproducible signal enhancement in plasmonically enhanced spectroscopic 

methods, the current study is not intended to establish a quantitative analytical assay. Rather, 

the object was a proof of principle of a qualitative method where a yes/no answer can be 

provided on permeability across membranes, where membrane compositions can be 

changed. 

Chapter 2 will also focus on lipid bilayer formation, as lipid bilayers have been shown to 

successfully span over the plasmonically active cavities using a combination of the Langmuir 

Blodgett trough and vesicle fusion27. The stability of the bilayers was determined through 

electrochemical impedance spectroscopy studies18. This platform shall act as our analogue to 

a single cell membrane, where we will ideally focus on the occurring kinetics at one pore. 

Anthracyclines are known as membrane permeable anti-cancer drugs. They are commonly 

used for drug targeting and delivery, making them of interest for permeability studies. 

Chapter 3 investigates the permeation and dynamics of two well-characterised anti-cancer 

drugs, doxorubicin and daunorubicin at different concentrations, through a simple DOPC 

membrane and through a ternary composition using surface enhanced Raman spectroscopy. 

This is attempted to determine if this platform is a viable option to detect if a drug may 

passively diffuse across a lipid membrane. Chapter 4 examined the application of the 

substrates for detection of analyte arrival using fluorescence. Using an analogous approach 

to chapter 3, doxorubicin and daunorubicin were applied to DOPC and ternary domain 

forming bilayers, with metal enhanced fluorescence as the detection method. A non-

membrane permeable dye, DRAQ7 was also examined to identify the clear distinction in 

response when the molecule cannot permeate the membrane and diffuse into the cavity. 
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Finally, chapter 5 depicts the advancement of the assay to a more microfluidic platform that 

allows for drug delivery and monitoring. The permeation of a more biomimetic bilayer 

composition was examined with the previous drugs doxorubicin and daunorubicin, to 

determine if the presence of a charged lipid has an effect on the permeability of the drugs. 

In the second part of chapter 5, the permeation of ruthenium (II) metal complexes and their 

peptide conjugates was evaluated to determine if their uptake in cells was through passive 

diffusion. As Ruthenium (II) polypyridyl peptide conjugates are also known to permeate a 

cell. They are suspected to require mediated transport to enter a cell, meaning this study will 

provide a valuable insight into the mechanism of uptake for these complexes. 

Ultimately, this thesis will focus on answering the question, is it possible to use metal 

enhanced Raman or fluorescence spectroscopy to qualitatively determine if a drug can 

passively permeate a lipid bilayer. 
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Chapter 2: Fabrication and Characterisation of 

Plasmonic Microcavity Array & Bilayer assembly 
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2.1 Introduction 

As described earlier, pore array supported lipid bilayers offer the advantages of liposomes in 

terms of membrane fluidity and structure, but also offer the versatility (in terms of 

compositional control) and some of the stability of single lipid bilayers21,27,102,208,209. Gold 

nanocavities have the advantage of being an inert substrate while also providing access to 

plasmonically enhanced spectroscopy as well as electrochemistry. Cavities may be altered in 

size to gain the optimal plasmonic enhancement under the specific experimental conditions 

and excitation wavelength. They may also be selectively surface modified through thiol self-

assembly; which is advantageous in controlling the hydrophilicity of the surface for bilayer 

assembly. 

This chapter describes the optimisation of the fabrication method for preparation of gold 

microcavity substrates, for the support of spanned lipid bilayers. There are numerous 

methods reported for the fabrication of microcavities104,107,210. However, Maher’s work 

demonstrated that pore shape has an influence on bilayer stability, where stable bilayers 

would not form over cylindrical pores, however, hemispherical pores proved suitable102. 

Meaning, some fabrication method such as ebeam lithography, used to develop the cavities 

may lead to unsuitable pore shape. Nanolithography employs sphere templating to generate 

periodic structures and will result in the desired hemispherical pores. It requires an ordered 

arrangement of spheres, and numerous methods have been reported in literature to achieve 

this. The methods include spin-coating, Langmuir Blodgett trough deposition and the 

capillary effect to name a few107,108,211,212. The fabrication of microcavities can be completed 

on numerous types of surface; however, the wettability of the surface has an impact on the 

packing of the spheres. It has been observed that increased wettability allows for the 

formation of a thin water film between the substrate and spheres. This film results in a 

capillary immersion force which assists the assembly of the spheres in an ordered and close-

packed manner105,127.  

LB deposition has been reported as a useful approach for the formation of close-packed 

nanoparticles of diverse composition113–116. This has included iron oxide114,115, silver116, gold117 

and polystyrene spheres118. Typically, a hydrophobic particle is deposited on the water within 

the trough; however, this is not always the case. A study by Aleksandrovic et al. successfully 

achieved assembly of cobalt-platinum nanoparticles on gold substrates. These particles 

contained the hydrophobic ligands, hexadecylamine and adamantane carboxylic acid. These 

particles could not successfully form a film on the gold substrate though LB deposition with 
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water as they would aggregate and then sink. However, they were able to successfully form 

a film when particles were deposited onto ethylene glycol & diethylene glycol, resulting in 

close packing113. 

Similar to the LB method is the use of the air/water interface, where the evaporation of the 

solvent causes the formation of close packing. For example, Watanabe et al. introduced glass 

substrates into a suspension containing their colloidal particles (gold 100 nm, 120-270 nm 

silica or Ps 200 nm). As the solution evaporated, the particles assemble at the meniscus, 

resulting in a close packing stripe formation213. Li et al. reported similar results with silica 

nanoparticles214. A study by Born et al. investigated how the meniscus shape affects the 

particles assembly. They looked at the assembly using the air/water interface method, dip-

coating and capillary force method, where the meniscus shape differs in each. They found 

that the assembly was affected by the meniscus shape and the contact angle. If the meniscus 

contained a small curvature, it resulted in more uniform evaporation over the substrate. 

However, a flat meniscus resulted in nonuniform multilayer deposition215. Their results 

indicate that the meniscus has a substantial effect on the packing and needs to be considered 

in the trials of these methods. 

Spin coating has also been used to create close-packed monolayers of spheres. Through 

centrifugal force, it causes the solution to be dispersed across the substrate. As the solvent 

evaporates, it causes the viscosity to increase, meaning the dispersal ceases and a film of 

spheres is formed211. This method has been applied for the monolayer and multilayer 

formation of quantum dots216, Co217, Ag217,218, Au219, FePt nanoparticles220,221 and polystyrene 

spheres212,222 to name a few. Spin coating has also been used for other methods such as to 

develop polystyrene chains. For example, Brulet et al. used small angle neutron scattering to 

establish chains of up to 45 Å in length that formed after spin coating223. 

Here, the method used to fabricate close packed arrays was developed by Dr Gimenez154, 

which used the convection force of the evaporating solution containing Ps spheres to form 

close-packed sphere templates. Electrochemical deposition of gold allowed for controlled 

growth of the cavities. The cavities were then characterised using SEM imaging and confocal 

fluorescence microscopy. The cavity arrays were then used for bilayer formation. Extensive 

research has already been completed within the group on fabrication of bilayer at pore 

arrays21,27,102,209,224, and their established parameters for stability were used in this study. Cavity 

spanned lipid bilayers were tested for stability, to determine their lifetime, allowing for the 

maximum experimentation window to be identified. The stability was determined through 
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electrochemical impedance spectroscopy and confocal microscopy. Fluorescence and 

Raman spectroscopy were completed of background contributing elements as controls.  

Three types of bilayer composition that were examined throughout this study are DOPC, 

DOPC/SM/CH (40/40/20 %) and “Nature’s own” (DOPC/DOPE/CH/SM/DOPS) 

(32/25/20/15/8 %) symmetric bilayers. Lipid components are not evenly distributed 

throughout the organelles of the cells225. The lipids may adopt a variety of liquid-crystalline 

states or mesophases226. Planar lipid bilayers tend to take the lamellar phase, while non-planar 

lipid components tend to be non-lamellar phases such as inverted hexagonal and cubic 

phases226. A phase diagram such as shown in Figure 28, can be used to determine the phase-

composition ratio. It indicates where the liquid ordered, and liquid disordered phases occur, 

giving an insight on ratios for composition etc. Temperature can also affect whether lipids 

are in the ordered or disordered phases. It has been shown that a PC/CH (55:45) 

composition changes from liquid ordered at 150C to both ordered and disordered between 

25 and 350 C50. As marked in Figure 28, at our chosen ratios of 40/40/20 %, both liquid 

ordered, and disordered domains should be present. 

 

 

 

Figure 28: Lipid phase diagram for DOPC/SM/CH at 230C, where solid lines show 

measured phase boundaries and dashed lines show boundaries that are putative or 

extrapolated. 227 
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2.2 Materials & Methods 

2.2.1 Fabrication of Gold Cavity Arrays 

2.2.1.1 Optimal Method of Cavity Formation  

Gold wafer discs (AMS Biotechnology limited) consisting of a non-conductive silicon wafer 

base, a 10 nm titanium layer for adhesion and a 100 nm gold layer were cut into approx. 1.5 

x 0.8 cm and then air plasma treated for 5 minutes. The cut gold discs were mounted onto a 

holder, and 20 µl of 1 μm sized polystyrene spheres solution (Polysciences Inc.) at 1 % (w/v) 

was deposited onto the gold wafers. A glass slide was then placed over the chip, causing a 

capillary effect. The mounted chips were placed onto a platform at an angle of 10 x 20, that 

encouraged monolayer formation of the spheres. The chips were left to dry overnight at 4 

0C for the liquid to be evaporated fully, resulting in a thin layer of spheres across the chip. 

The chip was then examined under a light microscope to determine if multilayers occurred. 

A small area at the edge of the chip is then cleared of spheres using tape to allow for its 

attachment to instrumentation. 

Gold deposition was completed by partial immersion of the sample in a gold salt solution 

(Technic Inc.) that was previously degassed with nitrogen for 15 minutes. Deposition105,127 

was performed using standard 3 electrode set up. The gold sample acts as the working 

electrode, while Ag/AgCl electrode is used as the reference and a platinum wire is used as a 

counter electrode. A potential of -0.6 V was applied by an electrochemical 990 CH 

workstation. When the optimal charge is reached, the samples were then removed. The 

optimal charge differs from sample to sample but is reliably identified from the i-t curve, 

(where it appears at the second rise in current). At this point, gold growth had reached the 

centre of the sphere, which is most advantageous for our cavities. Typically 100 nm layer of 

gold had been deposited on the cavities18. These were then rinsed with deionised water and 

left to dry. The spheres were then removed by immersing the cavity in tetrahydrofuran 

(THF) and sonicating for 30 minutes. The substrates were then characterised by SEM. 
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2.2.1.2 Langmuir Blodgett Sphere Deposition 

The LB trough was cleaned prior to use with ethanol to minimise contaminates. Two tubes 

of 1 ml of 2.6 % (w/v) 1 µm polystyrene sphere stock solution were centrifuged at 9000 rpm 

for 5 minutes to precipitate spheres out of the original solution. The liquid was then 

removed, and spheres were resuspended in 0.5 ml ethanol. The two tubes were then 

combined, resulting in 1 ml of 5 % (w/v) stock. 300 µl of this stock was deposited dropwise 

onto the deionised water surface in the Langmuir Blodgett trough (KVS Nima) and left for 

5 minutes to allow for ethanol evaporation. The barriers were then compressed and held at 

a pressure of 20 mN/m. Clean gold wafer chip were then clipped to the dipper of the 

instrument. The chips were immersed at speed 150 mm/min and then removed slowly at 3 

mm/min. When required, cysteamine pre-treatment was completed to alter the surface 

chemistry. This was accomplished by overnight immersion of clean gold wafer chips 

(approx. 1 x 2 cm) in 1 mM cysteamine in ethanol.  

2.2.1.3 Spin Coating Sphere Deposition  

A spinner (metrohm) was used with a platinum SEM stub as a mounting platform for the 

chip. A clean, planar gold chip of approx. 1.5 cm x 0.5 cm or 1 x 2 cm was attached to the 

stub. Occasionally, the chip was pre-treated with 10 mM cysteamine in ethanol by overnight 

immersion. A sphere solution (concentration was varied) was dropcast onto the chip, and 

the spinner was immediately turned on and then stopped once the chip appeared dry. The 

following were the parameters varied within the experiment; volume dropcast (10 µl-500 µl), 

concentration of spheres (0.1-5 %), solvent composition (ethanol: ethylene glycol), spin 

speed (500 rpm-3000 rpm) and type of spheres used (unfunctionalised & sulfate 

functionalised spheres). This was completed at room temperature (RT 18-230C) and repeated 

a minimum or three times at each parameter variation. 

2.2.1.4 Dropcasting Sphere Deposition 

Clean gold wafer chips were cut into approx. 1 x 2 cm. Teflon tape was attached to 1/3 of 

the chip. A 1 % sphere solution in deionised water was prepared from 2.6 % (w/v) stock of 

1 µm polystyrene spheres. 50 – 150 µl of the sphere solution was vertically deposited onto 

the exposed area of the gold wafer chip. These were then covered to protect from 

contaminants and left to dry overnight. This was completed at room temperature. This was 

repeated 5-8 times depending on parameters. 
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2.2.1.5 Air/Water Interface Sphere Deposition 

Gold chips of approx. 1.5 x 0.5 cm were placed at an angle within a container. Teflon tape 

was used to hold the sample in place. 2-7 ml of 1 % (w/v) polystyrene sphere solution was 

added and left to evaporate in the fumehood. Containers consisted of petri dishes and 10 ml 

& 50 ml beakers. Each container was repeated 5 time at room temperature. 

2.2.2 Scanning Electron Microscopy  

Scanning electron microscopy (SEM) is a versatile method that allows for the examination 

of surface morphology and chemical composition of dry samples. The SEM system consists 

of an electron gun which accelerates electrons at energy levels of 0.1-30keV. Electromagnetic 

lenses and apertures focus the beam and define it into a small electron spot on the specimen. 

This is all performed under high vacuum to allow the electron to travel without any scattering 

from air. The specimen is mounted on a stage within the vacuum chamber. A scintillator- 

photomultiplier developed by Everhart and Thornley is commonly used as a detector for 

secondary electron detection.  

All SEM measurements were completed using a Hitachi S-3400n scanning electron 

microscope. Samples were prepared by mounting upon a carbon backing on a metal stub. 

The instrument parameters were set to a probe current of 35 kV, aperture size 3 nm and an 

electron beam at 10 KV. Images were taken across at least 3 different areas per sample to 

obtain a representative image across the sample. 
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2.2.3 Surface Modification of Gold Cavities. 

 

 

Figure 29: Diagram depicting the modification process of the cavities, where in a) spheres 

are deposited onto gold wafer chips (chips also contain a silicon and aluminium layer for 

binding). B) Gold is grown around the spheres. C) 6-mercapto-1-hexanol has self-assembled 

onto the top surface after overnight immersion. D) spheres are removed through sonication 

in THF. 

The surface of the cavities was selectively modified with a hydrophobic or hydrophilic 

monolayer depending on need. Most commonly, 6-mercapto-1-hexanol (C6) (Sigma-

Aldrich) was used as a blocking agent on the top surface. C6 was chosen due to its ability to 

partially block the surface while promoting the formation of a lipid bilayer due to its 

hydrophilic modification of the surface228. The modification occurs through self-assembly of 

the thiol group to the gold, resulting in an ordered self-assembled monolayer. If this is 

completed before the spheres are removed, then only the top surface is exposed and 

modified, as seen in Figure 29126. The spheres are then removed by sonication in THF for 

15 minutes; this time frame is short enough to remove the spheres while not substantially 

removing the modified layer. The inner walls within the cavities can then be modified with 

another surface-active species if necessary. The modification was done by a 24-hour 

immersion of the cavities in a 10 mM solution at room temperature, then samples were dried 

and stored in a desiccator at 4 0C. 
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2.2.4 Formation of Lipid Bilayers 

Vesicles were prepared by placing 20 µl of a lipid stock solution (Avanti) of 50 mg/ml in 

chloroform, into a glass vial and evaporating the chloroform under a stream of nitrogen. 

This vial was then placed under vacuum for a minimum of 30 minutes to ensure the full 

drying of the lipids, which were then re-suspended in 1 ml of PBS. The vesicles are then 

extruded through 100 nm polycarbonate membrane for a minimum of 11 times (complex 

compositions required a higher number of extrusions), to form monodisperse vesicles. 

A Langmuir Blodgett trough (KVS Nima) was used to create the first monolayer of the 

bilayer. The lipids of interest (1 mg/ml) were deposited onto the surface of deionised water 

in the trough using a glass syringe and left for 10 minutes to allow for the full evaporation 

of the chloroform. The barriers were then compressed and held at a pressure of 32 mN/m. 

Cavity arrays that were previously filled with PBS through sonication, were then clipped to 

the dipper of the instrument. The cavities were immersed at speed 150 mm/min and then 

removed at 5 mm/min to ensure monolayer formation only occurs upon chip removal. The 

chip was then immersed in the vesicle solution at an angle of 250 and left for a minimum of 

20 minutes. This was completed at room temperature. 

 

Figure 30: Schematic diagram of the bilayer formation process, where A) introduction of 

modified cavity chip into solution, B) slow removal of chip allowing lipids to assemble on 

surface, C) removal of chip with a monolayer formation, D) introduction of vesicles, E) 

Disruption of vesicles and F) formation of bilayer. 
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2.2.5 Electrochemical Impedance Spectroscopy  

Electrochemical Impedance Spectroscopy (EIS) was completed at room temperature using 

a standard 3 electrode cell, with a platinum wire as the auxiliary electrode, a silver chloride 

electrode as a reference and the gold cavity as the working electrode. Impedance was 

completed on a CH instruments Model 760 electrochemical workstation. PBS acted as the 

electrolyte solution. The EIS measurements were completed over a frequency range of 

100000 Hz to 0.01 Hz with an AC modulation amplitude of 0.01V. Figure 31 is the 

equivalent circuit model used for all data fitting18. Where Rs acted as the solution resistance 

and Rm was the membrane resistance. Rc was the cavity resistance which remained constant. 

CPEm and Cpec=dl were the membrane capacitance and alpha value, respectively. Data 

analysis was completed using Zview (Scribner Associates, v3.4e) software. 

 

Figure 31: Equivalent circuit18 model previously developed for Bilayer spanned cavities. 

Where Rs = solution resistance, Rm= membrane resistance, Rc= cavity resistance, CPEm 

= capacitance for membrane, Cpec+dl= alpha value. 

2.2.6 Absorption & Emission Spectroscopy 

Absorbance measurements were completed using a Jasco V-670 spectrometer. Fluorescence 

emission and excitation were measured using a Varian Cary Eclipse Fluorescence 

Spectrometer. Slit width of 5 nm and an optical path length of 1 cm were used. PBS was 

used as the blank solution for baseline correction.  

2.2.7 Confocal Fluorescence Microscopy 

Confocal fluorescence microscopy is an optical technique commonly used in biomedical 

science. In fluorescence microscopy, the sample is illuminated at a single selected 

wavelength, and an image is formed from the resulting fluorescence. Confocal differs from 

standard fluorescence microscopy due to its ability to create sharp images by excluding any 

light from the sample that is not from the microscopes focal plane through the use of 

pinholes. As can be seen in Figure 32, the object not in the focal plane does not reach the 

detector. 
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A confocal microscope contains two pinholes, one in front of the light source and one in 

front of the detector (photomultiplier), resulting in any out-of-focus light to be scattered. As 

this method only allows for information to be gathered at a single point, to be able to build 

an image, the image must be scanned, typically in the X-Y plane, where the image is 

developed on a per-pixel basis. Although this allows for higher resolution imaging, there are 

disadvantages, as there is a reduction in collected emitted photons, meaning the sample must 

be illuminated for a longer time or with a high intensity source to ensure an accurate 

measurement is obtained191,229,230. 

 

Figure 32: Schematic diagram of confocal fluorescence microscope231. Where confocal 

pinholes only allows light from within the focal plane to reach the detector. 

Herein, a Leica TCS SP8 STED super resolution microscope was used for confocal 

measurements with excitation at 473 nm and emission collected between 512 and 593 nm. 

Time gating was set at 0.8 ns. A Leica HC PL APO 100 x/1.40 oil immersion lens was used 

for the measurements. Laser power was set at 1 mW, and a pinhole size of 1.5 nm was used. 
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2.2.8 Fluorescence and Raman Microscopy 

Raman Spectrometers consist of; an excitation source, sample illumination & scattered light 

collection system, a sample holder, monochromator or spectrograph and a detection system 

which typically consists of a detector, amplifier and an output device (Figure 33). The 

excitation sources are commonly a continuous wave laser (typically within the visible region), 

though pulsed lasers, diode and excimer lasers have been used. As Raman is inherently weak; 

laser power, focusing of the laser and the collection of the scattered light is of great 

importance. Collection optics typically consists of an achromatic lens system containing a 

collecting lens and a focusing lens. The detectors that are commonly used for Raman are 

photodiode arrays and charged-coupled devices232. 

 

Figure 33: Schematic diagram of Raman spectroscopy setup, showing laser pathway through 

microscope objective and returning light to the spectrometer and CCD233. 

A Horiba Jobin-Yvon Labram HR 1000 spectrometer attached to an Olympus confocal 

microscopy was used throughout this thesis for Raman spectroscopy and MEF. A 50x 0.55 

Leica PL Fluotar, long distance magnification lens (Leica) was used for all measurements. A 

Peltier cooled (-70 0C) charge coupled device detector was used. 473 nm (Argon ion laser) 

and 785 nm (iXtra single mode diode) were used as excitation wavelength for fluorescence 

measurements and Raman measurements, respectively, with respective Z (axial) resolutions 

of 3.12 µm and 5.2 µm154. 

Prior to each set of measurements (and post any changes to objective, grating etc), the 

instrument was calibrated using the silicon band at 520.7 cm-1 from a silicon wafer and the 

Rayleigh line. Samples were placed either on a clean glass slide or if required to be immersed 

in liquid, in a small clean glass petri dish, as shown in Figure 34. The laser was focused using 

the camera and the spectra were taken (note, this would be typically focused on the cavity 

well bottom. In cases of Raman on bilayer samples, this was then adjusted until maximum 
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lipid spectrum was obtained). Typically, a 50 % neutral density filter and 300 µm slit were 

used for fluorescence and no filter for Raman.  

Drug diffusion was analysed by first obtaining a bilayer Raman spectrum to confirm the 

bilayers presence and to also confirm the absence of any contamination, while the sample is 

immersed in PBS. Once obtained, known concentrations of doxorubicin or daunorubicin 

(Sigma Aldrich) were added to the PBS and spectra were obtained at timed intervals. 

Exposure time and accumulation number were set as 2 & 10 s respectively. All experiments 

were completed at room temperature and repeated a minimum of 3 times. The spectra were 

baseline corrected and analysed using NSG LabSpec 5.0 software.  

 

Figure 34: Diagram showing the basic experimental set up used in chapter 3 & 4. Cavity 

samples are immersed in PBS buffer solution within a glass petri dish, where a 50x 0.55 Leica 

PL Fluotar, long distance magnification lens allowed for SERS & MEF measurements. 

  



 
74 

 

2.3 Results & Discussion 

2.3.1 Optimisation of Polystyrene Sphere Packing 

For optimal SERS enhancement, and to improve spectral reproducibility across a substrate, 

ideally cavities should be hexagonally close packed with minimal discontinuity or regions of 

disorder. Various reported literature methods were attempted to optimise the reproducibly 

in obtaining a monolayer of close-packed polystyrene spheres to act as a mask for growth of 

the gold. This including Langmuir Blodgett deposition, spin coating, air/water interface and 

dropcasting. Functionalised spheres were also used to optimise close packing such as 

carboxyl and sulfate modified Ps spheres. The gold was also selectively pre-treated with 

cysteamine to optimise sphere packing due to its efficiency at increasing substrate-particle 

interaction. This is attributed to the surface becoming positively charged due to the 

cysteamine, whereas the spheres are typically negatively charged due to sulfate groups 

present in the suspended solution127.  

Air plasma treatment of the underlying gold wafer was also carried out to improve the 

hydrophilicity of the surface while also ensuring cleanliness. The hydrophilicity of the 

substrate has an effect on the packing of the spheres. In evaporation/ meniscus related 

techniques, on hydrophilic substrates, the assembly occurs due to lateral capillary forces that 

drive the particles together when the solvent layer thickness is equal to the particle diameter. 

However, on hydrophobic substrates, the thickness never reaches the particle diameter, 

resulting in horizontal forces preventing close packing234. Details of the steps taken to 

optimise packing and fabrication can be found below. 

2.3.1.1 Langmuir Blodgett Method 

The Langmuir Blodgett method was attempted to optimise sphere packing due to its 

previous recorded success107,118,222,235. This method utilises the air/water interface to create a 

monolayer/ Langmuir film on the substrate. It was found that a high w/v of sphere solution, 

such as 5 %, was required to obtain a dispersion of the spheres across the deionised water 

surface within the trough. Precipitation of the spheres out of solution was a regular 

occurrence with unfunctionalised spheres. Precipitation was most likely due to the spheres 

hydrophobicity being too low235. Sulfate functionalised spheres proved more successful 

however, repeatable favourable results were not obtained. 

Typically, when this method was recorded in literature, the sample was removed at an angle, 

obtaining a close-packed monolayer118,222. However, due to the nature of our LB system, this 
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was not possible. Due to the inability to reproducibly obtain a close-packed monolayer of Ps 

spheres on the gold surface, the LB method was considered a non-viable option. This 

method also used a large volume of Ps sphere for dispersal along the trough, which was not 

ideal or cost-effective, so the LB method was abandoned. 

2.3.1.2 Spin Coating Method 

The next method attempted to improve Ps sphere packing was “spinning”. Variations of 

spin coating applied to sphere interfacial assembly have been reported107,222,236. As a spin 

coater was not available, we used a “spinner” to create a variation of the method to try 

develop a close-packed sphere array. As mentioned in section 2.2.1.3, volume dropcast (10 

µl-500 µl), concentration of spheres (0.1-5 %), solvent composition (ethanol: ethylene 

glycol), spin speed (500-3000 rpm) and type of spheres used (unfunctionalised & sulfate 

functionalised spheres) were the varied parameters. Non–functionalised spheres were tested 

on both bare gold and cysteamine pre-treated gold. Surprisingly, no differences were 

observed between the two. Cysteamine pre-treatment should alter the surface chemistry of 

the gold. Cysteamine has been shown to attach to the gold by the thiol, allowing for the 

amino group to bind to the PS237,238. Due to their short chains, they are known to self-

assemble into well-organised monolayers238. This monolayer improves the hydrophilicity of 

the gold. The spheres were suspended in an ethanol/ethylene glycol solution due to ethylene 

glycols ability to improve sphere spreading by reducing the evaporation rate and alteration 

of the solvents viscosity236. 

Sphere concentration, speed, functionalisation, volume and concentration was further 

explored to try obtain a hexagonally packed monolayer. Ultimately, no combination of 

parameters resulted in a repeatable monolayer of hexagonal close-packing, “spin-coating” 

was rejected as a viable option. Typically, in literature, higher spin speed were recorded. For 

example, Colson et al. used a range of 2000-8000 rpm. Through initial MODDE software 

analysis and principle component analysis, they reported that the sphere ordering was 

positively correlated with ramp time, whereas rotation speed had a negative correlation. 

Through spin coating experiments, they then obtained areas of 200 µm2.239 As our spinner 

did not have the abilities to reach such high speeds, it suggests that close packing using spin-

coating was beyond our capabilities. 
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2.3.1.3 Dropcasting Method 

The dropcasting approach was a method previously reported within the group and showed 

adequate packing18,21,102,119. However, due to the formation of multilayers, the method was 

not guaranteed to result in hexagonal packing. Also, variation in the compactness of the 

packing was observed. Therefore, sphere concentration, gold pre-treatment and solvent 

composition were varied to improve sphere packing. Gold deposition was also attempted, 

and parameters were varied for optimal gold growth. 

 

Figure 35: Representative SEM images of 150 µl of A) 2.5 %, B) 0.15 %, (w/v) sphere 

concentration dropcast onto flat non cysteamine treated gold, then grown at -0.7 V 0.25 C on 

a CH 660a potentiostat. Both show non-uniformity. 

Initially, a range of sphere concentrations from 0.1 % to 5 % (w/v) was examined. 20 µl of 

unfunctionalised spheres were dropcast onto the gold chips and left to dry. The chips were 

grown at -0.7 V 0.25 C using a CH 660a potentiostat. As can be seen in Figure 35, similar 

results occurred regardless of sphere concentration. Multilayer’s of spheres were formed 

which resulted in non-hexagonally packed cavities on the bottommost layer. 

Assembly/templating using sulfate modified spheres was then attempted due to their success 

in the spin coating method. However, the drying of the spheres resulted in the “coffee-ring 

effect124”, which is due to the spheres drying in a ring-like stain. Meaning, typically, a 

monolayer formed in a circle, where the outer regions have a higher concentration of spheres 

resulting in multilayers. Work by Deegan et al. suggests the formation of these stains is due 

to the evaporation rate at the edge of the drop being larger than the centre, causing the 

spheres to be dragged here to compensate for the solvent loss240. This is unideal, as 

monolayer formation is required for close packing, indicating that areas of the array will be 



 
77 

 

unusable. Ideally, the sample would be fully hexagonally close-packed, but as it was not 

possible to reproducibly obtain this through this method, this approach was rejected. 

2.3.1.4 Air/Water Interface Method 

The air/water interface method was then examined as it has shown promise in numerous 

studies 27,104,107,222,241. This method uses a similar principle to the Langmuir Blodgett method, 

where a sphere monolayer is assembled at the air/water interface as the solvent evaporates. 

As mentioned in 2.2.1.5, planar gold was submerged in 2-7 ml of 1 % (w/v) polystyrene 

sphere solution and the solvent and was left to evaporate in the fumehood. The gold was 

pre-treated with 10 mM cysteamine to maximise packing. A 1.3 % (w/v) Sulfate 

functionalized sphere solution were also tested in addition to unfunctionalized spheres. 

Angle of submersion was varied to optimise sphere packing. Petri dish samples resulted in 

angles around 300, whereas beakers resulted in larger angles between 600-850. Results are 

shown in the appendix. 

Through these methods, numerous variations of sphere packing were observed. Cysteamine 

pre-treatment of the gold consistently showed to improve sulphate functionalised sphere 

retention on the gold chips. The packing of spheres did improve, where LB deposition & 

spin coating methods gave considerable variation and poor packing. Dropcasting improved 

to show close packing, however not in a hexagonal pattern. Air/water interface proved to 

give the best packing from all these methods, however packing was very sensitive to any 

fluctuations in temperature and humidity. A method optimised in parallel with this work by 

PhD student Aurelien Gimenez was ultimately used for sphere packing154. This method 

utilised some advantages of the above approaches which resulted in the optimal formation 

of sphere deposition. This method is explained in section 2.2.1.1. 

2.3.2 Characterisation of Gold Cavities. 

Gold microcavities were characterised using SEM to ensure uniformity in pore compactness 

and gold growth. Previous experiments confirmed that optimal formation of cavities was 

achieved by electrodepositing the gold at -0.6 V, this yielded a cavity depth of approximately 

500 nm. The sphere size used, determines the diameter, which in this case was 1 µm. Whereas 

the sphere solution concentration determines the compactness, in this method a 1 % (w/v) 

solution had proven to give optimal packing while still resulting in a monolayer. It was 

observed that if the spheres pack in a multilayer, the bottommost layer of spheres will not 

be close-packed, resulting in numerous gaps. Figure 36 shows that a close-packed cavity array 
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was achieved. Narrow lines of space occur sporadically, but these are visible under the 

microscope and can be avoided during focusing, ensuring the measurement is taken over 

areas of uniform packing. Using ImageJ software, the cavity diameter was found to be 

reliably 1 ±0.06 m. Growth was seen to be uniform, in a monodisperse formation and the 

pore size consistent.  

 

Figure 36: Representative SEM images of 20 l of 1 % (w/v) unfunctionalised Ps spheres 

dropcast onto clean gold wafers. This was then covered by a glass slide and left at an angle 

at 4 0. Electrodeposition was completed at -0.6 V. 

The surface area of the cavities was then determined through image analysis, where a sample 

region of the SEM images was chosen, and the area of the cavities within was measured. 

This is then multiplied to represent the whole cavity area. The cavity surface area of 1.5 x 

0.8 cm cavity chip was found to be 191. 7197 ±6 mm2, this can be taken as a representive of 

an average sample. Interestingly, when 2.88 µm cavities were previously created using the 

dropcasting method, they reported a similar area of 194 mm2 102. This method has some 

limitations, as not all regions of the sample shall be uniform in size and compactness. 

Occasionally a larger or smaller sphere may be observed due to non-uniformity in the sphere 

solution size. Regions containing non-uniformity are visible under microscopy and excluded 

when doing Raman analysis. 

Uniform cavities in a hexagonal formation are optimal as SERS substrates104,242. The 

roughened gold surface is optimal for greater plasmonic enhancement, whereas the cavity 

shape itself provides hotspot regions which results in further enhancement. The surface and 

the interior of the cavities can be modified independently, allowing for specific detection at 

different locations. The gold is roughened but is still smooth enough to allow for the 
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spanning of bilayers. Which is crucial as though the bilayers are stable; they can be easily 

disrupted by sharp nanofeatures14, causing collapse giving misleading data.  

2.3.3 Simulations 

Numerical simulations were completed by Dr Kho Kiang (DCU) using Lumerical FDTD 

(finite different time domain) solutions software to model the optical properties of the 

cavities, i.e. to determine the regions of highest electric field enhancement of these cavities 

under specific conditions of excitation and angle. FDTD is a numerical technique for solving 

Maxwell’s equation describing optical structures of any arbitrary geometry. It takes into 

account both the magnetic field and the electric field of the plasmonic substrate. In the 

simulation, the area of interest is divided into grid-like points where 6 vectors are attributed, 

3 for magnetic and 3 for electric fields. The simulation computes the magnitude of both type 

of vectors at these points until a steady state of the electric field is attained. FDTD is a very 

versatile method, meaning it can solve a wide range of problems such as those with dispersive 

mediums i.e. Metals, as well as non-linear media e.g. Kerr effect243. 

The size, shape and depth of the cavities have a significant influence on where the greatest 

plasmonic enhancement is observed. It has been observed in larger pore sizes (3 µm), that 

there is plasmonic enhancement occurring near the rim of the cavities. However, from 

simulations, we have found this is not the case with 1 µm cavities when excited at 473 nm. 

As the optical constants for gold have been studied in great detail over the years, reported 

values were used for the simulations244. Conformal variant 2245 (used to calculate the edge) 

was used as the mesh refinement method, and all simulations were performed with a 

resolution of 8 nm. For field calculations, the illumination laser bandwidth was set at 0.02 

nm and a central wavelength of 473 nm was selected. All simulations were terminated at an 

auto shutoff threshold of 1 x 10-5 and completed with 00 angle on the incident light. 
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Figure 37: Simulation completed showing local electric field enhancement is localised in the 

middle and bottom of 1 µm cavity by 473 nm wavelength when under 0o illumination. 

Figure 37 shows the FDTD simulation for a 1 µm diameter gold cavity at an excitation 

wavelength of 473 nm. As can be seen, on 1 µm cavities, a focusing effect of the incident 

light occurs, which is localised at the bottom of the cavity when the laser is from directly 

above. It appears that the gold surface & the spherical shape of the cavity causes reflectance 

that focuses the light into this region. This is advantageous, as the hot spot region is not at 

the very bottom of the cavity but is localised below the middle of the cavity well, below the 

bilayer. This is advantageous as it reduces the chance of energy transfer quenching by the 

gold surface. 

The simulations are consistent with theoretical predictions by Bartlett and experimental work 

presented by Keyes group by Jose et al. 104,105,182. Where the latter found through confocal 

fluorescence microscopy studies that emission enhancement was localised near the bottom 

of 820 nm diameter cavities when excited at 488 nm. The cavity structures also showed SERS 

enhancement factor of 7 orders of magnitude104. Bartlett et al. modelled the plasmons within 

the cavity. At a range of 100 nm - >10 µm cavities, the localised plasmons within deep 

cavities were modelled using a Mie scattering approach. This approach examined an isolated 

single pore and did not consider impact of neighbouring plasmons from adjacent pores. 

They found that the thickness of the film dictated if Braggs or Mie plasmons dominated, 

where Mie plasmons became more predominant as film thickness increased149. Similar to our 

studies, the plasmonic enhancement is expected to be within the cavity well, at 00 incident 

angle, i.e. the molecule will only encounter this point after it crosses the model membrane. 
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Figure 38: Simulation completed showing local electric field enhancement is localised in the 

middle and bottom of 965 nm cavity by 633 nm wavelength when under 0o illumination. 

 

Figure 39 Simulation completed showing local electric field enhancement is localised in the 

middle and bottom of 965 nm cavity by 785 nm wavelength when under 0o illumination. 

Simulations were also completed at excitation of 633 nm and 785 nm wavelength, results are 

shown in Figure 38 and Figure 39, respectively. Simulations were completed under 

conformal variant 2, pore size 978 nm, t = 0.5 and pitch 1 µm conditions. As can be seen in 

the figures, the localisation and intensity of the plasmonic effect differs depending on 

wavelength. 785 nm shows two strong plasmonic fields localised at the curved outer corners 

of the cavity, causing a large region of enhancement to be created. There is an overlapping 

and coupling of these plasmonic fields, which results in a region with weaker fields at the 

very base of the cavity. Weak enhancement is observed at the top surface area.  

Excitation at 633 nm gave weaker plasmonic fields than observed at 785 nm and the peak 

intensity is located more central to the cavity than the bottom. 633nm excitation also showed 

no enhancement from the top surface or the region above the cavity. Both excitation 

wavelengths show clear plasmonic fields, indicating that these substrates are appropriate for 

SERS measurements under these conditions. Lordon et al. reported through luminescent 
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and SERS studies completed on Ru complexes with 820 nm nanocavities, and observed, as 

predicated, that the incident angle has an influence on the plasmonic field within cavities. 

They found that the Raman scatter increased until 200, where the intensity then decreased. 

Whereas, the maximum luminescence was seen here at an angle of ±140 182. The simulations 

and experiments completed in this study were performed at 00. However, due to the solid 

angle of the objective, although excitation is at 00, a range of angles are collected. 

2.3.4 Determination of Bilayer Formation & Stability 

Bilayer assembly was completed using a combination of LB and vesicle fusion, as described 

in section 2.3.4. This consisted of the immersion and controlled removal of the gold cavity 

array from the selected lipids self-assembled in LB trough as shown in Figure 30, to form 

the bottom-most layer of the membrane. The monolayer spanned cavity array was then 

immersed in a vesicle solution and left for a minimal of two hours to allow for vesicle 

disruption to form the outermost leaflet, resulting in a bilayer spanned cavity array.  

Confocal fluorescence microscopy and EIS were carried out to confirm the formation and 

stability of the lipid bilayers, respectively. Confocal microscopy can be used to establish the 

integrity of the bilayer through the use of a fluorescent probe. The probe emission is 

detectable when located within the plasmonic field of the cavity but not in solution. Meaning, 

due to the bilayer blocking the cavity, no emission should be observed, indicating successful 

spanning of the bilayer. EIS data can follow the stability of the bilayer by measuring the 

resistance variation over time. If the bilayer were to alter in any way, this would be apparent 

from the decreases to the film resistance. Meaning EIS can be used to establish the time 

frame the bilayer is stable for and through capacitance, can detect when the bilayer begins to 

degrade. 

2.3.4.1 Determination of Bilayer Formation and Stability through Confocal 

Fluorescence Microscopy 

Confocal fluorescence microscopy was carried out to confirm bilayer formation. Studies 

were completed under 473 nm excitation, to match excitation conditions for Raman and 

fluorescent measurements. Bare, C6 and DOPC bilayer modified 1 µm cavities were 

examined. 
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2.3.4.1.1 Confocal Microscopy of the Cavities  

Figure 40 shows an image of PBS filled unmodified gold cavities under 473 nm excitation. 

As can be seen, the array is highly ordered over extended areas where large regions of closely 

packed cavities are occasionally disrupted by a defect. The defects are clearly distinguishable, 

as they show no emission, resulting in a dark area. Areas of defects are avoided when doing 

fluorescence measurements as the diameter of the laser spot (approx. 800 nm) is similar to 

the size of the cavity, allowing for focusing at a single cavity for fluorescent measurements. 

MEF has been reported to give up to tenfold enhancement101. Emission clearly visible from 

the arrays can be attributed to reflection, scatter and surface gold plasmons. Reflectance on 

gold nanocavities has been previously noted by Jose et al. through confocal imaging at both 

488 nm and 514 nm excitation104.  

The gold substrates emission background may cause an interference in confocal fluorescence 

measurements. Time gating is a method that allows for the elimination of scatter, reflectance 

and fluorescence observed from short timescales246. The use of time gating was possible for 

this experiment due to the gold substrates plasmonic emission, reflectance and scatter having 

a shorter lifetime than the emission obtained from the flurophores247. A time gate of 0.8 ns 

was used, which allowed for the detection of the drugs, as they have reported lifetimes of 

1.5 ns247. However, the use of time gating will result in the loss of some fluorescence intensity 

as not all of the emission of the fluorophore is recorded. 

To evaluate whether time gating could reduce the background emission, PBS filled cavities 

were imaged. The cavities were then sonicated in 0.1 mM daunorubicin and the drug filled 

cavity array was reimaged. Figure 40 (A) shows a representative area of PBS filled 1 µm 

cavities. Emission due to scatter, reflectance and gold plasmons are clearly evident. Figure 

40 (B) shows the impact time gating had on imaging the same area. Scatter and reflectance 

have been eliminated; however, weak emission due to the golds plasmons is still evident. 

This is due to the plasmons having a longer lifetime than the time gating. Jose et al. has 

recorded 19±3 ns lifetimes for 820 nm cavities104. A similar lifetime should be obtained at 1 

µm, meaning time gating cannot fully eliminate the emission due to the gold. Figure 40 (C) 

shows the cavity array post sonication in 0.1 mM daunorubicin. Drug filled pores resulted in 

enhanced emission; however, when compared to PBS filled pores, the background emission 

makes it challenging to distinguish between the two. Figure 40 (D) shows how effectively 

time gating removes this background emission, allowing for drug emission to be identified. 

Brightened pores can be attributed to fluorescence from the drug within the cavity.  
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Figure 40: Confocal imaging of a section of gold cavities seen. Bare gold cavities were 

imaged using time gating (0.8 ns) (B), and no time gating (A). Gold cavities were sonicated 

in 0.1 mM Daunorubicin and were then imaged with a delay of 0.8 ns (D) and no time gating 

(C) to minimise the contributions from the gold reflectance and scatter. The samples were 

excited at Ex 473 nm, and the emission was collected between 512 and 593 nm. The time 

gating was set to collect emission after 0.8 ns to eliminate scattered light interference from 

the gold. 

2.3.4.1.2 Confocal Microscopy of Bilayer Spanned Cavities 

To confirm the presence of a bilayer and determine its integrity, a membrane impermeable 

probe, Rhodamine 6G was used. The measurements were completed at 473 nm excitation 

and emission was collected between 530 and 710 nm, using 0.8 ns time gating to minimise 

any reflectance due to gold, ensuring all fluorescence observed is due to rhodamine 6G. 
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In principle, if a bilayer has successfully formed, fluorescence from the dye should not be 

observed. If the bilayer was damaged or is loosely packed, the dye can access the cavity and 

enhanced fluorescence from the well should be observable. As a control, the cavities were 

first imaged in the absence of the bilayer. The probe was introduced to C6 modified 1 µm 

cavities as shown in Figure 41 A. Where, upon probe diffusion into the cavity, emission is 

clearly observable as an intense spot at each pore. Although the contacting solution also 

contains the dye, the image with time gating to reduce the reflectance and scatter, clearly 

indicates that the brightest fluorescence intensity is localised within the cavity. This is 

important as the axial resolution of this measurement is expected to be similar to that for 

the bilayer permeation studies completed in this thesis. The results indicate that emission 

enhancement from the cavity is distinguishable against the background, which the axial 

dimensions of the focus are expected to encompass. 

The Rhodamine 6G probe was then introduced to DOPC bilayer spanned 1 µm cavities 

(Figure 41 B). With the bilayer in place, no fluorescence from the dye was observed, 

indicating that the bilayer was fully intact. Low intensity emission is observable, located in 

the very bottom of the cavity pore; this is similar to what is observed in Figure 40 B, where 

emission was attributed to gold plasmons emissions. Bilayer spanned cavity were re-

examined after 2 hours and no evidence of diffusion of the probe into the cavities was 

observed, indicating that bilayers remained stable. In a subsequent control, the bilayer was 

deliberately damaged by increasing laser intensity. At points where the bilayers were 

damaged, “bright spots” of similar intensity to those seen without bilayer present were 

observed. Indicating that the bilayer is “leaking”, which results in the impermeable dye 

diffusing into the cavity. Again, this confirms that the bilayer is forming an impermeable 

barrier to the Rhodamine 6G. Our results are in agreement with an earlier report by Jose et 

al. on bilayer modified 820 nm diameter gold arrays. Where bilayer modified gold cavities 

showed homogenous fluorescence from an impermeable probe (5-

dedecampylaminofluorescein), indicating successful spanning27. Through the use of 

fluorescence recovery after photobleaching, they demonstrated that the bilayer is fluidic. 

A challenge that arose during these measurements on the Leica confocal system was the 

maintenance of axial-focus throughout the experiment. Because of the small size of the 

hotspot, the experiment is very prone to a small extent of drift, of which more readily 

occurred due to the inverted microscope setup. Meaning, the sample had to be refocused 

periodically to compensate for drift, which can lead to minor differences in the area imaged 
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from the confocal fluorescence measurement. However, as time studies were not completed, 

this did not affect the measurements significantly. This was not an issue with Raman and 

Fluorescent measurement on the Olympus upright microscope as the drift was negligible 

with a long z -length with the x50 Leica objective, ensuring the sample was within the 

confocal volume. 

 

Figure 41: Confocal measurements of 1 µm A) C6 modified and B) DOPC bilayer spanned 

cavities excited at 520 nm while immersed in 30 µM Rhodamine 6G. Emission was collected 

between 530–710 nm with 0.8 ns time gating 

2.3.4.2 Determination of Bilayer Stability through Electrochemical 

Impedance Spectroscopy  

Electrochemical impedance spectroscopy (EIS) was also employed to confirm bilayer 

assembly across the pore array and to assess the stability of the bilayers. EIS allowed us to 

define the experimental temporal window for electrochemical or spectroscopic 

measurements of the bilayer on gold. Resistance and capacitance data was extracted from 

the EIS response by fitting the Nyquist & Bode plots to the equivalent circuit model18 (Figure 

31). This model takes into account the resistance from the cavities, solution and membrane. 

This model uses constant phase elements (CPE) as a capacitor due to the inhomogeneity of 

the bilayer. Cpec=dl is used to compensate for the double layer capacitance. Typically, the 

fitting showed good agreement between the raw data (dots) and the model (solid lines) as 

shown by C6 in Figure 42. The goodness of the fit of the ECM model was accessed from 

visual inspection of the fits and by the χ2 values (typically ~0.8x10-3). Nyquist plots provide 

information on the permeability of the bilayer. Nyquist plots such as the one shown in Figure 

42 and Figure 43, show each data point as representative of the impedance at a single 
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frequency248. As the frequency decreases, a semi-circle arc is visible. This arc is representative 

of the capacitance and resistance values of the electrode. 

As a control, background EIS of the bare cavities and post C6 modification was obtained 

prior to bilayer formation. As shown in the Nyquist plot in Figure 42, the presence of the 

C6 monolayer resulted in a change in resistance in comparison to the bare gold cavities. The 

addition of a C6 monolayer resulted in increased resistance and a decrease in the capacitance. 

This decrease has been observed previously in analogous experiments by Maher et al.18 and 

can be attributed to the correlation between capacitance and the thickness of the layer on 

the electrode, which follows the Helmholtz theory, where monolayer thickness is inversely 

proportional to the capacitance209,249. Meaning, when a bilayer is added, a further decrease is 

expected. Maher et al. reported an approximate 2-fold decrease in capacitance due to the 

bilayer in comparison to bare gold cavities18.  
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Figure 42: Nyquist plot of bare and C6 modified 1 µm cavities in PBS buffer. Measurements 

were performed in PBS buffer using a platinum counter electrode, Ag/AgCl reference and 

gold cavities as the working electrode using AC amplitude of 0.01V at frequency range of 1 

MHz to 0.01 Hz. (This plot is one example of the measurement, which was repeated 3 times 

at RT) 

EIS of DOPC & DOPC/SM/CH (40/40/20 %) suspended bilayers were then obtained; 

these were completed immediately after formation and EIS was periodically measured over 

24 hours to determine stability. As shown in Figure 43, the arc of the Nyquist plot is 

decreasing over time, implying that impedance decreases over time, indicating increasing 

permeability of the bilayer over time due to looser lipid packing. DOPC bilayers showed 

minor decreases in resistance, indicating stability until 7 hours, whereas ternary bilayers 
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showed a large decrease at 7 and 8 hours. However, the extracted values such as Delta Rm 

that are discussed below, implies that the bilayer is still stable at this time frame.  
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Figure 43: Electrochemical impedance spectroscopy completed on Bilayer spanned cavities. 

Impedance was measured once every hour for 24 hours to determine stability. Measurements 

were performed in PBS buffer using a platinum counter electrode, Ag/AgCl reference and 

gold cavities as the working electrode using AC amplitude of 0.01V at frequency range of 1 

MHz to 0.01 Hz. Where a Nyquist plot of DOPC (A) and DOPC/SM/CH (B) show raw and 

fitted data over a stable period of 7 and 8 hours respectively. (This plot is one example of the 

measurement, which was repeated 3 times at RT) 

As the components of the circuit, including the bilayer, affect both the phase angle and phase 

shift of the incident AC field. The Bode plot, (Figure 44), provides information on these 

A) 

B) 
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parameters by plotting the phase of the wave change and phase angle. There are two types 

of bode plots, impedance (z) vs frequency and the phase shift vs frequency. There are 

advantages to each. When the data for bilayers was examined on the impedance vs frequency 

plot, a minor difference between 1 and 2 hours was observed of 150 milli-ohm, which is very 

small, indicating that the bilayer has not significantly altered and is very stable. This trend 

continues for 7 hours for DOPC bilayer and 8 hours for ternary bilayers. The latter bode 

plot provides information on the change in the phase angle, which as shown in Figure 44. 

Typically, in Bode plots, the low phase shift below 1kHz would be attributed to solution 

resistance102. The final phase shift between -70 and -80, would show the resistance of the 

system. Figure 44, shows negligible change within this region, indicating the bilayer is stable. 

Figure 44 shows the change in resistance over time. Minor differences in the membrane 

resistance are evident, within experimental error, after the first hour, but the R percentage 

change remains within acceptable limits (less than 10 %) until 7/8 hours. After 8 hours, the 

change in resistance becomes drastic due to the bilayer degrading, and the standard deviation 

between samples also increases from below 0.1 Mohms, to reaching as high as 0.5 Mohms 

on the DOPC samples.  

The ternary bilayer samples proved to be more stable, where the standard deviation remains 

below 0.2 Mohms. As seen in the phase diagram in Figure 4, a liquid ordered, and liquid 

disordered domains are expected to co-exist in the lipid composition used here. The raft 

formation may affect the temporal stability of the bilayer. This is not surprising as the 

cholesterol containing bilayer is closer packed and will exhibit lower admittance than the 

bilayer containing only DOPC84.  

An average capacitance value of 6.14 ± 0.17 µF was obtained for DOPC and 5.01 ±0.39 µF 

for the ternary composition. The lower value for the ternary composition is consistent with 

previous reports and is attributed to the more rigid packing and greater thickness of this layer 

compared to the DOPC bilayer due to the expected Lo and Ld phases present in the 

former250. The capacitance shows negligible change for the first 7 and 8 hours for DOPC 

and Ternary respectively, for example, DOPC showed capacitance of 6.2 µF at two hours 

and 6.07 µF at 8 hours, implying the bilayer thickness is not changing. A study by Krysinski 

et al. reported a similar capacitance of 0.66 µF cm-2 for DOPC thiol tethered bilayers. They 

stated that these values corresponded to previously reported long-chain alkanethiol values 

and indicated that only the hydrocarbon region of the outer lipid monolayer contributes to 
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the overall capacitance251. Interestingly, our capacitance shows a minor decrease over time. 

The reason for this is not yet fully understood.  

This work indicates that for the bilayers spanned microcavities, stability is ensured for a 

maximum of 7 hours for DOPC bilayers and 8 hours for DOPC/SM/CH bilayers at gold 

microcavities. Interestingly, Maher et al. reported stability for 6 hours on DOPC membrane; 

however, this was over a larger pore size of 2.88 µm18. As 1 µm cavities resulted in a longer 

stability time frame, it implies that the bilayer is more stable across smaller pores. Meaning, 

a balance between optimal plasmonic enhancement and bilayer stability must be considered 

when choosing pore size for membrane study. In using a close-packed array, where gold 

deposition is to the radius of the sphere, the planar area between pores is minimised. 

Previous studies have shown that bilayers spanned over planar regions result in less fluidity, 

whereas lipid diffusion over a single pore is shown to be more biomimetic, with fluidity and 

lateral order being analogous with a liposome, and therefore a good analogy to a single cell 

membrane21,102.  

It is notable, that in analogous arrays made from PDMS, the stability of the bilayers is found 

to persist for up to 5 days (stability was determined by microscopy and FCS). Even on pores 

that are up to 3 µm diameter102. This is attributed to the oxygen plasma treatment rendering 

the PDMS superhydrophillic. This level of hydrophilicity is not easily accomplished at gold. 

It is important to note that EIS is a very sensitive method of analysis, and so, small changes 

to bilayer packing can result in relatively large changes to measured impedance, even though 

the bilayer remains intact. Thus the 5 hours stability assessed on the basis of impedance is 

likely conservative. 

Interestingly, an impedance study completed by Steinem et al. found that PC bilayers 

spanned on gold electrodes were stable for approximately a day according to their 

capacitance values. They also reported that in the presence of Ca2+ ions, the bilayers were 

only stable for 3 hours in tris buffer22. This is of significance as certain proteins may require 

specific ions to bind to a bilayer, for example, annexin requires calcium to bind252. However, 

for this work, only PBS buffer was used. The experimental window was limited to 5 hours 

for all experiments and below to ensure bilayer stability. If any evidence was seen that the 

bilayer was not stable, or showed evidence of degradation, the sample was discarded. 
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Figure 44: Electrochemical impedance spectroscopy completed on Bilayer spanned cavities. 

Impedance was measured once every hour for 24 hours to determine stability. Measurements 

were performed in PBS buffer (pH 7.4) using a platinum counter electrode, Ag/AgCl 

reference and gold cavities as the working electrode using AC amplitude of 0.01V at 

frequency range of 1 MHz to 0.01 Hz Where Bode plots of DOPC (A) and DOPC/SM/CH 

(B) show the bilayer is stable over a period of 7 and 8 hours respectively. Time vs change in 

membrane resistance for DOPC (A) and DOPC/SM/CH (B) show deviation within our 

limits (< 10%) within first 5 hours which is within our experimental window and then sample 

degradation after 7 and 8 hours respectively. (n ≥ 3, at RT) 

2.3.5 Bilayer Spectroscopy 

A Raman microscope with fluorescence capabilities was used for all MEF measurements as 

it permitted for the collection of the full emission spectra. The microscope was focused using 

the white light image, focusing on reflectance at the bottom of the well, prior to 

measurement to ensure that a single pore was focussed on, in a well-packed region of the 

A) 

B) 

Experimental 

window 

Experimental 

window 
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array. Therefore, measurements herein reflect what is occurring within a single cavity. Lipid 

diffusion over a single pore has proven to have fluidity and lateral order closely analogous 

of a liposome and so is a strong analogy for a single cell18,21. Although single pore 

measurements will result in a lower signal enhancement that those over multipore 

measurements253, this approach was taken because; 1) signal from planar regions between 

cavities will not be included. This is important as lipid bilayers across planar regions have 

reduced fluidity due to frictional interactions with the underlying substrate. Also, planar areas 

have no receptacle for drug arrival, and so will likely introduce a second dynamic 

contribution to signal evolution, complicating interpretation. 2) Furthermore, by monitoring 

singles rather than extended areas, the measurement will be less subject to variation in pore 

packing areas of discontinuity, loss of hexagonal packing and variation in surface roughness 

naturally occurring, which would complicate the kinetic traces obtained for permeation. 

Since we are examining single pores, an inevitable concern in microscopy is z-focus drift. To 

evaluate this, a number of z focus controls were completed (by Dr Kiang Wei Kho), one of 

which consisted of leaving a DOPC spanned cavity sample in PBS and Raman spectra of the 

bilayer was measured for over an hour. Data analysis was then completed by monitoring the 

change in a lipid peak area at 920 cm-1. The results confirmed that any drift occurring is 

negligible as the variation between the peaks was minor. It appears the confocal volume, 

which is relatively large with the long-distance 50x objective is relatively insensitive to slight 

z-drift movement that may occur during measurements. However, the large confocal volume 

means that we will be obtaining signal from the cavity, the membrane and the contacting 

solution. As signal contribution from the contacting solution should not change once 

diffusive mixing is completed, luminescence intensity changes can then be solely attributed 

to interactions occurring at the membrane and cavity. Our measurements then explore if the 

changes to emission intensity upon accessing the plasmonic pore, are sufficiently large to be 

observed against the background. 

2.3.6.1 Fluorescent Measurements 

Control spectra of potentially contributing background elements were obtained to allow for 

the distinction between fluorescent contributions due to the background and the drug of 

interest. Figure 45 shows the spectra for Bare gold cavities, mercapto-hexanol modified 

cavities and lipid bilayer spanned cavities all in PBS buffer. Weak background fluorescence 

is observed from the gold cavity arrays, and it remains for the mercapto-hexanol modified 

cavities and lipid bilayer spanned cavities in PBS buffer. The fluorescence is due to surface 
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plasmon oscillation of the free electrons, which results in golds strong optical absorbance 

and scattering properties254. The plasmonic oscillations of gold have shown a lifetime of 

19±3 ns104, therefore the weak background emission was not unexpected. 

 

Figure 45: Fluorescence Spectra obtained from Bare gold, C6 modified and bilayer on 1 µm 

cavities at 473 nm excitation in PBS. Spectra confirms there is only weak background 

emission from the array, C6 layer and from both bilayer compositions. 

2.3.6.2 Raman Measurements 

 

Figure 46: Raman spectrum of DOPC bilayer spanned over 1 µm gold cavities in PBS 

solution, 785 nm excitation wavelength. 
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As there is no key difference between the fluorescence spectra of bare cavities and bilayer 

cavities prior to drug addition, SERS was completed to ensure a bilayer was present and to 

characterise its Raman spectrum. Figure 46 shows an example of a Raman spectrum of a 

DOPC bilayer. As seen by the structure in Figure 4, the spectrum contained characteristic 

DOPC features. A phosphate band appears around 1077 cm-1, which is clearly visible in 

Figure 46. Other characteristic peaks for DOPC are seen at 720, 1120 and 1620 cm-1, 

indicating that DOPC is present. The band at 1620 cm-1 can be attributed to C=C stretching 

vibration in the two cis double bonds of the oleoyl chains255. While 1120 and 720 cm-1 are 

attributed to stretching of the C-C and stretching of the (CH3)3 respectively.  

Numerous studies have reported the characterisation of lipid peaks, , in particular, DOPC 

lipids255,256. For example, Opilik et al. used tip-enhanced Raman spectroscopy to obtain high 

resolution images of mixed lipid mixtures on planar gold surfaces. DOPC/DPPC (1:1) 

monolayers were formed on the gold substrate through LB formation and through Raman 

spectroscopy they could identify vibrational modes due to the lipids. However, they could 

not differentiate between the two lipids255. Czamara et al. formulated a comprehensive study, 

tabulating all the modes attributed to 35 lipids through Raman spectroscopy256.  

The Raman modes obtained for the DOPC spanned bilayers (Figure 46) corresponds with 

the values that have been recorded in the literature255,256. Although Raman spectroscopy 

confirms the lipid is present, it alone does not prove that the bilayer is successfully suspended 

with no defects, however, combined with Confocal Fluorescence Microscopy and EIS it can 

be used to determine the integrity of successfully spanned bilayers through methods 

described in section 2.3.4.  

2.3.6.3 Diffusive Mixing/Equilibration Time  

Controls were completed to estimate the length of time it would take for the drugs to 

diffusively mix throughout the containing solution (2 ml). A study was completed to monitor 

the time it took for maximum fluorescence to be seen in the absence of gold. The drug was 

added as normal to 2 ml PBS and monitored over time. The fluorescence increased in 

intensity until approx. 27 minutes, where it then remained constant indicating it had fully 

mixed, suggesting emission intensity changes after 30 minutes can be attributed to the drug 

interacting with the bilayer and then entering the cavity. Experiments described in chapter 3 

& 4, further confirmed this theory, where on unmodified cavities, no further SERS or 

fluorescence emission change was detected. However, the residual velocity from drug 
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introduction may result in some variation in the drug diffusion (1-3 min). This is addressed 

and eliminated in chapter 5. 

2.3.6 Spectroscopic Characterisation of Drug Models 
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Figure 47: UV-Vis absorbance spectra of 0.75 µM DRAQ7 in PBS solution at room 

temperature. Dye showed max absorption at 645 nm. 

The drugs & dyes examined within this thesis were investigated by UV-Vis and emission 

spectroscopy. Figure 47 shows the absorbance spectra of DRAQ7. The dye shows maxima 

at 645 nm and 599 nm. Biostatus states that DRAQ7 has peak absorbances at 600 nm and 

646 nm. They also state that the dye may be excited at 488 nm, resulting in fluorescence in 

the far red-field257. Their results agrees with what was observed in this study and with studies 

in the literature. For example, Akagi et al. used the dye to determine cell death when exposed 

to cytotoxic agents at 640 nm excitation257.  
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Figure 48: UV-Vis absorbance spectra of 0.05 mM Doxorubicin and Daunorubicin in PBS 

solution at room temperature. Both drugs showed absorption at 480 nm. 
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Figure 49: Emission spectra of 0.05 mM Doxorubicin and Daunorubicin in PBS solution at 

room temperature. Both drugs were excited at 473 nm and emission was collected between 

490-900 nm at a slit width of 5nm. 

The absorbance spectra of both anthracycline drugs, doxorubicin and daunorubicin in PBS 

buffer are shown in Figure 48. Peak absorption was seen at 480 nm and 483 nm, respectively. 

Fluorescence spectroscopy was then completed to ensure our chosen excitation wavelength, 

473 nm is appropriate for fluorescent measurements. As shown in Figure 49, when excited 

at 473 nm, doxorubicin & daunorubicin showed a broad fluorescent peak at 590 nm. 

Motlagh et al. state absorption at 480 nm and a fluorescence peak at 591.48 for 

doxorubicin185. Htun reported absorption at 490 nm and the maximum fluorescence peak at 
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590 nm for daunorubicin247. This corroborates with the results shown here. Htun also 

reported a decrease in fluorescence intensity as the solvent polarity was increased247. The 

extinction coefficient of doxorubicin in water (λ = 485 nm) has been reported as 11500 M-

1cm-1 at 25oC L/mol/cm258. Table depicting spectroscopic values for these drugs can be 

found in the appendix. 

The fluorescence spectra of the anthracyclines are dependent on the dielectric constant of 

the solvent259. The fluorescence intensity and emission quantum yield increases as the 

environment becomes more hydrophobic, i.e. decrease in the dielectric constant causes an 

increase in intensity. The fluorescence spectra of the drugs were also measured under 785 

nm excitation. This was carried out to confirm that when under SERS excitation, no 

fluorescence interference should be observed. 

2.4 Conclusions 

Chapter 2 focussed on the development, optimisation and characterisation of the periodic 

pore array and strategies used for surface modification and deposition of the bilayer. 

The development of micro-cavities was a known method within the group17,21,102,104, however, 

packing reproducibility was inconsistent. Therefore, other reported methods were evaluated 

in an effort to improve the reproducibility and packing of the cavities. These methods 

included LB deposition, spin coating, drop-casting and air/water interface deposition. The 

methods mentioned showed poor reproducibility or inadequate packing, leading to 

multilayers or void regions and were therefore dismissed. An optimised method based on 

work completed by another member within the group, was then used and this approach 

consistently provided close packing154. The optimised method utilised low temperature 

evaporation which resulted in the spheres close packing. Controlled gold deposition then 

allowed for uniform cavity growth of optimal depth. This method was then implemented 

throughout this thesis and all work within the group. The resulting cavities were then 

characterised using SEM and confocal microscopy, showing that superior hexagonally close-

packed cavities were achieved reproducibly when compared to the previous method, where 

only 1 in 30 samples would be rejected due to defects. 

The optimised arrays comprised of cross-section area of 191. 7197 ±6 mm2 with a uniform 

cavity diameter of 1 ±0.06 m. FTDT simulations were completed for cavities of these 

dimensions and indicated that the most intense electric field enhancement is localised below 

the middle of the cavity well, well below where the lipid membrane will span. Time gated 
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confocal microscopy from dye filled cavities, as well as from buffer filled cavities, showed 

emission localised at the bottom of the bare cavity, corroborating the simulations. 

Lipid bilayers were successfully assembled across aqueous filled cavities using LB and vesicle 

fusion. The stability of the bilayers was investigated using Confocal microscopy and EIS. 

Through EIS a maximum consistent timeframe for both compositions’ stability was 

established as 7 hours for DOPC and 8 for the complex ternary composition 

DOPC/SM/CH (40/40/20 %), establishing the experimental time frame for all future work. 

Fluorescence measurements confirmed the bilayers were impermeable to non-permeable 

dyes, with deliberately damaging the membrane confirming the bilayers are spanning and 

form an impermeable barrier to the cavity interior.  

The absorbance and emission of both Doxorubicin and Daunorubicin were investigated and 

found to agrees what is reported in the literature185,247. Both drugs fluoresced upon 473 nm 

excitation and showed no fluorescence under excitation of 785 nm, indicating they are valid 

candidates for the proposed MEF and SERS studies. Background fluorescence spectra of 

the different components of the platform were taken to ensure no emission was observed 

that may interfere with the drug spectra, allowing for the platforms use in further chapters. 

Raman spectra were taken of a DOPC bilayer, allowing for bilayer & drug specific peaks to 

be identified prior to drug addition. Through diffusive mixing experiment, it was estimated 

that the drug shall take approximately 27 minutes to diffuse through the 2ml PBS solution 

and enter the cavity. The components established in this chapter were then used for Raman 

and fluorescence studies in the subsequent chapters. 
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Chapter 3: Surface-Enhanced Raman Spectroscopy 

Detection of Membrane Permeability. 
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3.1 Introduction 

The ability to determine the presence and kinetics of membrane permeability and to gain 

molecular insights into the interaction of molecules, such as a drug or cosmetic, with human 

cells is of great importance in the pharmaceutical and cosmetic industry. As previously 

described, current models have a range of limitations, but most importantly lack of 

biomimicry. Our proposed approach is to monitor for the arrival time of the molecular 

species into a plasmonic pores, that is sealed by a phospholipid membrane. The 

plasmonically enhanced signal in fluorescence or Raman, provides a simple qualitative 

assessment of molecular permeability. Although fluorescence is more intense, there are a 

number of key advantages to the use of Raman.; namely, it does not require the compound 

to be fluorescent and is therefore, more broadly applicable. Unfortunately, as the technique 

is based on the collection of inelastically scattered light, the signal is often weak23,100,232. 

Therefore, advances such as surface enhanced Raman spectroscopy (SERS) are potentially 

useful routes to improving senstivitiy23,131,260. Even drugs with the weakest Raman cross-

section may be detected through SERS, where a large degree of enhancement can be 

achieved due to the presence of gold plasmonic hotspots104,151. Furthermore, in the absence 

of enhancement, the relatively weak Raman signature from the contacting solutions, even 

with a poor axial resolution, will not be expected to contribute much interference to the 

plasmonically enhanced signal seen on drug arrival in the cavity. Furthermore, as Raman is 

a vibrational spectroscopy, it provides structural information allowing both for identification 

of the molecule of interest, and for the interrogation of its interaction with the membrane.  

The exploitation of the plasmonic effect from the metal surface allows for dramatic 

enhancement of the signal105,260–262. The plasmonic fields that are exploited in SERS arise 

from the light excitation of oscillations of the electron plasma field along the surface of the 

metal. The surface plasmon-polariton waves oscillate at the metal dielectric interface, which 

results in an evanescent EM field that decays exponentially with distance from the metal 

interface23,236,263,264. It has been observed that certain metals give a greater plasmonic effect 

than others, and with Gold and Silver being most commonly used due to their stability, ease 

of fabrication and intense plasmonic fields that coincide with visible photon frequencies. 

Gold microcavities265 have been previously used with great success as a SERS substrate104,261. 

The conical shape of the cavity provides optimal regions for hotspots to occur, typically 

found between two metal nanoparticles100,232, which are known to lead to a larger degree of 

enhancement265. Within these studies, the configuration of the microcavities used as a metal 
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enhancement substrate combined with the roughness of the gold surface, provided optimal 

regions for hotspot occurrence. 

In this chapter, we explore whether the presence of plasmonic hotspot regions within the 

gold cavity array enables detection of an arriving drug, that has permeated the spanning lipid 

bilayer can be detected using SERS. In the previous chapter, simulations showed that the 

proposed cavity size and excitation wavelengths should yield plasmonic enhancement 

localised in the cavity below the membrane. Water is a weak Raman scatterer100, which makes 

Raman an ideal technique for aqueous and particularly biological samples. Meaning a range 

of buffers, with little background contribution, are available for use with our model. PBS 

was used as it is a universally applied biological buffer and has been widely used by our group 

to study bilayers.  

Similarly, the lipid bilayer supported at the cavities will give a Raman signature characteristic 

of the lipid composition55,84. Thus Raman/SERS of the cavity supported lipid bilayers will 

allow for the monitoring of both the bilayer and the drug. As discussed in other reports on 

cavity array supported bilayers, they are particularly versatile, permitting ready access to 

different lipid bilayer compositions. As a result of this, through SERS, we may gain an insight 

into the interactions the drug has with the bilayer while also monitoring the permeability and 

the dynamics. The cavity array method is versatile as it allows us to alter the lipid bilayer to 

model different membrane depending on interest and investigate the resulting variations in 

drug interaction. Meaning, in future, this method may be utilised to investigate a drugs 

interaction with a specific lipid and to determine how certain lipids may affect the 

permeability of the membrane. 

Raman is frequently explored for biosensing and SERS to an even greater extent263. A key 

advantage is that it allows for multiplexing, due to narrow bands minimising the risk of label 

overlap263. Numerous studies have investigated lipid bilayers using Raman spectroscopy141,266. 

One such study by Taylor et al. investigated lipid “flexing” within the bilayer267 through the 

vibrational shifts and intensity fluctuations in the Raman spectrum. Through the use of gold 

nanoparticles deposited onto silicon chips, the plasmonic enhancement was sufficient 

enough to obtain molecular identification of the lipids, such as the bending etc. of the 

molecules as they interact with their environment. Thus, resulting in a high sensitivity 

method that allows for the tracking of the dynamics occurring within the cell membrane. 

Kundu et al. looked at how lipids might transfer between membranes268, by examining how 

the lipids may exchange or transfer from donor-deuterated DMPC vesicles with DMPC 
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bilayers attached to gold nano-shells. This method could be applied to investigate the “flip-

flop” of lipids in membranes.  

Anthracyclines are antitumor antibiotic drugs extracted from streptomyces, which consist of 

a tetracycline ring with a daunosamine group269. These drugs are applied intravenously to 

patients270. Doxorubicin and daunorubicin, the drugs selected for study here, are known to 

give distinct Raman signatures84. The excitation wavelength chosen for this study allows for 

plasmonic enhancement as it is resonant with our emission wavelength, making them of 

value for testing this method for drug detection. They are considered cell-cycle specific 

drugs, as they affect cells when they are dividing.  

Due to this, their interaction with lipids has been studied in various forms42,186,271–273. Methods 

applied include fluorescence, atomic force microscopy and Raman spectroscopy, to name a 

few. There have been numerous previous studies completed on these drugs and their 

interactions in biological systems using Raman spectroscopy. One such study focused on 

doxorubicin’s interactions with cancer cells271,274. Morjani et al. used SERS to monitor 

doxorubicin’s interaction with living human cancer cells. Through this work, they were able 

to identify that the drug targeted the cytoplasm as well as the DNA located in the nucleus. 

They were able to detect SERS signal from very weak concentrations, up to 10-10M, which is 

of great interest for biomimetic studies271,274. 

The stability and reproducibility of the lipid spanned microcavity platform was investigated 

in the previous chapter. This chapter focuses on the proof of concept; of using SERS as a 

detection method for drug-membrane permeability. The concept of this membrane 

permeability assay is shown in Figure 1. Lipid bilayer spanned microcavities will act 

proficiently as the biomimetic membrane and collection well, while also providing plasmonic 

enhancement of signal. As the drug is introduced into the bilayer, the corresponding Raman 

signal should be detected at a single cavity (as an analogue of a single cell), and while the 

drug diffuses into the cavity, the SERS signal should be detected. SERS at appropriate metal 

surfaces has the capacity to generate a significantly large enhancement275, and therefore 

should be clearly identifiable. This approach may prove to be a valuable as a detection 

method for our lipid membrane permeability models. 
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3.2 Materials & Methods 

Samples were prepared in the same manner as discussed in section 2.2, where all experiments 

were done at room temperature and repeated a minimum of 3 times, unless stated otherwise. 

The following deviations were also completed; When forming lipid bilayer for complex 

compositions, vesicles were extruded at 50 0C, as Sphingomyelin is in a gel phase at room 

temperature. All Raman measurements were completed on a single cavity pore. Integrated 

peak area was obtained using Labspec5 software, which uses Equation 2. Peak limits for the 

drug peak 1636 cm-1 we set at 1629-1659 cm-1. 

( )A I d =   

Equation 2: Integrated areas equation used by Labspec5 software. where   is the wave-number. 

3.3 Results & Discussion 

SERS enhancements vary widely depending on substrates material and structure. Signal 

enhancement of up to 10 orders of magnitude have been widely reported for gold23,141,260,276. 

For reproducible fabrication of substrates, regular structures are required, rather than fractal 

structures which are responsible for the highest signal enhancement. Therefore, the trade-

off is that the cavity arrays typically offer an average enhancement factor of 6 to 8 orders of 

magnitude104. 785 nm was the chosen wavelength as it coincides well with both the 

anticipated plasmon excitation for the gold substrates and the excitation of the drugs focused 

on in this study. Doxorubicin and daunorubicin, as seen in Figure 48, are not excited at 785 

nm and therefore no background interference due to fluorescence should be observed.  

Control spectra of potential background elements were initially obtained to identify peaks 

due to scatter from the gold, or Raman modes attributed to 6-mercapto-1-hexanol (C6), 

residual polystyrene spheres and the lipid bilayer itself. Figure 50 shows representative 

spectra collected from these elements. As expected, no Raman vibrational modes are 

observed from the bare gold, and very weak bands may be observed due to C6 at 400-600 

cm-1 and 1159 cm-1.  

Alkanethiols’ weak Raman signatures on SERS substrates have been previously noted by 

Molen et al277. Octanethiol shows similar bands to those seen in Figure 50, allowing for 

confirmation of vibrational modes due to C6 modification or cosmic rays. Cosmic rays are 

typically only one pixel wide, meaning they are easily identified. They occur at random as a 

positive spike whose peak intensity can vary278. The self-assembly process of thiols has been 
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studied in great detail over the years through Raman spectrscopy60,279–281. Therefore, the 

packing etc. of the thiols was not examined in great detail within this study, nor were their 

weak Raman signatures an issue, as they were not the focus of this study. 

Polystyrene gives an intense and characteristic peak around 1000 cm-1 282, associated with the 

phenyl ring stretch, which is a useful guide as to whether the spheres have been fully 

removed. As the samples were examined by white light microscopy or SEM prior to bilayer 

formation to ensure packing and sphere removal, Raman peaks associated to polystyrene 

were very rarely observed. Silicon exhibits an intense and characteristic vibrational mode at 

520 cm-1, which if observed indicates the sample is defective, as the gold base layer should 

completely cover the silicon.  

Vibrational features attributed to the DOPC bilayer were described in detail previously in 

Chapter 2, other lipids are noted in section 3.3.1. Characteristic lipid bands were observed at 

1620 cm-1, attributed to the C=C stretching vibration in the two cis double bonds of the 

oleoyl chains255. Peaks at 930 cm1 and 1236 cm-1 are found in the fingerprint region and can 

be attributed to C-C stretching and CH2 twist respectively, to name a few. A full table of lipid 

peaks characterisation is shown in Table 1. 

 

Figure 50: Normalised Raman spectra of Bare 1 m cavities, C6 modified 1m cavities, 

Polystyrene spheres present in 1m cavities and DOPC bilayer spanned over 1m cavities, 

all sample were sonicated in PBS solution and excited at 785 nm. Data is offset for clarity. (n 

≥ 3, at RT) 
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3.3.1 Raman Spectroscopy of the Lipid Bilayer 

As previously shown in section 2.3.6 in Figure 46, a spectrum of a DOPC bilayer was 

successfully obtained, and vibrational bands specific to the lipid were identified. Table 1 

shows the assigned bands to corresponding vibrational bands for DOPC, DOPC/SM/CH 

and literature assigned bands for CH and SM256. 

As ternary compositions were also of interest for these studies, a spectrum was obtained of 

the DOPC/SM/CH (40/40/20 %) composition, shown in Figure 51. The ternary 

composition of the bilayer added some complexity in the analysis of the spectrum as there 

is significant overlap between Raman features associated with DOPC (structure shown in 

Figure 4), sphingomyelin (structure shown in Figure 5) and cholesterol (structure shown in 

Figure 5). By using known peaks identified in the literature255,256,283,284, the peaks were 

tentatively identified to their sources in Figure 51, where green labels indicate cholesterol, 

red show sphingomyelin, blue signify DOPC and black is a combination of the bilayer 

compositions.  

Cholesterol, which is the most abundant sterol in animal tissue, has an arrangement of four 

cycloalkane rings, where one contains a hydroxyl group at the third position and an eight-

carbon chain on the far side. It has been shown, in its unbound form, to exhibit well-resolved 

vibrational bands at 2864 & 2930 cm-1 due to CH2 symmetric stretching and chain-end CH3 

stretching, respectively. Bands are also seen at 1672 (C=C stretching vibrations of the ring), 

1442 (CH2 scissoring modes) and 1087, 1130 & 1178 cm-1(C-C and C-H stretching)256. 

Depending on the type of cholesterol or cholesteryl ester present, these bands may change 

due to the membrane components interacting with neighbouring lipids.  

Sphingomyelin consists of a phosphocholine or phosphoethanolamine polar head group285 

and sphingosine bonded to a fatty acid. It has recorded bands at 1068, 1129, 1295, and 1437 

cm-1 attributed to acyl chain modes256. It also has numerous vibrational bands overlapping 

with DOPC as can be seen in Table 1. The most common being C=O & C-O-C stretching, 

deformation of the CH2 & CH3 and bending of C-O, C-O-H and C-H groups. 
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Functional 

group/ Vibration 

Region DOPC DOPC/SM

/CH 

SM240 CH240 

ν(C = O) 1680-

1820 

1628 1623, 1658, 

1751 

1670, 1654 1672 

ν(C = C) 1500-

1900 

1510, 1539, 

1592, 1616 

- - - 

δ(CH2)/δ(CH3) 1400-

1470 

1454 1420 1437 1442 

δ(CH3) 1380 1379 - - - 

β( C-O, C-O-H, 

C-H) 

1200-

1300 

1238, 1306 1290 1295 - 

υ(CC) alicyclic, 300-1300 1149 - - - 

ν (P-O) 1060-

1100 

1077 - 1096 - 

υ(C-O-C) asym 1060-

1150 

1005 1024, 1174 1129, 1090, 

1101 

1178, 1130, 

1087 

υ(C-O-C) / υ(O-

O) 

800-970 851 879 882, - 

ν asN+ (CH3)3 - 717 627, 748 723 - 

υ(Si-O-Si) 450-550 - 587 - - 

δCO3 701 - - - 701 

δ(C = O) 
 

- 485 - 548,424 

 

Table 1: Characteristic Raman Bands of DOPC, DOPC/SM/CH, CH256 and SM256 with 

assignment. β, bending; δ, deformation; υ, stretching (s, symmetric; as, asymmetric). 
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Figure 51: Raman of ternary lipid bilayer comprising of DOPC/SM/CH (40 %/40 %/20 %) 

spanned over 1 µm gold cavities in PBS solution, at 785 nm excitation wavelength. (n ≥ 3, at 

RT) 

Figure 51 shows a spectrum of the ternary bilayer composition (comprising of 

DOPC/SM/CH (40 %/40 %/20 %), which on the basis of phase diagrams shown in Figure 

28, is expected to be Lo and Ld phase separated at room temperature286) spanned over gold 

microcavities. Surprisingly, this bilayer composition showed weaker Raman spectra than the 

DOPC alone, with lower signal to noise ratio. Vibrational features between 490-530 cm-1 are 

tentatively attributed to cholesterol256. Both DOPC and SM have stretching C-O-C and O-

O vibrational modes between 720-890 cm-1, making it difficult to distinguish between the 

two. All three components show vibrational modes around 1125 cm-1 attributed to C-O-C 

asymmetrical stretching. Modes at 1024 and 1290 cm-1 are identifiable as SM C-O and C-O-

H bending vibrations, however, from 1400-1700 cm-1 there is extensive overlap between the 

lipids and distinguishing between them becomes difficult. The overlap is due to the lipid’s 

hydrocarbon chains showing bands in the 1400-1500 cm-1 region where scissoring and 

twisting vibrations of the CH2 and CH3 groups occur256. When comparing the spectra with 

a simple DOPC spectrum from section 2.3.6, it is evident that there is overlap of DOPC, 

CH and SM vibrational bands, in particular, those between 1200 and 1700 cm-1. Lipids also 

exhibit intense bands between 2800-3100 cm-1 due to C-H stretching modes256. However, as 

the drug did not show bands in this region, spectra were not recorded past 2600 cm-1.  
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The coupling and interactions of the lipid components causes changes in the spectra256 

adding complexity to the analysis of ternary lipid compositions. Although the microcavity 

array allows for well-resolved vibrational bands, interactions between the lipid and the gold 

& alkanethiol can result in small spectral changes. The changes are usually observed as a 

small shift in wavelength or change in intensity of the vibrational band.  

A key limitation to this method should be noted. SERS is known to have difficulty in 

reproducibility in signal intensity276,287. This is due to the slight variation from substrate to 

substrate and due to the dependence on the orientation of the analyte to the plasmonic 

surface276. To overcome this issue, the following approaches were made; single cavity 

measurements were completed as opposed to a wide-field approach with numerous cavities. 

This was to ensure variation in pore packing, areas of discontinuity and surface roughness, 

that is common with the Ps templating method used to create the cavities, as well as packing 

differences of the bilayer over the planar gold in-between cavities, would not cause any 

further signal variation which might influence the kinetic changes of interest. The spectra 

were also only taken once focused on the bilayer and the spectra was then normalised to a 

lipid peak located at 1006 cm-1. This allowed for the intensity to be compared on one sample 

over time, but not comparable from sample to sample. Another key issues was the temporal 

resolution of the Raman collection. As the laser intensity had to be kept relatively low as to 

not damage the bilayer, a high number of accumulation was required to obtain high-quality 

spectra. Typically, it took 2.3 minutes to take one spectrum, meaning the spectrum is in real 

time and is subject to change during acquisition.  
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3.3.2 Raman Investigation of Anthracyclines 

3.3.2.1 Raman Signature of the Drugs Alone 

 

 

 

 

Figure 52: Raman spectra obtained of 0.1 mM A) Doxorubicin B) Daunorubicin, in deionised 

water on a glass slide, excited at 785 nm. (n ≥ 3, at RT) 
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Through Raman spectroscopy, both doxorubicin (Figure 52 A) and daunorubicin (Figure 52 

B) have been shown to exhibit strong characteristic vibrational bands. Spectra of the drugs 

as both solid and in solution were obtained for reference, and key marker peaks were 

tabulated in Table 2. Doxorubicin and daunorubicin are similar in structure (Figure 26) and 

therefore as expected, show similar Raman spectra. Both drugs showed strong vibrational 

modes upon 785 nm excitation. As shown in Figure 52, at 444 cm-1, modes due to ring and 

carbonyl group bending vibrations are visible. The peaks at 344 cm-1 are due to a C-C-O and 

at 465 cm-1 are the result of C=O in-plane deformation288. The C-H3 wagging vibration of 

the daunosamine moiety results in a weak band at 792 cm-1 and aromatic carbon-hydrogen 

bending results in a strong band at 1083 cm-1. The region between 1200–1300 cm-1 is 

attributed to in-plane bending motions of C-O, C-O-H and C-H. Vibrational bands at 1205, 

1235, 1290 (C-O, C-O-H and C-H bending), 1410-1455 (aromatic ring vibrations), 

1428,1455, 1579 (C=C stretch) and 1643 cm -1 (hydrogen bonding stretching of C=O) have 

been documented for these drugs269. As seen in Figure 52, these documented peaks are 

clearly visible, such as the hydrogen bonded C=O stretching mode around 1640 cm-1 and 

skeletal ring vibrations around 1406, 1433 and 1570 cm-1. The identified drug bands, listed 

in Table 2, were then cross-referenced with the lipid bands, listed in Table 1, to identify what 

features from the drugs are well isolated from lipid bands.  

Functional group/ Vibration Region Doxorubicin Daunorubicin 

ν(C = O) 1680-1820 1643 1642 

ν(C = C) 1500-1900 1425, 1455, 1579 1464, 1575 

δ(CH2)δ(CH3) 1400-1470 1402 1409 

β( C-O, C-O-H, C-H) 1200-1300 1205, 1235, 1290 1210, 1247, 1301 

ν (P-O) 1060-1100 1083 1081 

υ(O-O)/ υ(C-O-C) 800-970 873, 992 882, 997 

ν asN+ (CH3)3  792 800 

υ(Si-O-Si) 450-550 500, 554 502, 578 

δ(C = O) 
 

444, 465 445 

δ(CC) aliphatic chains 250-400 210, 276, 322, 344 204, 283, 330, 354 

Table 2: Characteristic Raman Bands of Doxorubicin and Daunorubicin with assignment. 

β, bending; δ, deformation; υ, stretching (s, symmetric; as, asymmetric)256. 
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3.3.2.2 Anthracyclines Diffusion across Gold Cavities. 

In order to understand if we can follow the diffusion of the drugs through a bilayer into the 

cavity array through Raman spectroscopy; it was necessary to first monitor the signal 

obtained when the drugs diffused from solution into an aqueous filled unmodified gold 

cavity array. This was completed by adding a known concentration of drug, to unmodified 1 

m cavities incubated in 2 ml PBS buffer (typically so that the final concentration was 0.1 

mM) and monitoring the Raman signature over the course of an hour. Figure 53 and Figure 

54 show spectra of daunorubicin’s & doxorubicin’s diffusion process. When the cavities are 

in PBS only, a weak background spectrum is observable. It should be noted that although 

focus is on the cavities, due to the axial resolution, the confocal volume above the cavities 

will also be detected. However, once the drug has dispersed through the solution (approx. 

27 min according to experiment shown chapter 2), its signal should not alter and is 

overshadowed once SERS signal is observed when drug enters the cavity. 

As shown in Figure 53, no Raman modes are visible prior to or immediately following drug 

addition. At 10 minutes, weak vibrational bands begin to become apparent, as the drug 

disperses throughout the PBS. As time increases, the bands evolve in intensity. By 30 minutes 

well-defined peaks attributed to the drug, such as the ring vibrations at 444 cm-1 and the 

hydrogen bond bending at 1208 cm-1, become apparent. The time-scale of signal evolution 

corresponds well with the diffusion experiment completed in chapter 2, where it indicated 

that the drug takes approximately 27 minutes to diffusively mix in the solution and reach the 

bilayer. The intense well-resolved peaks observed at 30 minutes are attributed to the drug 

reaching the cavity interior and being plasmonically enhanced.  

By 40 minutes the signal has equilibrated and remains unchanged beyond this point as shown 

Figure 53, as the spectrum at 60 minutes is identical to the one observed at 40 minutes, The 

spectrum corresponds well to the solution phase spectra shown in Figure 52, with marker 

bands at 444, 1084 and 1436 cm-1 attributed to ring vibrations, aromatic carbon-hydrogen 

bending and C=C stretching respectively. Notably, the relative intensity of the Raman 

features on cavity substrates is pointedly enhanced in comparison to the drug in solution. In 

particular the higher frequency features above 1400 cm-1 are more intense relative to the 

lower frequency features at the cavities. This is attributed to SERS enhancement. The spectra 

indicate, that in the absence of a bilayer, it takes approximately 30 minutes for the drug to 

fully diffuse throughout 2 ml of PBS and reach the cavity surface. And takes up to 40 mins 

for maximum surface enhancement. 
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From the simulations in chapter 2, a small degree of enhancement should originate at the 

top surface, which we tentatively attribute to the weak peaks observed initially. The majority 

of the plasmonic enhancement should be localised within the cavity, meaning the strong 

peaks observed at 30 minutes can be attributed to diffusion into the cavity. Indicating that 

the signal observed can be initially attributed to Raman from the confocal volume, and as 

the drug diffuses into the pore, the signal is attributed to SERS from the drug within the 

cavity. 

As expected, doxorubicin (Figure 54) showed similar results. As with daunorubicin, weak 

background spectra were observed when immersed in PBS solution. Upon drug addition (0 

min), weak bands become immediately apparent. At 10 minutes, small weak vibrational 

bands are visible. The intensity of all the Raman bands remains roughly the same from 10 

minutes until 30 minutes, at which point the intensity increases, showing strong Raman 

bands. Between 45 and 55 minutes, the Raman intensity is maximal, suggesting that, as with 

daunorubicin, it takes approximately 30 minutes for the drug to diffuse throughout the 

solution and begin to receive plasmonic enhancement from the cavity and between 40-60 

minutes, equilibrium is reached, showing full enhancement received from the plasmonic 

cavities. 
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Figure 53: Raman spectra of 0.1 mM daunorubicin introduced to PBS filled bare 1 m cavities 

and monitored at a single cavity over 60 minutes. Data was offset for clarity. (n ≥ 3, at RT) 

 

 

Figure 54: Raman spectra of 0.1 mM doxorubicin introduced to PBS filled bare 1 m cavities 

and monitored at a single cavity over 60 minutes. Data was offset for clarity. (n ≥ 3, at RT) 
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3.3.2.3 Drug-Gold Interaction 

All cavity arrays were pre-sonicated with buffer prior to measurement or bilayer assembly. It 

is established that aqueous filling of the entire cavity is not achieved by simple contact of the 

array with water104. The space in the bottom of the well is not filled unless sonication is 

applied104. Furthermore, once pre-filled, diffusion of dyes into the volume, occurs freely104. 

To confirm complete diffusion of the drug into the cavity volume was achieved and to ensure 

no drug adsorption had occurred, the drugs were sonicated into the cavities at different 

concentrations (1 nM – 0.1 mM) for five minutes, and the Raman spectra from 5 locations 

was measured. The experiment was completed for both bare and C6 top-surface modified 

cavities.  

On bare gold cavities, weak background was solely observed in PBS solution. When 1 nM 

daunorubicin was sonicated into the cavities, well resolved Raman signal was observed. A 

similar observation was made at 2 nM and 5 nM. Raman intensity did not reproducibly 

increase linearly with concentration. Variation in intensity of Raman spectra may be 

attributed to difficulty focussing the laser on the plasmonic field in the cavities. This reflects 

a major challenge with the cavity substrate, as small change to focus or microscopic 

differences in the substrate can cause significant effects to the intensity of the Raman signal. 

This highlights a common issue with SERS substrates and will need to be addressed should 

the method be taken further than this initial study.  

Cavities were selectively modified as described in Chapter 2. Weak to no vibrational modes 

were observed for drug sonicated C6 modified cavities, over the concentration range of 100 

nM – 0.1 mM. At 1-5 nM, weak vibrational bands were observed, whereas 10 nM showed 

defined drug peaks. These drugs are known to aggregate289,290 at the higher concentrations. 

Meaning, the aggregates could interact with the modified monolayer and hinder its diffusion 

into the cavity.  

After drug incubation with the cavity array, samples were rinsed with deionised water and 

the Raman signal was measured again to determine if the drug was binding to the gold 

surface. Across the drug concentrations explored 1 nM – 0.05 mM, there was little evidence, 

post rinsing, for any resolved Raman signal from the drug. This indicates that minimal to no 

adsorption had occurred and adsorption can be excluded as the origin of SERS signal post 

diffusion into the cavities. 
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3.3.2.4 Effect of C6 on Drugs Diffusion Process 

Diffusion studies were completed on 6-mercapto-1-hexanol modified cavities to determine 

if the modification layer has an influence on the diffusion or enhancement of the drug. This 

was completed by introducing 0.1 mM doxorubicin/daunorubicin to C6 top surface-

modified cavities and C6 fully modified cavities (including the interior of the cavity) and 

monitoring the Raman signal over the course of an hour. An example of which can be seen 

in Figure 55. Defined vibrational bands attributed to both drug and C6 are visible for both 

samples at around 400 (C=O), 1209 (in-plane bending of C-O, C-O-H and C-H), 1400-1460 

and 1574 cm-1(skeletal ring vibrations). 

For top-surface only modified samples (Figure 55 A), weak Raman bands are evident over 

time, appearing at a higher intensity around approximately 30 minutes, similar to what was 

observed with bare samples. Interestingly, the spectrum obtained at 30 minutes shows 

greater signal intensity than the following spectra. The peak around 1570 cm-1 (Skeletal ring 

vibrations) appears to blue shift, while the peak at 1150 cm-1 red shifts. These then return to 

their original positions at 40 min. The spectral shift is most likely due to the gold plasmons264. 

However, the overall intensity for these top-surface modified cavities is lower than what is 

observed for bare samples. This indicates one of two occurrences, 1) top surface 

enhancement is larger than previously thought, but previous simulations indicate this is not 

the case. 2) The C6 is binding to the drug preventing it from entering the cavity for full 

enhancement. These drugs are known to aggregate at higher concentrations289; this 

aggregation may increase its likelihood of binding to C6.  

C6 modification of both top surface and the interior of the cavities (Figure 55 B) were also 

examined. At 0 minutes, small vibrational bands attributed to the C6 are visible, such as 400 

(C=O) and 850 cm-1 (υ(O-O)/ υ(C-O-C)). This is not as evident in the top surface only 

modified cavities, indicating the plasmonic enhancement is localised within the cavity and 

thus, corroborating with the simulations completed in Chapter 2. Similar to the previous 

samples, the signal intensity increased over time as the drug diffused into the cavity. At 20 

minutes, intense Raman vibrational bands are visible, and by 40 minutes, no further increase 

in signal is observed. The Raman signal of the structural information attributed to the region 

of 600 – 1100 cm-1 is more defined on fully modified samples than top surface only modified 

samples. Upon entry of the drugs into the C6 fully modified cavities, a greater Raman signal 

is observed over time than for top-surface only modified samples. It is possible that this is 

due to the entrapment of the drug by the C6 monolayer. The entrapment would immobilise 
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the drug close to the surface and within the plasmonic field resulting in greater signal 

enhancement. 

 

 

Figure 55: Raman spectra of 0.1 mM daunorubicin introduced to A) C6 top surface only 

modified and B) C6 modification of both top-surface and interior of 1 m cavities over time. 

Samples were prefilled with PBS and excited at 785 nm. Data was focused on a single cavity 

pore. Data is offset for clarity. (n ≥ 3, at RT) 
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3.3.3 Raman Investigation of the Interaction of Drugs with DOPC 

Bilayer 

To evaluate if the Raman/SERS response from the drug could be used to interrogate drug-

membrane interaction and whether signal evolution could be used to track the drugs arrival 

across a membrane into the cavity, permeation studies were conducted by introducing 

doxorubicin/daunorubicin to a DOPC bilayer, or a ternary bilayer spanned across 1 µm 

cavities in contact with 2 ml PBS solution. Focus was targeted on the lipid bilayer by 

obtaining its maximum intensity. Due to the axial resolution, signal from the bottom of the 

cavity pore should also be included, meaning both bilayer and cavity signal should be 

monitored throughout the study. 

As shown in Figure 1, as the drug permeates the bilayer, a SERS signal from the drug is 

observed. Initial studies were completed with 0.1 mM of doxorubicin and daunorubicin. 

Spectra were then obtained every 2.5 minutes for an hour. As can be seen in Figure 50 and 

Figure 52, characteristic and well-resolved Raman peaks can be distinguished at 789 cm-1 for 

daunorubicin, 788 cm-1 for doxorubicin and 720 cm-1 for DOPC (symmetrical stretching of 

choline N+(CH3)3 ) and 1639 cm-1(daunorubicin), 1640 cm-1 (doxorubicin) and 1620 cm-1 

(DOPC) (C=C stretching). However, there was significant overlap throughout the spectra 

of the lipid and drug features and due to this few peaks attributed solely to the bilayer or 

drugs could be identified. A lipid associated peak at 930 cm-1 (C-O-C stretching) and a drug 

associated peak were identified at 1640 cm-1 for doxorubicin, and at 1639 cm-1 and 1207 cm-

1 (δ (C-O-H)) for daunorubicin were also fairly well resolved. 
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Figure 56: SERS Spectra at 785 nm excitation, of 1 nM of daunorubicin introduced to a 

DOPC bilayer spanned over 1 m (PBS prefilled) gold microcavities. Data was focused on a 

single cavity pore (n ≥ 3, at RT). 

Figure 56 shows overlays of spectra obtained from DOPC alone and in the presence of 1 

nM daunorubicin. DOPC shows defined vibrational bands at 720, 1120 and 1620 cm-1 

attributed to C-H3 wagging vibration of the daunosamine moiety, bending of the C-O, C-O-

H, C-H groups and C=C stretching vibrations of the ring respectively, are visible in the PBS 

spectrum, indicating the successful spanning of a bilayer across the cavities.  

When the drug is introduced, an immediate change is observed in the obtained spectra. Some 

bilayer vibrational modes, such as those at 720 and 1120 cm-1 remain unchanged, however, 

others such as modes at 1620 cm-1 converge, shifting to a higher frequency and decrease in 

intensity. These spectral changes indicate molecular interactions are occurring between the 

drug and bilayer. Another example is observable at 1300 cm-1 (β(C-O, C-O-H, C-H)), where 

the DOPC modes shifts to 1312 cm-1 upon daunorubicin addition, suggesting H-bonding 

interaction is likely occurring at the membrane interface between the drug and phospholipid. 
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Lipid features across the range between 1500-1620 cm-1 shift to a higher frequency, and the 

peak intensity decreases upon drug addition. Whereas phosphate (P-O) mode also observed 

at 1075 cm-1 does not alter upon the introduction of the drug. The lipid peak at 1006 cm-1 

(υ(C-O-C) asymmetrical) is unaffected by drug addition and is therefore used as a reference 

peak for normalisation. Similar behaviour is observed when doxorubicin is introduced to the 

bilayer. These changes to the vibrational bands provide strong evidence for interaction 

between the bilayer and the drugs. 

To estimate the dynamic response, data was normalised to 1006 cm-1 lipid peak and then the 

area of the drug peaks 1640 (doxorubicin) and 1636 cm-1 (daunorubicin) was obtained using 

the labspec software. Representative data is shown in Figure 57 & Figure 63. As the 

experiment was focused on the bilayer, the data gathered should, reflect primarily on the 

interactions occurring within the bilayer. However, as the confocal volume in the z-plane is 

expected to be elongated, it should encompass the whole cavity, bilayer and solution. 

Meaning, although the bilayer and cavity are encompassed with in the collection data, the 

experiment is susceptible to z-drift. The absolute intensity was also found to vary from 

substrate to substrate, however, the dynamic response proved to be similar across replicates. 

On bare cavity samples, as shown in Figure 57, an increase in peak area was observed for 

approximately 20 minutes for both drug types and then plateaus off. The dynamics can be 

attributed to the drug diffusing throughout the contacting solution, where after 20 minutes 

it has fully diffused through solution and cavity. C6 modified cavities followed a similar 

pattern. Although, (notwithstanding the time-resolution of the measurements) equilibration 

takes slightly longer, at 25 minutes.  

The Raman signal evolution at DOPC bilayer spanned cavities showed different dynamics 

to bare and C6 modified cavities. Both drugs showed the same initial increase, attributed to 

diffusional mixing of the drug into the contacting solution. Then, on average, the peak area 

continues to increase between 30 and 50 min, which then appears to plateau. The signal is 

not steady and some variation from sample to sample is observed, which may be due to Z-

drift or nanoscopic variation in the gold substrate. As shifts to the lipid Raman features are 

evident during this window, this confirms the drug is in both the bilayer and reaching the 

cavity, as the confocal volume will encompass both allowing for the observation of their 

contributions. 
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Figure 57: Integrated peak area of the drug peak, 1636 cm-1 (peak limits set at 1629-1659 cm-

1), obtained at 785 nm excitation of A) bare, C6 modified and B) DOPC bilayer spanned 

cavity array in 0.1 mM doxorubicin and daunorubicin. (n ≥ 3, at RT) 
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3.3.3.2 Identification of Lowest Distinguishable Concentration 

To be able to accurately ascertain the occurring drug-membrane interactions, the drug 

Raman peaks must be observable over the lipid peaks. Meaning, identifying the lowest 

possible concentration of drug that was still decipherable over lipid peaks was required. To 

evaluate this, varied concentrations of the drug were sonicated into the cavities (in the 

absence of a bilayer) and the Raman was then measured. Well resolved Raman bands were 

observed for both drugs down to 1 nM concentration, a representative spectrum is shown 

in Figure 58. As these drugs are not typically expected to be below 1 nM in physiological 

conditions, lower concentrations were not examined. The SERS signal to noise was seen to 

be suitable from the cavities at this concentrations. Therefore, it was then investigated if the 

signal could be resolved above the lipid membrane background at this concentration. 

 

Figure 58: SERS Spectrum (monitoring a single pore) of 2 ml of 1 nM daunorubicin solution 

sonicated for 15 minutes with 1 µm bare gold cavities excited at 785 nm. (n ≥ 3, at RT) 

1 nM of the drug was introduced in the same manner as previous experiments and monitored 

for an hour (Figure 59). However, when the bilayer is present, distinguishing the drug peaks 

above the lipid background was challenging. The reference drug peak, 1640 cm-1 (ν(C = O)), 

which is identifiable at higher concentrations were difficult to distinguish at 1 nM (as can be 

seen in Figure 59). Nonetheless, Raman bands could be distinguished for both drugs down 

to 1 nM concentration in the presence of the bilayer. A key bilayer peak observed at 1128 

cm-1 (aliphatic chain vibrations) remains visible regardless of concentration. Peaks such as 

those found at 720, 496 & 1105 cm-1 remain observable are superimposed on drug features. 

Wavenumber (cm-1) 
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Figure 59: SERS Spectra of 1 nM doxorubicin & daunorubicin introduced to a DOPC bilayer 

spanned over 1 µm gold cavities in PBS buffer, obtained after initial addition of drug. 

Excitation wavelength used was 785 nm. Both drugs show defined Raman signatures 

indicating that this SERS method is sensitive enough for detecting nM concentrations of 

these drugs. Data was focused on a single cavity pore (n ≥ 3, at RT). 

3.3.3.3 Concentration Dependence of Response 

DOPC permeation experiments were completed over a range of drug concentration to 

encompass both administration concentrations and physiological concentrations, from 0.1 

mM to 1 nM. Experiments were completed in the same manner as previously described in 

this chapter, with the concentration of added drug being the sole variation. Both drugs are 

believed to embed themselves within the polar head group regions84. At physiological pH’s 

(of blood & plasma, pH 7-9291), doxorubicin should be a neutral species, whereas 

daunorubicin should have a positive charge273. The presence of a charge can cause 

differentiation in how the drugs interact electrostatically with the bilayer, which contains 

DOPC, a zwitterionic lipid. One study found through fluorescence spectroscopy and 

electron spin resonance on immortalised hamster B14 and NIH 3T3 mouse fibroblasts, that 

if 20 µM doxorubicin is added, the membrane experiences greater rigidity. Whereas, at 0.5 

µM doxorubicin, a small increase in fluidity is seen. From their work, they concluded that 

the drugs intercalate mainly into the hydrophobic core, and the surface of the bilayer is only 

affected at high concentraions292. 
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Figure 60: SERS spectra of 2 nM daunorubicin introduced to a DOPC bilayer spanned 1 m cavities (PBS filled) over time, excited at 785 nm. Data is 

offset for clarity. “PBS” is bilayer spectrum prior to drug addition, “0 min” indicates immediately after drug addition. Data was focused on a single 

cavity pore (n ≥ 3, at RT)
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Interestingly, at the lowest concentration of the drug explored at DOPC bilayers (1 nM & 2 

nM), an optical phenomenon was observed, where a broad feature between 1200 – 1700 cm-

1 appeared between 3-15 minutes. This features was consistently observed across replicates, 

however, the exact time-frame was found to vary and the features usually disappeared by 15 

minutes. An example of this peak increase can be seen in Figure 60 at 3 min. The features 

are too broad to be Raman modes and are tentatively attributed to scatter or the refractive 

index. A possibility as to why this is visible at lower concentrations and not high ones, is 

likely because the Raman signal is weak at this concentration and so is not masking the effect. 

It is also notable that at lower concentration a sinusoidal oscillation is observed in the 

background. This is a weak phenomenon and is only sometimes observed, it is attributed to 

laser diffraction from the ordered array. 

As seen in Figure 60, as the drug is added at 0 min, the spectrum decreases in intensity at 

peaks such as 1400 (δ(CH2)/δ(CH3)) and 1750 cm-1(ν(C = O)). After 3 minutes, a 

broadening and intensity increase is observed at 1280 and 1550 cm-1 attributed to C-O & C-

H bending and C=O stretching, where the former is a drug associated peak, and the latter is 

DOPC associated, suggesting drug-membrane interactions are occurring. This broadening 

only appears to occur at concentrations lower than 100 nM, as it was not visible at higher 

concentrations, where the stronger drug signal would obscure the peak broadening. 

At 15 minutes these peaks decrease in intensity, and the spectrum shows both bilayer and 

drug vibrational bands. At 30 minutes, well-resolved peaks associated to the drug such as 

882 cm-1 attributed to O-O stretching, are visible, which then decreased by 40 min. At 60 

minutes, only bilayer specific peaks are visible, suggesting that the drug has passed through 

the bilayer and is now residing in the cavity. Meaning, at low concentrations (2nM), 

depending on if the focus is on the bilayer or within the cavity, different information may be 

obtained. This is of interest, as even though a large confocal volume is used, allowing for 

signal from both above and below the bilayer to be collected, depending on where the 

primary focus is on, information specific to the bilayer can be obtained. 
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Figure 61: SERS spectra of 0.1 mM daunorubicin introduced to a DOPC bilayer spanned 1 m cavities (PBS filled) over time, excited at 785 nm. Data is 

offset with time increasing for clarity. Data was focused on a single cavity pore (n ≥ 3, at RT)

Wavenumber (cm-1) 
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Unsurprisingly, at the higher concentration, 0.1 mM, of daunorubicin (Figure 61), vibrational 

bands are more intense. In both cases well defined bilayer peaks were observed prior to drug 

addition such as 793 (ν asN+ (CH3) 3), 904 (υ(O-O)/ υ(C-O-C)), 1061 (ν (P-O)), 1451 

(δ(CH2)/δ(CH3)) and 1619 cm-1 (ν(C = O)) . Upon drug addition, vibrational bands, 1572 

(υ(C=C) and 990 cm-1 (υ(O-O)/ υ(C-O-C), attributed to the drug become apparent. In the 

case of the higher concentration, by 10 minutes, drug vibrational bands are clearly visible 

over the bilayer bands. The intensity remains similar from 10 to 30 minutes (attributed to 

drug diffusion in solution), where it then further increases. This pattern agrees with our 

hypothesis, where the drug immediately begins to interact with the bilayer upon addition but 

does not reach full bilayer insertion until 30 minutes. Where it receives minor top-surface 

enhancement from bilayer residence and is fully dispersed amongst the solution, and then 

begins to diffuse into the cavity, being further enhanced. 

At 2 nM, it is evident when the drug is interacting with the bilayer and diffusing through, 

due to the large increase in Raman signatures. However, at 0.1 mM due to the intensity of 

the drug vibrational bands, it is difficult to identify and monitor lipid bands as they have a 

weaker cross-section and are obscured by drug signal. Although this does provide more 

information on bilayer-membrane permeation dynamics than weaker concentrations. For 

example, in Figure 62, at 15 and 25 minutes, bilayer-drug bands are mostly visible, whereas, 

at 40+ minutes, drug vibrational bands dominate bilayer bands. This is taken to indicate, that 

at the earlier time point where concentration within the cavity is low with minimal signal 

enhancement, the drug is arriving at the bilayer and at 40 minutes it is diffusing into the 

cavity. This is possible due to both signal from the bilayer and cavity being obtained due to 

the large confocal volume. Meaning, we are observing in real time what is happening to a 

single cavity, which in future, with more complex lipid membranes, can ideally mimic what 

would occur in a single cell. 
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Figure 62: SERS spectra of 0.1 mM doxorubicin introduced to a DOPC bilayer spanned 1 m cavities (PBS filled) over time, excited at 785 nm. Data is 

offset with time increasing for clarity. Data was focused on a single cavity pore (n ≥ 3, at RT)

0.00E+00

5.00E+03

1.00E+04

1.50E+04

2.00E+04

2.50E+04

100 300 500 700 900 1100 1300 1500 1700

R
a
m

a
n

 I
n

te
n

si
ty

Wavenumber (cm-1)

0 min

5 min

10 min

15 min

25 min

35 min

45 min

55 min

60 min



 
128 

 

The membrane permeation of the anthracyclines was examined across a range of 

concentrations from 0.1 mM - 1 nM. Both doxorubicin and daunorubicin were detectable at 

the lower concentrations; however, as previously described, posed more difficulty to 

distinguish from the bilayer background. The dynamic evolution of SERS signal was plotted 

versus time using the integrated peak areas of the marker bands for doxorubicin (1640 cm-1) 

and daunorubicin (1636 cm-1). An example is shown Figure 63. Interestingly, a different set 

of kinetics is reproducibly observed at the higher concentrations than the lower nM 

concentrations. For 0.1 mM-50 nM, an initial increase in peak area is observed for 20-30 

minutes. The peak area then rises (with fluctuations) until 50 minutes where it then plateaus. 

For the concentrations range 10-1 nM, the peak area increases until 20 minutes, where it 

then decreases until 35-50 minutes, which is followed by a plateau. (2 nM shows a refocusing 

issue at 35 min). The origin of this difference is unclear, it may be due to the lower 

concentrations being more prone to artefacts from z-drift or there may be a subtle difference 

occurred depending on concentration.  

Overall, the kinetics suggest an initial rise and increase due to drug diffusion through the 

solution, followed by drug insertion into the bilayer. A decrease in peak area was widely seen 

which may be attributed to photodecomposition or the drug diffusing out of the bilayer. 

Overall, particularly at lower concentrations, using peak area for selected markers as the 

indicators the data showed variability. This may be due to laser drift. Any minor shift in 

focus proved to cause an effect on the peak area. This suggests that although this method 

can provide in-depth information on the occurring drug-membrane interactions, it cannot 

in the format used here, provide accurate information on the occurring dynamics, but can 

provide evidence of permeation. Improvement in the fabrication of the gold cavities would 

be required before this would be possible to try obtain accurate information on the kinetics 

of the drug permeation.  



 
129 

 

 

 

 

Figure 63: Dynamic changes to the Raman band found at 1639 cm-1 obtained at 785 nm 

excitation of DOPC bilayer spanned 1 µm cavities in 1 nM, 2 nM, 100 nM, 50 µM and 0.1 mM 

daunorubicin. (n ≥ 3, at RT) 

3.3.4 Raman Investigation of Drug and Ternary Bilayer Interaction. 

As the end goal of this project is to develop a biomimetic permeability assay, the bilayer 

composition was changed to a ternary composition to include SM and CH. The ternary 

composition comprising of DOPC/SM/CH (40/40/20 %), is not strictly a physiologically 

ratio. However, it is well known to be phase forming and is expected to form fluidic DOPC 

enriched Ld and more rigid CH/SM enriched Lo phases which are thought to mimic rafts, 
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believed to form in cell membranes286. Ternary bilayer composition preparation and 

subsequent Raman experiments were completed in the same manner as previous DOPC 

bilayer experiments. Figure 64 shows a Raman spectra of a ternary composition bilayer in 

just PBS buffer and the bilayer after 50 minutes incubation in 0.1 mM daunorubicin.  

As with the DOPC bilayer, shifts in both lipid and drug related peaks were observed. Peaks 

such as those at 301 (deformation of CC aliphatic chains), 520 (bending of the CH2 in ring) 

and the range between 1700-2200 cm-1 (C=O and C=C stretching) increase in intensity after 

drug incubation. The peaks at 1538 (ν(C = C)), 812 (υ(C-O-C)), 719 (asymmetrical stretching 

of choline N+(CH3)3)
256 and 392 cm-1(deformation of CC aliphatic chains) decrease in 

intensity. Whereas the peaks observed between 1123 – 1385 cm-1 appears to red shift. This 

region is attributed to the in-plane bending of the C-O, C-O-H and C-H. Meaning both 

peaks associated with the bilayer and the drug can be identified. As with DOPC bilayer 

spanned cavities, this change in bilayer associated vibrational bands indicate that the drug is 

intercalating into the bilayer. 

 

 

Figure 64: SERS Spectra (785 nm excitation) when 0.1 mM of daunorubicin introduced to a 

DOPC/SM/CH bilayer spanned over 1 m (PBS filled) gold microcavities, Where PBS is 

bilayer spanned cavity alone in PBS solution. Data was normalised to 1006 cm-1 band. 

Measurement was focused on a single cavity pore (n ≥ 3, at RT) 
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Figure 65 shows spectra of 100 nM doxorubicin’s interaction with a ternary bilayer 

composition. Repeatedly, upon addition of the drug (0 min), bilayer peaks are predominantly 

observed. At 15 minutes, intense drug peaks become apparent, taken to indicate that the 

drug has diffusively mixed into solution and has reached the membrane. As time increases, 

drug peaks then dominate the spectrum, and lipid peaks become difficult to distinguish.  

Data was normalised to a phosphate peak as previously described, and Raman peak area was 

acquired on drug only associated peaks, to minimise any deviation caused by liquid 

ordered/disordered phases. The different phases, Lo and Ld, are identifiable using Raman 

spectroscopy by the C-H stretching vibrations within the 2800 – 3100 cm-1 region. Where 

the intensity ratio between 2850/2880 and 2935/2880 peaks may be used to identify the 

phase. Low ratios indicate higher conformational order of the hydrocarbon chains of the 

lipid293. Meaning, in future, we may identify if the region where the data is obtained is 

predominantly a liquid ordered or disordered region and observe if there is a difference in 

drug-lipid interaction due to this.  

The introduction of SM and CH into the membrane is expected to decrease its fluidity. One 

study, by Speelmans et al. which looked into doxorubicin’s diffusion across mixed 

composition liposomes through fluorescence emission, observed that when doxorubicin 

inserts itself into the headgroup region of the bilayer, it results in tightening of the region 

and therefore causes a hindrance to any unbound drug trying to permeate the membrane272. 

They found that the addition of SM and CH to the DOPC membrane strongly decreased 

the transport of doxorubicin. Where SM, showed binding affinities to both DOPC and the 

doxorubicin drug, whereas CH showed little to no binding with the drug272. It was observed 

that in the presence of CH, doxorubicin would preferentially partition close to the water-

lipid interface. They also observed an increase in hydrogen bonds in both lipid and water 

molecules186.  
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Figure 65: Sample SERS spectra (785 nm excitation) of 100 nM doxorubicin introduced to DOPC/SM/CH bilayer spanned over 1 m (PBS filled) gold 

microcavities. Data was offset for clarity. Measurement was focused on a single cavity pore (n ≥ 3, at RT) 
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3.3.4.2. Effect of Concentration on Ternary Composition. 

The evolution of the Raman spectra of the ternary composition were evaluated at three drug 

concentrations, 0.1 mM, 50 µM and 100 nM, using the Raman bands previously described. 

Representative peak area data for doxorubicin is shown in Figure 66. Both drugs repeatedly 

showed similar responses across all concentrations, where initial increase in Raman peak area 

for the first 25 minutes is due to dispersal of the drug through the contacting solution and 

initial interaction of the drug with the bilayer. The peak area then decreases slightly and 

plateaus. There are no significant changes to intensity beyond approximately 30 minutes and 

this seems to suggest that the bilayer is not being permeated. This may be due to higher 

rigidity caused of the ternary composition. Meaning the increase in signal observed can be 

attributed to the drug dispersing throughout the confocal volume, which is expected due to 

the axial resolution. Notably, the peak area for the 0.1 mM drug was lower than that observed 

for 0.05 mM or 100 nM. The peak area suggests that at this concentration, the drug is less 

SERS enhanced, indicating that it is not penetrating the bilayer or reaching the cavity. This 

may be due to aggregation of the drugs, which has been noted at higher concentrations and 

is confirmed in the fluorescence studies in chapter 4289,290. Interestingly, daunorubicin shows 

the same dynamics as doxorubicin at all three concentrations. 

 

Figure 66: Peak area of the drug peak at 1636 cm-1 obtained at 785 nm excitation of 

DOPC/SM/CH bilayer spanned cavity array in 0.1 mM, 0.05 mM, and 100 nM doxorubicin. 

(n ≥ 3, at RT) 
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The peak area of the ternary composition was then compared to the DOPC composition to 

determine if composition has an influence on the dynamics. As the first 20-30 minutes is 

attributed to the drug dispersing through the solution, this was expected to remain the same. 

Following this, the change in peak area at 0.05 mM and 100 nM with both drugs, were very 

similar at both DOPC and ternary composition. 

The peak area indicates that below a certain concentration, the composition of the bilayer 

does not affect the drug’s interaction with the membrane. This may be due to the drug 

aggregating above a certain concentration289 and therefore resulting in different kinetics. The 

data is consistent with a report by Alves et al. who showed through fluorescence quenching 

studies, that daunorubicin has a higher affinity for membranes composed of just PC over 

mixed compositions also containing SM and CH273. The difference between bilayers could 

be attributed to DOPC’s higher fluidity, allowing for the drug to imbed itself easier into the 

membrane than in the ridged ternary composition. 

3.3.5 Planar Vs Cavity Gold 

Permeation studies were then attempted on bilayer spanned planar gold substrates to 

determine the difference in the enhancement between planar and cavity substrates. From the 

simulations completed in chapter 2, a small amount of enhancement should be expected 

from the top-surface of the substrate. However, as SERS is a distance-dependant 

method132,260, it is unlikely for the bilayer to receive full enhancement from the cavity well, 

only enhancement from the top-surface and the edge of the cavity well. Nonetheless, due to 

the axial resolution of the system, focusing on the bilayer should ensure the bottom of the 

well in also sampled. Meaning signal from both should be observed. 

Planar substrates proved challenging to obtain a lipid vibrational spectrum prior to drug 

introduction. Multiple repeats and substrates were attempted with both DOPC and 

DOPC/SM/CH bilayers. Figure 67 shows an example of experiments completed on both 

bilayers on cavity substrates and planar substrate, where little to no evidence of SERS of the 

bilayer was evident on planar substrates.  

In contrast, cavity substrates showed clear, defined vibration bands. Both DOPC and ternary 

bilayer planar substrates Raman intensities appeared to be approximately an order of 

magnitude smaller than cavity samples. Due to the Raman bands on the planar sample being 

so weak, they appear to be overlayed by broad background vibration, making identification 

challenging and imprecise. 
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Figure 67: Raman Spectra of Planar gold substrates vs cavities with DOPC and 

DOPC/SM/CH bilayers in 2 ml of 0.1 mM daunorubicin. Excitation at 785 nm. (n ≥ 3, at 

RT) 

  

0.00E+00

5.00E+03

1.00E+04

1.50E+04

2.00E+04

2.50E+04

3.00E+04

200 700 1200 1700 2200

R
a
m

a
n

a
 I

n
te

n
si

ty

Wavenumber (cm-1)

DOPC Cavities

DOPC Planar

0.00E+00

5.00E+03

1.00E+04

1.50E+04

2.00E+04

2.50E+04

3.00E+04

200 700 1200 1700 2200

R
a
m

a
n

 I
n

te
n

si
ty

Wavenumber (cm-1)

DOPC/SM/CH
Cavities

DOPC/SM/CH Planar



 
136 

 

Previous studies have shown enhancement factors of between 6-8 orders of magnitude for 

these cavity substrates104. The data shown is consistent with this and shows that they are 

highly suited to obtaining Raman spectra of true bilayers. The well resolved Raman signal of 

the bilayer at these substrates opens the possibility to deeply interrogate the bilayer structure 

and the molecular interactions. It should also be noted that previous studies through EIS 

and FLCS have shown that lipid diffusion over a single pore is highly biomimetic and has 

fluidity and lateral order more similar to cell membranes than what is seen on planar 

areas21,102. Bilayers across planar areas have shown tighter membrane packing resulting in 

reduced fluidity which can influence drug permeability. This is a further reason for focusing 

on a single pore in this study, as multi-pore measurements would include the planar regions 

found between the pores, which would be less analogous of a single cell membrane. 

3.4 Conclusions 

Determining drug permeability and optimising this process is vital in drug and cosmetic 

industries. Studies examining how drugs interact and permeate a lipid membrane provides 

critical information which helps minimise the volume of unsuitable drugs reaching expensive 

late-stage testing. Current methods are either not very biomimetic such as LogP10 or 

PAMPA9,12, or are time consuming, such as cell-based assays11. For these reasons, the 

development of a membrane permeability assay as a precursor step to cell work is of great 

interest, and through the use of SERS, a label-free, non-destructive method may be obtained. 

Within this chapter, the potential for using SERS as a method to detect membrane 

permeability was examined. 

Herein, we demonstrated use of gold micro-cavities as SERS substrates for the support and 

evaluation of lipid bilayer and studied their interactions with representative membrane 

permeable drugs. Lipid bilayers were successfully spanned over these cavities and were found 

to remain stable for the duration of the experiment, corresponding with currently used 

methods27. Through the use of plasmonic enhancement, these bilayers could be detected by 

their Raman signatures and even the separate components within the membrane were 

identified and shown in Table 1. Where reported peaks256 such as 548 (C=O deformation), 

701 cm-1 (δCO3) attributed to cholesterol, 723 and 1290 cm-1 attributed to sphingomyelin’s 

asymmetrical stretching of N+(CH3)3 and bending of C-O and C-O-H groups were seen. 

DOPC showed vibrational stretching of C=C at 1520, 1539, 1592 and 1616 cm-1. Common 

bands to all three lipids were seen due to vibrational stretching of C=O and C-O-C 

(asymmetric).  
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The Raman signatures of the drugs alone were characterised (Table 2), and similar bands 

were found for both drugs, such as deformation of C=O at 444 and 445 cm-1 and 

deformation of CH2 & CH3 at 1402 and 1409 cm-1 for doxorubicin and daunorubicin 

respectively. The evolution of Raman signature in contact with the solution and unmodified 

cavity arrays was extracted, confirming that it takes approximately 30 minutes for the drug 

to completely diffuse throughout a 2 ml solution. 

The drug was then introduced to a bilayer spanned cavity. From the obtained data, the results 

suggested that SERS was capable of identifying drug interaction and diffusion through a 

bilayer due to the spectral shifts and intensity changes. However, due to the variation of 

SERS enhancement substrate to substrate, intensity was not comparable from sample to 

sample. A focus for future work may be to address this limitation by generation of identical 

substrates to reduce sample-sample variations. 

Due to the sensitivity of this method, subtle differences were observed between two similar 

drugs’ interaction with the bilayer, with resolution as low as nanomolar concentrations, 

demonstrating an advantage over current, less biomimetic methods, such as PAMPA. 

However PAMPA provides quantitative information that this method still lacks294. 

Furthermore, differences were observed on ternary compositions, indicating that this 

method may be suitable for complex biomimetic compositions. When compared to planar 

gold studies, the cavity samples consistently revealed dramatically better defined and higher 

intensity vibrational bands than planar samples. Taken together, these advantages indicate 

that cavities developed during this work are effective as SERS substrates and suitable for 

future practices.  

Through use of SERS, insight into doxorubicin and daunorubicin interaction with 

membranes was obtained. While the Raman intensity varied from sample to sample due to 

the nature of SERS substrates, reproducible well-defined spectra were obtained and showed 

both lipid and drug peaks and their changes over time. Despite the great care was taken to 

minimise variation, and though this method could provide valuable information into drug-

membrane permeability, further improvements are recommended before development into 

an early stage testing method. Chapter 4 examines the use of MEF as a suitable method to 

detect membrane permeability and chapter 5 describes the development of an enclosed low 

volume cell to overcome some of the identified issues of this novel technique. 
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Chapter 4: Fluorescence Detection of Membrane 

Permeability
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4.1 Introduction 

Plasmonically active substrates can be exploited for the enhancement of fluorescence signals, 

as well as for SERS. Metal-enhanced fluorescence has been widely explored from the 

perspective of bio-diagnostic fields167, imaging dyes173, in assays295, biosensing296 and for 

nanoprobe application297. Although its application in quantitative sensing is still limited, likely 

for the same reason SERS has not been widely adopted164. Metal enhanced fluorescence on 

a reflecting substrate, can enhanced emission if it is in phase, or reduced if it is out of phase. 

This effect is known as super-radiance and sub-radiance, respectively. Angular emission is 

also enhanced at mirrored surfaces, which on average can result in a four-fold enhancement. 

The combination of these effects with plasmonic fields can induce a good degree of 

enhancement, allowing for a greater signal to be obtained101. Because of competing 

quenching processes, at the surface, as described in chapter 1, and also because 

reflectance/focussing plays a role, there is a trade off in MEF that means the intensity of 

fluorescence is maximised at a specific distance from the metal surface275, typically 10 to 20 

nm from the surface.  

As described in chapter 2 and 3, lipid bilayers can be readily spanned over aqueous filled 

gold cavity surfaces14102,208, creating a pore spanned bilayer model. The gold cavity arrays have 

been shown to provide significant MEF enhancement originating both from the optical 

effects of the cavity and plasmonic enhancement. Together, these techniques can provide a 

sensitive and novel means of detecting drug permeation of phospholipid bilayers of truly 

biomimetic compositions. As MEF is a distance dependant technique for enhancement to 

occur, traditional SLB’s which only provide a small water layer, typically 1-2 nm between the 

lipid and gold surface would not be suitable. Therefore, the use of cavity substrates has a 

unique advantage as by the introduction of cavities, this distance is created and allows for 

metal enhancement. For these studies, gold was used over silver, due to its inert properties, 

biocompatibility and its higher success in fabrication of microcavity arrays. 

In the previous study, lipid bilayer supported cavities were exploited for drug-permeability 

studies using SERS. In this study, analogous experiments were completed using MEF. 

Fluorescence has been commonly used for biophysical and biomedical applications due to 

its high sensitivity. Through quenching, resonance energy transfer and anisotropic decay, it 

can provide information on the fluorophores exposure to a solvent, donor-acceptors 

proximity and the internal dynamics and motions of membrane and proteins, respectively169. 
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Therefore, fluorescence had been widely used for imaging, drug discovery, immunoassays, 

and many more.  

Here, we investigate if the highly localised MEF, observed in the pore arrays reported to 

date, can be exploited to mark both if and when permeation of a fluorescent drugs arrival 

across a spanned lipid membrane. In this chapter, we initially again assemble pore spanning 

lipid bilayers, assess their stability and integrity, using a membrane-impermeable dye, 

DRAQ7, using fluorescence and then by comparing temporal changes to fluorescence 

intensity of this probe with the permeable fluorescent drugs doxorubicin and daunorubicin 

explored by SERS in chapter 3. The purpose is to understand if the profile of intensity 

changes observed between impermeable and permeable probes is distinguishable and thus 

to establish if MEF might form the basis for an assay of permeation. 

DRAQ7 is an anthraquinone compound commonly used in cell imaging as it stains nuclei in 

dead or permeabilised cells257. It is known to emit in the far-red field but is also sub-optimally 

excited by 488 nm laser. It is commonly used to differentiate between live and dead cells due 

to its non-permeant properties with live cells298. The dye readily binds to nuclear DNA, but 

as it cannot penetrate the plasma membrane of living cells, it can be used as an indicator of 

membrane degradation. Also, DRAQ7 has no known influence on cell response, growth, 

etc298. Therefore, the detection of fluorescence emission from the cavities in the presence of 

the bilayer was not expected, meaning this could be used to indicate homogenous spanning 

of the bilayer.  

Our studies examined the fluorescent intensity changes elicited from a permeable and 

impermeable drugs/drug analogues in contact with lipid bilayer models of two membrane 

composition: DOPC and DOPC/SM/CH (40/40/20 %) and compared the effects of 

bilayer supported at SLB and cavity array on signal evolution. There are additional challenges 

in applying MEF over SERS for detection of permeation/arrival time by plasmonic 

enhancement, in that because of the axial resolution of the detection volume, if the 

fluorophore is sufficiently fluorescent in blank buffer, it will contribute a continuous 

background to the fluorescence signal, which is not an issue in Raman because of the 

tremendous differences in amplification of SERS over Raman signal. Nonetheless, we 

demonstrate here, that, because of amplification of fluorescence signal, both when the drug 

binds to the membrane and when enhanced by MEF, a dynamic signal is measurable above 

background that enables distinction between permeable and non-permeable species. 
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4.2 Materials & Methods 

Samples were prepared in the same manner as discussed in section 2.2 with the same 

deviations as discussed in section 3.2. A Horiba Raman/fluorescent microscope with a CCD 

detector was used for all MEF measurements as discussed in section 2.3.6. 

All experiments presented were performed at a minimum in triplicate. Any measurements in 

which it was evident, from EIS or fluorescence that the bilayer had not fully formed or had 

degraded, were discarded (<5%). Peak area limits were set at 640 - 840 nm for DRAQ7 and 

520 - 750 nm for doxorubicin & daunorubicin. All MEF experiments focused on a single 

cavity pore. 

4.2.1 Quenching Experiment 

Microcavity array experiments were completed as described in section 2.2.8, on both bare 

and DOPC modified arrays with 0.1 mM doxorubicin. 0.25 M potassium iodide (Sigma) was 

introduced to the contacting solution and fluorescence measurements were taken every 5 

minutes for 1 hour. 

4.3 Results & Discussion 

4.3.1 Metal Enhanced Fluorescence Spectroscopic Determination of 

Bilayer Stability 

To confirm the integrity of the lipid bilayer assembled across the microcavity array and to 

ensure that it acts as a barrier to membrane impermeable species, control experiments were 

carried out by incubating the microcavity supported DOPC bilayer with DRAQ7. DRAQ7 

is a widely used membrane impermeable marker of cell death257,298, as it is impermeable to 

intact membranes permeating only after membrane integrity is lost, as mentioned in section 

4.1. 

0.75 µM DRAQ7 was introduced to the contacting solution (aqueous PBS buffer, pH 7.4) 

at the distal interface of the lipid bilayer supported cavity array and, in parallel as a control, 

an analogous experiment was carried out at an aqueous filled cavity array in the absence of 

a bilayer. Fluorescence spectra under 633 nm excitation were collected focussing on a single 

pore, were collected immediately upon the administration of the dye and then every 5 

minutes over a two-hour period.  
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Figure 68: Time evolution of fluorescence spectra obtained during incubation of 0.75 μM of 

DRAQ7 with A) unmodified bare 1 μm cavities, and B) DOPC spanned lipid bilayer cavities 

at 633 nm excitation. Where PBS indicates no probe is introduced, and the following are 

spectra obtained within the first 5 minutes, followed by every 5 minutes for up to 70 minutes. 

Measurements was focused on a single cavity pore (n ≥ 3, at RT). 
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Figure 68 (A) shows that in the control, i.e. in the absence of bilayer, the fluorescence from 

the DRAQ7 evolves in intensity, peaking at 20 min. Notably, when the probe intensity peaks 

around 20 min, Raman vibrational bands emerge superimposed on the fluorescence spectra 

between 670 -720 nm. These were attributable to DRAQ7 at 435, 514 (stretching of the Si-

O-Si), 1170 (CC stretching), 1240, 12881, 1318 (Bending of C-O, C-O-H, C-H), 1412, 

(deformation of (CH2)/δ(CH3), 1586 and 1650 cm-1 (C = C stretching). A Raman spectrum 

of DRAQ7 alone in solution was completed, (Figure 69) and was confirmed to have 

matching peaks to those observed superimposed on the fluorescence of the bare cavity 

sample. The fluorescence intensity stabilises between 25-30 minutes and intensity then 

decreases, attributed to some photobleaching of the probe due to extended irradiation. 

DRAQ7 was added to 2 ml PBS solution in the sample chamber in the absence of gold to 

estimate the time for diffusive mixing to equilibrate within the sample chamber. This is 

shown in Figure 69 B. The fluorescence intensity evolution here followed a similar pattern 

as in the presence of cavities, with signal peaking and stabilizing from 20-30 min. As 

observed in the presence of the array, the fluorescence intensity decreased over extended 

measurement times, confirming this was likely to photobleaching from prolonged exposure 

of the laser. 

From control experiments in presence of the array, but in the absence of a bilayer, it was 

evident that the gold cavities provided a significant degree of enhancement, as there was an 

800 % increase in signal intensity in their presence. This indicated that the gold microcavities 

provide sufficient enhancement to enable observation of intensity changes associated with 

membrane permeation over the background from solution contained within the axial focus. 

As the simulations completed in chapter 2 indicate, a strong fluorescence enhancement was 

expected to be observable from the mid-bottom of the well when the drugs emission or 

absorption peaks lie within the red-to-NIR region, which was the case here. It has also been 

previously shown that it is possible to get up to 50-fold MEF enhancement from these 

cavities104.  

Based on the evidence of the data in chapter 2, the first 27 minutes of the fluorescence signal 

can be attributed to the diffusive mixing of the probe within the solution volume. Beyond 

this, any changes to intensity can be attributed to changes induced by membrane, when it is 

present and to metal enhanced fluorescence from arrival at the cavity. This conclusion is 

supported by the evidently enhanced Raman signal, attributed to surface enhanced resonance 

Raman (SERRS) arising from the same plasmonic enhancement as the fluorescence. As 
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described, because of the 3 µm axial resolution of the microscope for fluorescence 

measurements, when focussing on the lipid membrane we are interrogating both solution 

above the cavity, as well as the cavity and bilayer. When focus is on the bilayer or slightly 

below it, about 50% of the confocal volume will be the contacting solution. However, 

contribution from this volume, once diffusive mixing is completed, is not expected to 

change, so any further increase in intensity can be attributed to the cavity enhancement (and 

changes induced by membrane when it is present). 

When DRAQ7 was introduced to the contacting solution at a DOPC bilayer spanned cavity 

array (Figure 68 B), the evolution of the fluorescence was initially similar to bare cavities but 

peaked at around 10 min, but at an intensity that was approximately half of the final intensity 

of the bare cavity array. Crucially, no Raman vibrational bands were evident at any point 

throughout the temporal window. This result indicates that in the presence of the bilayer, 

the fluorescence was only weakly metal enhanced (as intensity was greater than solution 

alone) and that SERRS was not observed, indicating that the probe did not reach the cavity 

interior. Thus, we can conclude that the DOPC bilayer has formed, is intact and maintain its 

integrity throughout the experiment, acting as an impermeable barrier to the DRAQ7. After 

40 min, as before, DRAQ7 fluorescence intensity was reduced, indicating some 

photodegradation. As the bilayer is about 5 nm thick, modest MEF enhancement of the drug 

in solution above the array is likely to arise from the top surface of the array. 

To evaluate the integrity of a more complex lipid bilayer composition, the same experiments 

were then repeated at a ternary, domain forming lipid bilayer composition (DOPC/SM/CH, 

40/40/20 %) spanned across the array. Here again, Figure 70 shows the emission increase 

upon administration of the dye to the 2 ml solution due to its diffusion into the solution 

volume. The final fluorescence intensity on the ternary spanned cavity arrays was an order 

of magnitude less than the final fluorescence intensity observed at unmodified cavity arrays. 

Therefore, the ternary bilayer was also confirmed to be fully formed, showing that this 

composition also forms an impermeable barrier to DRAQ7 at the cavity array. 
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Figure 69: A) Raman spectrum of 10uM DRAQ7 on 1 µM gold cavities at 785 nm excitation. 

B) Time evolution of fluorescence spectra obtained after addition of 0.75 μM of DRAQ7 to 2 

ml PBS buffer at 633 nm excitation. Where PBS indicates no probe is introduced and the 

following are spectra obtained within the first 5 minutes, followed by every 5 minutes for up 

to 60 minutes. Peaks seen at 680, 740 and 780 nm are artefacts due to the detector. (n ≥ 3, at 

RT) 
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The difference in emission intensity between the probe at DOPC and ternary compositions 

is interesting. The presence of cholesterol in membrane will be expected to thicken the 

membrane299. The change in thickness reported depends on composition and method of 

interrogation, but typically ranges from 0.5 to 1 nm. For example, Bleecker et al. reported 

that the difference in thickness between Lo and cholesterol enriched Lo phases is 1.69 nm 

via x-ray diffraction studies300, which is one of the higher thickness differences reported. 

Nonetheless, we speculate that reduced emission intensity observed at the ternary membrane 

is due to the increase membrane thickness, which increases the distance between the probe 

and the top surface, eliminating any MEF seen for thinner DOPC membrane. The DRAQ7 

experiments provide excellent evidence for the presence and integrity of the membrane, 

through the absence of MEF enhancement in the presence of the bilayer. It also shows good 

evidence that the proposed method provides sufficient enough signal enhancement that the 

interaction with the membrane and arrival in the cavity can be readily marked above the 

background contained within the axial focus of the microscope. 

To evaluate the dynamic response, the integrated fluorescence peak area was plotted against 

time (Figure 71). Repeatedly, in all cases: bare, DOPC & DOPC/SM/CH bilayer cavities, an 

initial fluorescence increase was observed as the dye dispersed through the solution. Some 

photodegradation was observed in the bare and DOPC bilayer cavities. It was evident that 

no permeation occurred in the complex DOPC/SM/CH composition. As discussed above, 

no permeation occurred at the DOPC membrane (confirmed as the SERRS signal observed 

at bare cavity was not evident), but some MEF from the top surface occurs. It cannot be 

completely excluded that some of the signal comes from dye leakage at DOPC, given it is 

an unsaturated lipid, it is not as tightly packed as the ternary composition69,76. Nonetheless, 

the absence of SERRS and also from parallel studies in our group by Raman, suggest DOPC 

is also impermeable301. 

In summary, control experiments using an impermeable probe DRAQ7, confirmed the 

presence, integrity and stability over the experimental window over bilayer spanned 

microcavities of both DOPC and ternary composition membranes. 
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Figure 70: Time evolution of fluorescence spectra obtained during incubation of 0.75 μM of 

DRAQ7 with DOPC/SM/CH (40 %/40 %/20 %) spanned lipid bilayer cavities at 633 nm 

excitation. Where PBS indicates no probe is introduced and the following are spectra 

obtained within the first 5 minutes, followed by every 5 minutes for up to 70 minutes. 

Measurements was focused on a single cavity pore (n ≥ 3, at RT). 
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Figure 71: Integrated fluorescent peak area (peak limits 640-850 nm) at 675 nm obtained from 

633 nm excitation fluorescence spectra from 1 μm bare cavity, DOPC bilayer and 

DOPC/SM/CH (40%/40 %/20 %) cavity array with 0.75 µM DRAQ7. (n ≥ 3, at RT,) 
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4.3.2 Investigation of Anthracycline - Membrane Interaction 

4.3.2.1 Fluorescence Emission upon Drug Addition 

Having established that the membrane was intact and presented a barrier to cavity entry, 

experiments were then carried out on membrane-permeable anthracycline drugs, 

doxorubicin and daunorubicin. These anticancer therapeutics are very similar in structure 

(Figure 26 in Chapter 1) and only differ where doxorubicin terminates with a primary alcohol 

and daunorubicin with a methyl group. Both drugs are thought to be passively permeable to 

the cell membrane and interact electrostatically with the bilayer and will embed itself at the 

polar head groups41, where Daunorubicin tends to embed itself deeper than its counterpart 

Doxorubicin41,84,259,272,302. It should be noted that Doxorubicin and daunorubicin are both 

administered intravenously, however as they are vesicants270, but can cause extensive tissues 

damage and blistering outside of the vein. Thus, alternative delivery methods, such as 

liposome encapsulation43, have been explored which will change their delivery in vivo.  

The fluorescence spectra of doxorubicin and daunorubicin in solution were shown in section 

2.3.6. They exhibit fluorescence maxima at 600 nm, and a shoulder on the peak is centred 

around 640 nm. To evaluate the rate of diffusion, the cavity samples were sonicated in PBS 

buffer prior to measurement, to ensure cavities were filled and the drug was introduced to 

the contacting solution (2 ml volume). In all cases, over time, the emission intensity 

dramatically increased.  

Figure 72 and Figure 73 shows the evolving fluorescent emission spectra of 0.1 mM 

daunorubicin and 0.1 mM doxorubicin respectively, following their introduction into the 

solution in contact with the array. The experiment was carried out at arrays, both with and 

without assembled lipid bilayers. Without a bilayer, as shown in Figure 72 A), the drug’s 

fluorescence was observed to increase immediately upon drug addition. This intensity 

doubled at 5 minutes, then continued to increase until 30 minutes, where the intensity levels 

off. The initial jump in intensity, followed by a slower increase was attributed to diffusive 

mixing of the drug into the contact solution and entering the cavities unimpeded and 

reaching equilibrium.  
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Figure 72: Time evolution of fluorescence spectra obtained when 0.1 mM Daunorubicin is 

introducted to A) 1 μm bare cavities, B) DOPC and C) DOPC/SM/CH spanned cavities at 

473 nm excitation. Where PBS is prior to addition of drug, which is then followed by 

immediately after drug introduction and the following are spectra obtained every 5 minutes 

for up to two hours. Measurements was focused on a single cavity pore. (n ≥ 3, at RT) 
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Figure 73: Time evolution of fluorescence spectra obtained when 0.1 mM Doxorubicin is 

introducted to A) 1 μm bare cavities, B) DOPC and C) DOPC/SM/CH spanned cavities at 

473 nm excitation. Where PBS is prior to addition of drug, which is then followed by 

immediately after drug introduction and the following are spectra obtained every 5 minutes 

for up to two hours. Measurements was focused on a single cavity pore. (n ≥ 3, at RT) 
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At the DOPC bilayer modified arrays (Figure 72 & Figure 73 B), the initial increase in 

fluorescence intensity associated with diffusion through the contacting solution is as 

expected and is similar to arrays without bilayers, however between 25 to 60 minutes instead 

of signal plateauing as observed at the bare cavity array, a slow rise in intensity is seen, which 

is then followed by a dramatic increase in intensity until 95 minutes. Then, at approx. 105 

minutes, the intensity stabilises. This behaviour, which is very different to the bare cavity 

array indicates that the bilayer is impeding the diffusion of the drug into the cavity. After 25 

mins, the continued dynamic change to intensity is attributed to gradual increase in metal 

enhanced fluorescence as the drug lodges in the membrane and slowly crosses it. No 

evidence for self-quenching of drug is seen, however, due to the expected emission 

enhancement of the drugs in the bilayer84, if it had occurred, it would be masked by the 

membrane emission enhancement. 

Figure 72 (C) & Figure 73 (C) shows analogous experiment carried out at a ternary lipid 

composition, DOPC/SM/CH (4/4/2) for daunorubicin and doxorubicin respectively. The 

absolute fluorescence intensity for ternary lipid composition samples were very low in 

comparison to DOPC bilayer samples or even bare cavities. Although variation between 

substrates may influence the absolute emission intensity, repeatedly, the final fluorescence 

intensity was found to rarely reach the magnitude observed in DOPC samples. This 

observation indicates that the drug was much less permeable to ternary bilayer compositions. 

The tighter packing, greater thickness and lower charge of this SM and Chol containing 

membrane31,250,303 likely both reduces drug-membrane association and permeation. 

Furthermore, the aggregation of the drug289,290 which is expected to occur in solution at the 

mM concentration used in this experiment may impede binding diffusion of the drug, 

preventing it from fully diffusing through the bilayer and entering the cavity. 

Our data is consistent with other studies on CH and SM containing bilayers and 

liposomes43,303. One study reported that the inclusion of CH into PC/PE liposomes in 

Hepes-buffer resulted in the reduction of thermal-induced drug leakage43. Another reported 

that regardless of other lipid ratios, the presence of CH in PC liposomes significantly 

decreased doxorubicin’s release from the liposomes303. Daunorubicin has been shown to 

intercalate into ordered domains, where it decreases membrane fluidity, unless CH was 

present, where CH prevents this from occurring. It is thought that CH prevents 

daunorubicin from establishing electrostatic interactions with the phospholipid 

headgroups273. Cholesterol is well known to stabilise the bilayer, in turn decreasing 
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fluidity43,84,286,303,304, and permeability. It is interesting that such differences are readily 

discernible using the MEF approach here. 

4.3.2.1.1 Spectral Shift 

Both daunorubicin and doxorubicin are known to exhibit environmentally sensitive 

fluorescence. For example the association of doxorubicin with the bilayer causes an increase 

in fluorescence quantum yield41 and a shift in max41. Therefore, it is of interest to examine 

any peak wavelengths changes during fluorescence evolution. Doxorubicin shows a broad 

fluorescent peak centred around 600 nm that exhibits shoulder peaks at 560, and 639 nm in 

water. The peak position at 600 nm remains quite constant over time, however, small shifts 

in the shoulders and their relative intensity were observed over time. As shown in Figure 74, 

the shoulder at 639 nm increased in relative intensity around 15 minutes, this then recovers 

and small increases were observed until 90 minutes, where no further changes were 

observed. The shoulder at 560 nm appeared to follow a similar pattern. These shifts occurred 

in both the presence and absence of the bilayer and therefore are not attributed to the lipids 

or the top surface modifications (polarity effect). Rather they are likely to arise from plasmon 

resonance effects264. Indicating that the drug reaches the cavity through the bilayer. 
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Figure 74: Time evolution of fluorescence spectra obtained for 0.1 mM Daunorubicin is 

introduced to a DOPC spanned lipid bilayer over 1 m cavities. Spectra have been 

normalised and overlayed for clarity. Measurements was focused on a single cavity pore. (n 

≥ 3, at RT) 
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4.3.2.2 Fluorescence Emission Dynamics of Bare and DOPC Microcavities 

To evaluate the dynamic response, the integrated fluorescence peak area was plotted against 

time for drug diffusion at unmodified and bilayer modified cavities. As the earlier data 

showed, clear distinctions in the dynamics of fluorescence change were evident between the 

unmodified and bilayer modified cavities. Note, although the absolute intensity may vary 

from sample to sample, the dynamic response was found to be fairly reproducible between 

replicate measurements. 

Based on the diffusive mixing experiment described in chapter 2 and the DRAQ7 

fluorescence experiment, it is expected to take approximately 27 minutes for the drugs to 

fully diffusively mix through 2mL solution. In all of the measurements in this chapter, using 

the 2 ml sample chamber, the first 20-30 min can be attributed to the diffusive mixing of the 

drug and contacting solution. And, any subsequent change can be attributed to interaction 

with the bilayer or diffusion into the array. 

As shown in Figure 75, consistent with the diffusive mixing controls at unmodified cavity 

arrays, the evolution of the fluorescence from the drug takes 20 minutes to stabilise. The 

final intensity is at least an order of magnitude higher than for the associated solution in the 

absence of the cavities and this is attributed to the drug reaching the cavity interior and 

experiencing MEF. Given that the cavities are 0.5 µm deep, it is not expected that the 

diffusive mixing that includes the cavities would take noticeable longer than without, as the 

additional volume the drug has to traverse is so small. Nonetheless the fact that the exterior 

solution and cavity solution (the cavities are prefilled with blank solution) equilibrate within 

the mixing window indicates that there is no impediment to their filling under these 

conditions. This is not surprising given the open nature of apertures and high % area of the 

array that is open compared to top surface. 

In contrast to bare substrates, at DOPC or ternary bilayer composition cavities, the 

fluorescence intensity continues to evolve after the 30 min diffusive mixing window and 

equilibrium is delayed. This is clear evidence that the bilayer is in place and presents a barrier 

to cavity access. Figure 76 and Figure 81 show a clear distinction in the kinetics occurs post 

drug diffusion through the contacting solution. Figure 77 shows that depending on the 

concentration of the drug, the dynamic profile changes at DOPC. At higher concentrations 

of drug (≥0.1 mM) at DOPC bilayers there were three dynamic region observed which are 

discussed in detail below. Similar results were seen with both drugs. 
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It is also of interest to note, that although the drug diffusion experiments in Figure 76 were 

repeated in identical format, including production of the substrate through to bilayer 

formation etc., some variation can be observed. Sample 3 was completed a week later than 

1 & 2 and while the trend in intensity change is followed, after 85 mins, a shallower rate of 

peak area increase was observed. As per SERS, absolute reproduction of cavity internal 

nanostructure is difficult to control, and this will have knock-on effects for emission 

enhancement observed. Both because the electric field may vary but also if a cavity is for 

example misshapen, reflectance will change. Although these parameters are difficult to 

control using lithography, as in these measurements we are concerned with kinetic profile 

and not the relative intensity changes as they are not crucial to identifying if membrane 

permeation is occurring but does make any potential quantitative measure e.g. concentration 

unsuitable by this approach. 
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Figure 75: 0.1 mM Doxorubicin: dynamic changes to integrated fluorescent peak area 

obtained under 473 nm excitation for 1 µm bare unmodified gold cavity array. Sample 3 is set 

on a secondary axis for clarity due to lower intensity obtained from sample. (peak limits set 

as 520 - 750 nm) 
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Figure 76: 0.1 mM Doxorubicin: dynamic changes to integrated fluorescent peak area 

obtained under 473 nm excitation for DOPC lipid bilayer spanned over 1 µm gold cavity 

array. (peak limits set as 520 - 750 nm) 

 

Figure 77: Normalised data from 0.1 mM Doxorubicin diffusion of DOPC spanned 1 µM 

cavities at 473 nm excitation, with each phase of diffusion noted. Section I: the time taken 

for the drug to diffuse across the solution. Section II: the time taken for the drug to reach 

and reside within the bilayer. Section II.i: the drug diffuses into the cavity resulting in an 

increase in enhancement, and Section III: equilibrium of drug concentration across the 

solution, membrane and cavity has been reached. Data was normalised for clarity.  
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For 0.1 mM doxorubicin, evolution of the spectral intensity show distinctive stages 

compared to cavity array without the membrane. As shown in Figure 77, diffusive mixing 

(Stage I) is followed by an increase in fluorescence (Stage II), attributed to bilayer residence 

and cavity residence. At higher concentrations, nominally greater than 0.1 mM, the signal 

evolution shows a distinction between bilayer and cavity residence, and the latter is assigned 

as Stage II.i. Equilibrium is then reached, evident by plateau in peak area (Stage III). 

Stage II was tentatively attributed to the slow kinetics associated with permeation of the drug 

through the bilayer, i.e. reflecting the drugs residential time in the bilayer. In the presence of 

the bilayer, both interaction with the bilayer and plasmonic enhancement are expected to 

contribute to intensity changes. Self-quenching can also be a possibility. However, it has 

been shown that these drugs can exhibit up to a 20 fold increase in fluorescence intensity259 

when they are imbedded in the bilayer, suggesting self-quenching should not have a large 

impact. A study by Gallois et al. looked at 10 different ratios of PC/phasphatidic acid/CH 

bilayers and found that the hydrophobicity of the molecule effected its ability to penetrate 

the bilayer, more so than bilayer composition259. Furthermore, doxorubicin has been shown 

to aggregate at higher concentrations and in the presence of certain ions, such as phosphate, 

citrate and sulphate290289. It was also found that in the presence of a phosphate buffer, 

doxorubicin forms fibrillar aggregates. The aggregation is thought to occur due to the anions 

in the buffer bridging the drug molecules, which then stack through π-π interactions290. In 

the presence of a bilayer, an increase in fluorescence was observed, suggesting the drug 

aggregated along the bilayer84, preventing or impeding permeation.  

In Stage II.i, a large fluorescence intensity increase was observed at high concentrations (0.1 

mM), which is attributed to cavity enhancement (note drug-membrane associated 

enhancement is also a large contributor to the overall emission here). As doxorubicin has 

relative lipophilicity of – 1.67 and daunorubicin of 041 , they were both likely to remain 

substantially within the bilayer, suggesting enhancement is due to both the drug residing in 

the bilayer and in the cavity. 
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Final equilibrium is reached (Stage III), evident as plateauing of emission intensity was 

eventually reached approx. 100 minutes after administration of the drug. At this point, the 

drug was presumed to be distributed across the contacting solution, bilayer and cavity. The 

experiments were very reproducible in terms of the kinetics of diffusion; however, the 

absolute fluorescence enhancement varies with substrate. This was expected as the 

enhancement depends critically on internal cavity architecture which is difficult to control in 

templating. 

4.3.2.2.1 Examination of Equilibrium Dynamics 

To confirm that the plateau at approx. 100 minutes was the final equilibrium, an extended 

experiment over a 5-hour window was investigated to ensure no further changes occurred. 

Experimental parameters identical to previous experiments where 0.1 mM daunorubicin, 

were applied, only time was extended. As shown in Figure 78, it was found that after 120 

minutes, regardless of sample type i.e. bare, planar, bilayer, (6-mercapto-1-hexanol (C6) 

excluded), equilibrium had been reached and no further changes occurred. This was evident 

as when both samples reached equilibrium, they maintained their peak area, with a Standard 

deviation of ±0.052 for bare and ±0.056 for bilayer samples. 
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Figure 78: Normalised peak area at 600 nm Fluorescence spectra obtained from Bare and 

DOPC lipid bilayer spanned over 1 µm gold cavity array with 0.1 mM Daunorubicin in an 

extended five-hour study. (n ≥ 3, at RT) (peak limits set as 520 - 750 nm) 
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It is known that MEF is distance dependant but typically is at maximum between 8 - 10 nm 

from the metal surface275. This is due to competition between enhancement from the local 

field and energy transfer to the metal surface resulting in a loss of excitation. Due to the 

hemispherical shape of the cavities, once the drug had reached the cavity it should receive 

metal enhancement that has been concentrated into the centre of the cavity (as seen in the 

simulations completed in section 2.3.3). This is consistent with our observations as there was 

a dramatic increase in fluorescence once the drug had diffused through the bilayer into the 

cavity. Notwithstanding the fact that emission intensity is expected to increase when the drug 

intercalates into the bilayer, the difference in final intensity between the permeable DOPC 

and impermeable ternary bilayer indicates that significant enhancement is observed due to 

MEF at the cavity. 

4.3.2.2.2 Investigation of contribution of Top-Surface Enhancement to signal 

Interestingly, it was noted that the C6 layer that is used as an interfacial bilayer support at 

the top surface of the cavity array inhibited plasmonic enhancement when it was applied to 

the cavity interior. When samples were modified with 6-mercapto-1-hexanol on both the top 

surface and within the cavity, a much lower fluorescence intensity compared to only top-

surface modified cavities was observed (Figure 79). This was true for both bilayer samples 

and non-bilayer samples. This observation indicates that in measurements under our usual 

conditions i.e. only top surface modified, only modest enhancement is occurring from the 

top surface and the bulk of enhancement can be attributed to bilayer 

binding/preconcentration & cavity enhancement. 

When a DOPC bilayer was spanned over cavities, that were modified on both the top surface 

and within the cavities, an order of magnitude increase in intensity was observed. However, 

this increase in intensity was approximately 23% lower than DOPC cavities with only the 

top layer modified. This suggests in measurements under regular conditions i.e. only top 

surface modified by C6, very little enhancement occurs due to the top surface and the 

increase in intensity can be attributed to bilayer & cavity enhancement and the 

preconcentration of the drug within the bilayer. This agrees with simulations previously 

mentioned. 
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Figure 79: Spectra of integrated fluorescent peak area at 600 nm when excited at 473 nm. 0.1 

mM Doxorubicin added to 1 m cavities and monitored over 120 minutes. All cavities 

contained C6 modified top surface. Two samples also had the inner surface of the cavity 

modified with C6. Only one sample contained a bilayer. Faster rate of equilibrium observed 

across samples with both top surface and inner cavity modified. (n ≥ 3, at RT) 

4.3.2.2.3 Investigation on Cavity Enhancement 

A control was carried out (under the same conditions as previous experiments), to evaluate 

the contribution to fluorescence enhancement that arises from drug capture at the bilayer, 

as within the focal volume, contributions from the contacting solution, bilayer and cavity are 

combined. This is of interest, as, as described above, bilayer association is known to 

significantly increase quantum yield for doxorubicin and daunorubicin84. 

To gain some insight into this, potassium iodide was introduced to the bilayer spanned cavity 

array after the drug emission had equilibrated. KI was used, as it is a quencher that is 

impermeable to the membrane, i.e. it is not expected to reach the cavity but has shown to 

penetrate into the hydrophobic region within a bilayer305. KI has a complicated quenching 

mechanism, thought to involve both heavy atom effects and electron & energy transfer 

mechanisms306, which will have different distance dependences and combined with its 

penetration into the bilayer, is expected to quench the probe in the contacting solution and 

in the bilayer, but it should not quench drug emission from within the cavity. Thus, enabling 

us to make an estimate of what contribution the drug within the cavity has to the overall 

emission intensity. 
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To achieve this, 0.25 M KI was introduced to 0.1 mM doxorubicin incubated bare and 

DOPC spanned 1 µM cavities after equilibrium had been reached. In cavity arrays without 

bilayers, the fluorescence intensity decreased on addition of KI by 87.5%. Indicating 

quenching had occurred for the free solution. In DOPC modified arrays, the fluorescence 

intensity decreased by 70% upon KI addition. In other words, nearly a 90 % decrease in 

intensity was observed when the bilayer was absent, but less than 70 % when the bilayer was 

present. 

This result indicates, 1) a successfully spanned bilayer had formed, as not all drug was 

accessed by the KI. 2) that about 20% of emission intensity is attributed to drug enhanced 

by MEF (i.e. within the cavity). It indicates, consistent with previous reports on the effects 

of bilayer on fluorescence intensity of doxorubicin and daunorubicin, that significant portion 

of the intensity enhancement observed, is attributed to bilayer binding. However, it is 

important to remember that the cavity is small compared to the interrogation volume (where 

cavity volume is approximately 0.26 x 10-22 m3), and so, this result indicates substantial MEF 

is occurring. Furthermore, this effect is specific to doxorubicin and daunorubicin drugs, as 

their emission is explicitly enhanced by the bilayer. The result indicates that in the present 

case, monitoring for drug arrival is feasible from MEF and should more effective in 

molecular species whose emission is not so strongly impacted by the bilayer. 

4.3.2.2.4 Concentration Dependence on Dynamics of Uptake 

Typically, the therapeutic plasma concentrations of anthracyclines lie in the nanomolar range. 

To ensure we were working within physiologically meaningful concentrations, the 

concentration range from 2 nM to 0.1 mM was examined, which spans administered 

concentration at site of injection to plasma levels. The sensitivity of the assay is expected to 

depend on the fluorescence quantum yield of the analyte and its enhancement under the 

conditions used. One of the reasons these drugs were selected is that their quantum yields 

are relatively modest. The quantum yield of doxorubicin has been reported as 9 %185. MEF 

works best for compounds of relatively low or modest fluorescence intensity157. For both 

doxorubicin and daunorubicin nanomolar concentrations of the probe were readily 

detectable by fluorescence at the array. To understand if signal showed a systematic metal 

enhanced response to concentration, a calibration curve was completed, but although 

systematic changes were evident, the response was not appropriate for quantitative studies 

due to the fluctuations in absolute intensity, again this can be attributed to challenges in 

reproducibly controlling nanostructures within the cavities. 
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Permeation of doxorubicin and daunorubicin as a function of concentration was examined 

at both DOPC and ternary DOPC/SM/CH (40 %/40 %/20 %) (shown in section 4.3.2.3.1) 

bilayer compositions across mM, µM and nM concentrations. For both drugs, 

concentrations below 0.1 mM fluorescence profile and permeation kinetics followed a 

similar behaviour at all concentrations examined, though permeation rate was slower for the 

lower concentrations. At 0.1 mM, the fluorescence profile change can be attributed to 

permeation of the aggregated drug. 

The rate of uptake (Figure 80) at 2 nM of both drugs at a DOPC bilayer followed a similar 

trend to those at 100 nM concentration, where both showed the initial increase, followed by 

a small steady increase in fluorescence. However, at 2 nM, a distinction was observable, this 

was due to lower reproducibility at such low drug concentrations, as we are close to the 

detection limit.  

The behaviour at low concentrations is consistent with a study completed by Heywang et al. 

Their study was completed with pirarubicin, another drug from the anthracycline family that 

is similar to those used in this study. It was shown, that on silver substrates, at low 

concentrations (0.4 µM), the anthraquinone was perpendicular or tilted on the substrate i.e. 

Parallel to the phospholipid chains, meaning at low concentrations it stayed imbedded in the 

bilayer84, which corroborates with what had been observed at 2 nM concentration where 

only fluctuations of the drug being in the bilayer was observed, never actually entering into 

the cavity. At higher concentrations (2 µM), they found that the pirarubicin would go 

completely out of the bilayer and orientate along the silver so that it would remain in contact 

with the polar headgroups of the lipid84. In the cavity substrates, at low concentrations such 

as 100 nM, the initial intensity increase due to the drug entering the bilayer is observed, 

however the additional increase due to cavity enhancement was not seen. This suggests the 

drug is not entering the plasmonic well located at the bottom of the cavity. Which would be 

the case if the drug is localised close to the bilayer. 

At higher concentrations, the rate of uptake is reproducible across replicate measurements, 

2 nM however, showed fluctuations in the emission. The aggregation of the drug and 

residence of the drug in the bilayer may have caused the fluctuations observed in 

fluorescence intensity at 2 nM, or it may be that we are at the limit of our detection window. 

In either case, 2 nM proved unreliable and higher concentrations were more closely 

examined. Other detection modalities based on fluorescence or electrochemistry of 

anthracyclines in plasma or serum samples have yielded 1-2 nM as their LOD for 
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anthracyclines1. For the experiments herein, 100 nM was taken as the lowest concentration 

for accurate detection of the drug-membrane dynamics. 
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Figure 80: Integrated fluorescent peak area of Daunorubicin excited at 473 nm measured at 

0.1 mM, 0.05 mM, 100 nM & 2nM on DOPC Bilayers spanned over 1 µm gold cavities. Where 

2 nM is shows a different kinetic profile to higher concentrations and is taken to be the limit 

of analysis. (peak limits set as 520 - 750 nm) 
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4.3.2.3 Fluorescence Emission Dynamics of Ternary Bilayer Spanned 

Microcavities 

For doxorubicin at the ternary bilayer composition, shown in Figure 81, the final 

fluorescence intensity was on average an order of magnitude lower than observed at the 

DOPC bilayer or at bare cavities. (notwithstanding variation in emission intensity due to 

variation in the pore as discussed above.)  
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Figure 81: 0.1 mM Doxorubicin: Rate of change to integrated fluorescent peak area obtained 

under 473 nm excitation for DOPC/SM/CH lipid bilayer spanned over 1 µm gold cavity 

array. Sample 2 is placed on secondary axis for clarity. (peak limits set as 520 - 750 nm) 

The rate of fluorescence evolution showed a progressive intensity increase during the first 

25 minutes post drug administration, attributed to diffusive mixing into the contacting 

solution. This was followed by a reduced rate of fluorescence increase until equilibrium was 

reached at approximately 40 minutes. The shallow increase is attributed to the drug 

intercalating or adsorbing at the bilayer84 but the intensity and final intensity was lower than 

expected on the basis of the MEF controls, and indicate that little of the drug reached the 

cavity interior. Similar to the DRAQ7 control experiment, it suggests that the 

penetration/intercalation of the drug into the bilayer is weaker than for DOPC. The data 

indicates poor permeation of doxorubicin through the ternary composition, again this is 

consistent with other reports on the effects of cholesterol on membrane association and 

permeability304. 
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4.3.2.3.1 Concentration Dependence on Dynamics of Uptake 

At nanomolar drug concentration, the ternary, domain forming286,307 lipid composition 

behaviour was very similar to DOPC alone, although the final intensity was considerably 

lower. The integrated dynamics of fluorescence peak area also proved similar. Both drugs 

were considerably less permeable through the ternary composition than DOPC. Which, as 

described, is attributed to the lower admittance of this bilayer, due to its cholesterol/SM 

containing Lo phases. 

To compare the dynamics of drug membrane interactions across different species, the slopes 

were obtained for Stage II for all concentration & Stage II.i, at 0.1 mM at both DOPC and 

DOPC/SM/CH bilayers. This is shown in Table 3. The time periods for each stage remained 

consistent between bilayer and drug; however, the transition from regions varied in a 

concentration dependant manner. “Stage II”, where it was considered the drug was 

interacting with the bilayer and slowly diffusing through, showed variation between 

concentrations and drugs. Both drugs were expected to interact with the bilayer in similar 

manners due to their very similar structures (Figure 26). However, daunorubicin’s greater 

lipophilicity is thought to lead to its deeper penetration into the bilayer core84. Both 

Duanorubicin and Doxorubicin have been observed to aggregate, and this effect can inhibit 

cellular uptake289,290.  

As shown in Table 3, 0.1 mM showed a very similar slope for fluorescence intensity change 

versus time across both bilayer compositions on both drugs. This suggested that at this 

concentration, the drugs behaved in a very similar way and this is attributed to the drug 

aggregating at this concentration. Interestingly, daunorubicin average normalised slope 

tended to be higher than doxorubicin’s in both DOPC and ternary bilayer composition, 

suggesting it diffuses faster across the bilayer to the cavity. Daunorubicin showed an average 

slope of 2.35 x10-5 ± 9.41 x10-3 in DOPC and 3.67 x10-3 ± 3.69 x10-3 in crossing the ternary 

bilayer, whereas doxorubicin had 5.01 x10-4 ± 1.05 x10-4 in DOPC and 4.67 x10-4 ± 3.5 x10-

4 in ternary. These differences may be due to daunorubicin’s greater retention at the DOPC 

bilayer compared with doxorubicin, which would be consistent with differences in the 

lipophilicity of the two species. Data also confirms that the ternary bilayer composition is 

considerably less permeable to these drugs than DOPC alone. 
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Stage 

II 

Doxorubicin  

DOPC 

Daunorubicin 

DOPC 

Doxorubicin 

DOPC/SM/CH 

Daunorubicin 

DOPC/SM/CH 

 0.1mM 3.57 x10-3 ± 

1.32 x10-3 

3.75 x10-3 ± 3.01 

x10-3 

3.73 x10-3 ± 8.14 x10-

4 

5.40 x10-3 ± 1.15 x10-

2 

 50 μM 6.20 x10-3 ± 

5.75 x10-3 

4.2 x10-3 ± 6.12 

x10-3 

8.77 x10-3 ± 3.94 x10-

3 

3.27 x10-3 ± 8.54 x10-

3 

 100nM 1.16 x10-2 ± 7.4 

x10-3 

2.33 x10-4 ± 2.29 

x10-2 

1.50 x10-3 ± 2.97 x10-

3 

1.51 x10-2 ± 1.47 x10-

2 

 

Stage 

II. i 

Doxorubicin 

DOPC 

Daunorubicin 

DOPC 

Doxorubicin 

DOPC/SM/CH 

Daunorubicin 

DOPC/SM/CH 

 0.1mM 1.69 x10-2 ± 

1.86 x10-3 

5.8 x10-3 ± 5.09 

x10-3 

7.77 x10-3 ± 4.61 x10-

2 

2.93 x10-3 ± 1.99 x10-

3 

 

Table 3: Slopes obtained from the integrated area of the fluorescent peak at 600 nm. Stage II 

ranges between 30-65 minutes, Stage II.i between 60- 105 minutes. 

In Stage II.i, at high concentrations, where the drug was in the membrane and diffusing into 

the cavity, in the DOPC bilayer, the slope for doxorubicin was greater than daunorubicin by 

a factor of 10, indicating doxorubicin was permeating faster than daunorubicin. In the 

ternary bilayer, the behaviour was more similar for both drugs. The dynamics indicate that 

doxorubicin interacted similarly in both DOPC and ternary bilayer and diffused quickly into 

the cavity, whereas daunorubicin was more influenced by the bilayer’s composition. This 

suggests that these substrates have the capabilities to monitor a drugs interaction with 

different lipid composition and may give us insight on how this effects their diffusion.  

4.3.2.4 Comparison of Planar and Cavity Enhancements 

As controls, fluorescence studies of the drugs were completed on bilayers spanned across 

planar gold substrates to compare the MEF enhancement obtained at planar gold and from 

structured hotspots. These studies were completed on bare, DOPC bilayer and 

DOPC/SM/CH bilayer substrates. The substrates were created and treated in the same 

manner as the cavity samples and examined under the same conditions with 0.1 mM of drug. 

Examples of the integrated fluorescent peak area at 600 nm for bare (Figure 82 ) and DOPC 

bilayer spanned planar gold (Figure 83) are below. 
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Figure 82: 0.1 mM Doxorubicin: rate of change to integrated fluorescent peak area obtained 

under 473 nm excitation for planar gold samples. (peak limits set as 520 - 750 nm) 
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Figure 83: 0.1 mM Doxorubicin: rate of change to integrated fluorescent peak area obtained 

under 473 nm excitation for DOPC bilayer spanned over planar gold. (peak limits set as 520 

- 750 nm) 

The bare gold emission signal increases over approximately 20 minutes due to diffusive 

mixing and then stabilises. When compared to cavity samples, the final intensity for identical 

concentration in an identical volume was lower by a factor of 102 for planar samples. This 

shows evidence of the extent of fluorescent enhancement from the cavity. Particularly given 

that solution alone under the same conditions reached only half the emission intensity seen 

for cavity samples, after diffusive mixing, indicating that the gold is enhancing the emission 

signal. 
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As expected, for DOPC bilayers on planar substrates diffusive mixing was complete at 20 

minutes. The emission dynamics then showed continued emission increase, with shallow 

slope similar to DOPC modified cavity samples. This is further evidence that this time period 

immediately following mixing is attributed to drug assembly at and residence in the bilayer. 

At equilibrium, a typically maximum intensity was seen at ‘x106’ magnitude.  

Similar to the cavity arrays, the ternary bilayer on planar substrates yielded lower levels of 

intensity than the DOPC planar substrates. A fluctuation in intensity was observed in the 

bilayer residence time, similar to that observed in ternary bilayer cavity samples. Diffusive 

mixing occurs for 20 min then a slow rise in intensity is observed that reaches equilibrium at 

40 minutes at an intensity of 103. This is consistent with much weaker association and 

penetration of the drug in the bilayers as observed at the cavities84.  

The fluorescence emission peak area dynamics at bilayer planar samples showed similar 

pattern and time frame for each stage, as observed in cavity samples but at a much lower 

intensity range. Indicating that the cavity platform was providing ample plasmonic 

enhancement which results in an observable difference in fluorescence intensity.  
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4.4 Conclusions 

A novel approach to understanding drug-membrane permeability using MEF to follow and 

mark drug arrival time at membrane and underlying was examined using bilayer supported 

cavity arrays. The presence, integrity and stability of the bilayer spanned cavity array were 

initially established using a membrane impermeable dye, DRAQ7. Through these studies, it 

was found that bilayers formed and remained stable and thus impermeable to DRAQ7 for 

the duration of the experiments agreeing with previously reported studies18.  

The bilayer spanned cavity arrays were then used to study the permeation of 

chemotherapeutic drugs, doxorubicin and daunorubicin. Fluorescence from the drugs was 

followed over time as they diffused through the contacting solution and interacted with the 

bilayer. The spectroscopy of the drugs could also be followed and the shoulder at 650 nm 

for both drugs and bilayers spectra, showed spectral changes over time, attributed to MEF 

from golds plasmons264. Demonstrating a benefit of using this system, the platform 

generated reproducible dynamics, irrespective of the emission intensities, as evident by the 

similar slopes between samples (Table 3). 

Through the rate of peak area emission change, post initial diffusion of the drug throughout 

the contacting solution, the bilayer supported cavities gave sufficient evidence to identify 

residence/aggregation of the drug within the membrane and diffusion into the plasmonic 

pore. In agreement to reported studies, drug aggregation was clearly observed at higher 

concentrations289,290 and a preference for bilayer residence was observed at lower 

concentrations84. Membrane enhanced fluorescence proved to have a greater contribution 

to the overall intensity than previously accounted for. It would be of interest to repeat the 

quenching experiment with membrane permeable drugs whose emission is not influenced 

by the membrane, as a comparison to those studied here. This would allow for a more 

accurate estimate of the contribution the cavity has on the overall emission intensity. 

The differences observed between the kinetic response of the membrane permeable drugs 

and the non-membrane permeable DRAQ7, where the latter showed no change in the rate 

of emission increase after the diffusive mixing stage (27 mins). Whereas, the membrane 

permeable dyes showed change, this confirms that although the volume above the cavity is 

contributing to the signal, once diffusive mixing has been completed, it does not contribute 

to any further changes. Meaning the large axial resolution which is beneficial for obtaining 
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signal from both the bilayer and the cavity, is not negatively impacted by the inclusion of the 

confocal volume above the bilayer. 

The dynamics observed for MEF proved to be highly reproducible in comparison to the 

results obtained through SERS in chapter 3. While SERS allowed for greater insight into the 

drug-membrane interactions. MEF allowed for the kinetics of permeation to be identified. 

Although, both methods allowed for detection of drug permeation, MEF allowed for more 

reproducible identification of bilayer residence and permeation into the cavity through the 

diffusion kinetics. In future, this method will be developed into a platform as a membrane 

permeability model, allowing for a non-destructive technique to accurately determine the 

diffusion of a compound of interest on biomimetic bilayers. 

Overall, the data obtained, suggests that this method has strong prospects for application as 

a membrane permeability model. Through the use of surface enhanced fluorescence, 

fluorophore emission intensity may be exploited for the monitoring of diffusion time 

through a membrane. In future, this method will be used within an enclosed microfluidic 

platform and EIS will be completed in situ, allowing for enhanced monitoring of the bilayer 

stability. The enclosed system will allow for greater control over volume etc during 

measurement. Improvement in the fabrication process would provide near identical samples, 

further improving reproducibility. Recommendations also include a commercial grade laser 

source, allowing laser intensity to remain consistent. With the changes presented here, this 

platform design will be an easy to use, reproducible method for membrane permeability 

detection. 
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Chapter 5: Nature’s Own Bilayer Composition & 

Ruthenium Polypyridyl Complexes 
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5.1 Introduction 

Having established in the preceding chapter that MEF at the cavity supported lipid bilayers 

can be used to qualitatively determine if a species is membrane permeable, we next moved 

to a molecular species for which a mode of permeation at cells is not established to see if 

this method could yield insights into whether the material is passively permeable or not. We 

studied the permeability of Ru (II) metal complexes peptide conjugates, that have been 

demonstrated to be cell permeable at live cells; but the mechanism of uptake is not 

established. At live cells, the uptake was observed to be the temperature dependent, where 

permeability switched off at 40C, indicating that uptake is by an activate mechanism, possibly 

endocytosis.  

In this chapter we advanced the platform format by enclosing it into a microfluidic device, 

to reduce the volume and the mixing/diffusion time. This also reduced the quantity of 

reagent required, improving cost efficiency and improving the reproducibility of the 

measurement. The bilayer composition of a true cell membrane is highly complex and varies 

depending on cell type and also between species. Single lipid models, as described in the 

previous chapters, are a good starting point as they have the unique structure of the bilayer, 

hydrophobic core and zwitterionic hydrophilic exterior, but they lack the greater complexity, 

including domains and lateral organization known to exist in membranes, e.g. the eukaryotic 

plasma membrane. Thousands of lipids are found in plasma membranes; so, this would be 

impossible to replicate in a model. However, an approximation can be made. Here, to 

replicate the lateral heterogeneity of a true membrane, a composition developed originally in 

collaboration with Prof. Barry Lentz coined “nature’s own” was used31. Nature’s own 

composition consists of five of the most commonly found components of the plasma 

membrane. The composition consists of DOPC (32 %), 1,2-dioleoyl-sn-glycero-3-

phosphoethanolamine (DOPE) (25 %), CH (20 %), SM (15 %) and DOPS (8 %) and is close 

to a fusogenic composition31. 
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A symmetric composition was investigated initially, although typically, DOPS is only to be 

found on the inner leaflet51. The ratios examined in this composition is of great importance 

as it has been noted that at specific ratios, membrane fusion and rupture may be affected31. 

In particular, the CH and SM ratio is important as CH is known to decrease the permeability 

of the membrane while increasing the stability31,76,308. In DOPC and DOPE monolayers, CH 

will induce a negative curvature, and in a more complex composition, will cause membrane 

rupture without the presence of SM31. CH has also shown to decrease the depth of water’s 

penetration into a lipid bilayer309. Whereas, SM alone has a smaller degree of membrane 

rupture or leakage than CH alone, but shows minimal fusion31. Preferably, at the optimal 

SM/CH ratio, membrane rupture will be significantly reduced without causing a large degree 

of fusion reduction, while also enhancing the leaflet packing. 

DOPE has a cone-shaped structure which promotes spontaneous negative curvature in the 

membrane and is thought to reduce lipid packing, promote stalk formation and membrane 

merging. It has also been known to increase water permeation and decrease the packing 

observed in the outer leaflet within liposomes31. Also, high levels of DOPE has resulted in 

membrane rupture31. At certain ratios of DOPC/DOPE, a balance can be found between 

the bilayer fusion and rupture, making these two lipids of great interest for biomimetic 

studies31.  

DOPS, with its negative charge, can inhibit membrane fusion due to electrostatic repulsion31. 

It has been observed that in mixed lipids, phase separation occurs between the charged 

disordered lipids and neutral ordered phases47. DOPS has also shown that it transitions from 

disordered phase to an ordered phase by the adsorption of calcium ions. These ions bind to 

the negatively charged head groups of DOPS, and therefore reducing the surface charge 

density. This also results in a decrease in the spontaneous curvature of the membrane47. As 

DOPS is the most abundant anionic lipid found within eukaryotic membranes310, it is 

important to consider for biomimetic studies.  
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DOPC/DOPE/CH/SM/DOPS (32/25/20/15/8 %) composition was spanned over gold 

microcavities using LB and vesicle fusion, as with previous experiments. Nature’s own 

composition should result in domain formation, however, these should be on the nanoscale, 

whereas the previous ternary composition had larger domains. This composition has been 

previously attempted within the group and has led to the successful creation of GUV’s and 

for bilayers spanned over PDMS cavities. FCS was completed on nature’s own composition 

spanned on glass and the diffusion coefficient was found to be 2.58 ±0.65 µm2/s. 

Interestingly, as they increased the temperature from 21 oC to 37 oC, the coefficient was 

found to increase up to 12.43 ± 0.90 µm2/s37. 

Metal complexes are increasingly of interest in both imaging and in medicine, in particular 

for their anticancer/antitumor activity. Currently, platinum (II) based complexes are the 

most widely used metal based anti-cancer therapeutic. However, due to metal complexes 

chemotherapeutics lack of cellular selectivity, other cells, such as rapidly proliferating cells, 

are commonly affected by these off-target effects311. These off-target effects lead to 

unwanted side effects, meaning development of other more selective drugs, are of great 

interest. Currently, only two types of Ru (III) drugs are in clinical trial; however, numerous 

have shown positive results in vivo and in vitro studies. The chemistry of ruthenium 

complexes, in particular, Ru (II) and Ru (III) have been studied in great detail and are well 

established in materials and medicinal chemistry.  

The ruthenium(II) polypyridyl complexes that were examined within this work are 

ruthenium 1,4,5,8–tetraazaphenanthrene (Tap) and ruthenium dipyrido (3,3-alpha:2’, 3’-c) 

phenazine (DPPZ), as a parent ester complex and with an attached arginine peptide (R8). 

Their structures are shown in Figure 84. For ease of the reader, [Ru(tap)2(bpyArCOOH)]2+, 

[(Ru(tap)2(bpyArCONH-RRRRRRRR-CONH2)]
10+, [Ru(DPPZ)(bpy)(bpyArCOOH)]2+, 

and [(Ru(DPPZ)(bpy)(bpyArCONH-RRRRRRRR-CONH2)]
10+, will be referred to as Ru-

Tap-Ester, Ru-Tap-R8, Ru-DPPZ-Ester and Ru-DPPZ-R8 respectively. 
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Figure 84: Schematic structure of Ruthenium dipyrido (3,3-alpha:2’, 3’-c) phenazine with 

and without peptide arginine. And ruthenium 1,4,5,8 – tetraazaphenanthrene with and 

without peptide arginine. 

Both complexes are known to associate with DNA but transduce this binding in different 

ways. Ru-Tap complexes are known to be very luminescent in aqueous media. In the 

presence of DNA, a light-induced electron transfer occurs, where the tap ligands oxidise a 

guanine base. The rate of electron transfer is dependent on where the complex binds in 

relation to the location of the guanine base. In guanine monophosphate, the process is slow 

due to it being diffusion controlled. However, in polynucleotides, once the Ru-Tap complex 

is intercalated, the process takes hundreds of picoseconds197. The intercalation can lead to 

photocleavage of plasmid DNA and has been shown to lead to the formation of photo-

adducts of the complex with guanine units of oligonucleotides or tryptophan residues of 

polypeptides206,207. Photoadduct formation was confirmed by gel electrophoresis and Atomic 

force microscopy for the former and dialysis and UV-vis absorption for the latter207,312. Due 

to photo-adduct formation, this complex has been commonly used for DNA studies as a 

molecular tool and probe. 
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Ru-DPPZ complexes behave as a photoswitch, as they are not luminescent in an aqueous 

solvent, but are when imbedded in DNA189. As shown in Figure 84, the Ru-DPPZ ligand 

contains two free nitrogen on the phenazine ring. These nitrogen readily form hydrogen 

bonds in water which quenches luminesce and reduces the intensity magnitude by 2-3 orders. 

However, when the ligand is intercalated in DNA, the nitrogen are shielded from the 

aqueous solvent, resulting in a luminescent excited state189.  

This “light switch” effect has been known since 1990198, and since then, many studies have 

been completed to provide insight into the mechanism. For example, one study by Coates 

et al. used RRS to identify the excited state intercalative interaction between Ru-DPPZ 

complex and calf-thymus DNA313. Work by Nair et al. through steady-state and time-

resolved photoluminescence studies, determined that Ru-DPPZ complexes were affected by 

the polarity of the solvent314, whereas Demas et al. observed a large discrepancy between the 

quenching of emission intensities and the lifetimes of the complex in water and 

acetonitrile315. A study by Chambron showed that the ligand may be protected from water, 

through the use of organic micelles316. The light switch property has led to the utilisation of 

these complexes as targeting and imaging probes. 

Although of value in both sensing/imaging and for phototherapy, Ru (II) polypyridyl 

complexes are typically not permeable to the cell membrane. Barton’s studies reported that 

simple [Ru(bpy)2(dppz)]2+ complexes have poor lipophilicity and therefore it is unable to 

permeate into cells199. Zhu et al. tried to improve the cellular uptake of Ru-DPPZ by the 

introduction of biochemical agents that are weak acids containing bulky aromatic 

hydrophobic moieties such as PCP and tolfenamic acid. Through flow cytometry and 

confocal microscopy, they found that the presence of these agents showed a large increase 

in cellular uptake317. Shen et al. used a liposome approach to deliver [Ru(phen)2dppz](ClO4)2 

in MB-231 breast cancer cells. The dye was encapsulated in liposomes, which resulted in 

emission, allowing for the tracking of its passage through the cell. Once the dye was released 

from the liposome, it would then only emit when bound to DNA. They found that the 

presence of the liposome slowed the uptake of the dye; however, after 6 hours, it had a 15 

fold higher accumulation in the cell than free floating dye without any liposome39. 

Our group have carried out extensive studies in focussing on the use of peptides to drive 

functional Ru (II) imaging agents and phototherapeutics across the cell membrane and into 

specific organelles. The addition of peptides to ruthenium complexes was completed to 

improve the molecules targeting efficiency195. Previous work completed by Barton, Burke et 
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al. etc. have shown that these peptide complexes allow for selective targeting193,202,318. 

Therefore, it is of interest to identify any difference in permeation occurring with and 

without this peptide. It is expected that the peptide complexes should result in a higher 

luminescence intensity than the parent “ester” complexes. The higher intensity would be due 

to the peptide acting as a blocker, preventing the hydrogen bonding from occurring at the 

phenazine nitrogen’s which would result in luminescence switch off. A number of studies 

have observed that certain Ru complexes will accumulate within mitochondria, endoplasmic 

reticulum or the lysosome than within the nucleus of the cell195,199,319. It has been shown that 

those Ru complexes will cause mitochondrial dysfunction or activate apoptosis 

pathways195,320.  

Most recently, work carried out on the ruthenium complexes by Byrne193,194,202, showed that 

they worked optimally as a sensing dye at 100 µM for the Ru-Tap complexes and 70 µM for 

the Ru-DPPZ. At these concentrations, they were clearly able to identify Ru-Tap complexes 

modified with a NF-κB transcription factor peptide, going into the nucleus of live HeLa and 

CHO cells due to the extinction of the complexes luminescence as it bound to the DNA. 

They observed the viability of the cells under imaging & dark conditions and efficient cellular 

destruction upon irradiation. Through RRS, they were able to confirm that the Ru-Tap 

complex remained within the nucleus of the cell after loss of emission. 

Whereas, Ru-DPPZ complexes modified with a mitochondrial penetrating peptide were 

found to localise within the endoplasmic reticulum in live HeLa cells. The peptide conjugate 

showed rapid uptake by the cell, where emission was visible after 1-hour incubation in the 

dark. A NF-κB transcription factor peptide was also attached to Ru-DPPZ complexes, 

however, uptake was slower, where it took approximately 2 hours to reach the cytoplasm 

and 24 hours to penetrate the nucleus and bind with DNA. The parent complex, Ru-DPPZ-

Ester, was found to be unable to penetrate the cell. The dyes also proved to be suitable for 

stimulated emission depletion microscopy, which is of great importance in the imaging 

community, as this allows for better resolution than traditional confocal microscopy. 

Numerous studies have been completed to examine the interaction of Ru (II) lumiphore 

complexes with lipids. One study by Guo et al. incorporated the ruthenium complex. 

[Ru(bpy)2(dppz)]2+ into dipalmitoyl-L-a-phosphatidylglycerol (DPPG) & DPPG/CH 

vesicles and observed how in CH levels below 30 %, emission intensity would increase with 

temperature as it reached lipid phase transition temperatures. The emission was attributed 

to the membrane “protecting” the phenazine nitrogens from the aqueous solution. Spectral 
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shifts were also observed due to the binding of the drug to the bilayer and due to the presence 

of cholesterol321. Cosgrave et al. demonstrated how [Ru(dppz)2PIC]2+ and its peptide 

conjugate showed emission after it bound to dipalmitoylphosphatidylglycero vesicles, where 

previously, it was non-emissive in PBS buffer. They also noted that after incubation in cells, 

the parent complex only emitted from the outer membrane, whereas the peptide conjugate 

showed emission from sub-cellular structures, which was then seen to be the nucleus and 

cell organelles200. 

As Ru complexes are increasingly being tested for their suitability as imaging and targeting 

probes, examining these dyes’ membrane interaction and passive diffusion can provide 

valuable information to help advance suitable candidates for clinical trials. As the parent 

complexes and peptide conjugates studied in this work are impermeable and permeable 

respectively, examining this through a passive diffusion study could provide valuable 

information on how they are mediated into the cell. This would allow for an insight into the 

uptake mechanism of dyes/drugs which would be a useful application of these membrane 

permeability assays. 

5.2 Materials & Methods 

Samples were prepared in the same manner as discussed in section 2.2 with the following 

deviations. 

5.2.1 Platform Development for Microfluidic Device 

A microfluidic platform was developed to create an enclosed system for the membrane 

permeability assay. The optimisation steps involved in its development are described in the 

appendix. A laser cutter (5.2.1.1) was used to cut all Poly-methyl methacrylate (PMMA) 

sheets required. The final platform used for all experimentation is described in section 

5.2.1.3. 

5.2.1.1 Laser Cutter 

An Epilog Zing laser cutter with CorelDraw software was used for all PMMA cutting 

required. PMMA sheets of 3mm, 1 mm and 0.3 mm thickness were obtained from Radionics 

and were cut using a CO2 laser zing 16 model 10000. 

5.2.1.2 PDMS Development 

Polydimethylsiloxane (PDMS) substrates were made using Sylgard 184 silicone elastomer kit 

(Dow Corning), by mixing a 10:1 ratio of the elastomer and curing agent. The elastomer was 
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mixed and put into a desiccator for a minimum of 30 min. The solution was then poured 

into a PMMA mould and cured at 110 0C for 2 hours. The PDMS solution was then allowed 

to cool and was carefully peeled from the mould, resulting in a PDMS block of uniform size 

with a chamber for the cavity to sit into.  

5.2.1.3 Optimal Platform Development 

The final developed platform is shown in Appendix Figure 111, sample 7. Two pieces of 

PMMA were cut into 68.4 by 35.8 mm rectangular pieces, where the second piece only 

consisted of an outline. A rectangular piece of 50 x 12 mm (including attachments at the 

end) was also cut, and the pieces were assembled as shown in Figure 85 “PDMS 1”, as a 

curing chamber. PDMS was then left to cure within the chamber and when removed, 

contained the imprint, which acts as the cavity chip placement well. 

 

Figure 85: Schematic diagram PDMS and PMMA sections used to create platforms 

described below. PDMS 1 is a rectangle of PDMS with an indent allowing for cavity sample 

to sit within. PDMS 2 is the same as PDMS bar an extension of the indent to the edge of the 

PDMS. PMMA 1 is a 300 nm PMMA sheet cut with three holes. PMMA 2 is the same as 

PMMA 1 but with only one hole. 

A 0.3 mm PMMA sheet was cut into a rounded rectangle of 53.3 x 21.8 mm, with one circle 

of 161 mm and two circles of 2.1 mm diameter (Figure 85 PMMA 1). A 22 mm circular glass 

coverslip (from VWR) with 0.13-0.17 mm thickness was glued onto the large circular hole 

with Araldite rapid action adhesive resin.  

Cavity sample were placed within the PDMS 1, and PMMA 1 was glued on top. 1mm wall 

thickness silicone tubing (VWR) was then attached to the smaller holes, and the system was 

enclosed into a holder to form a seal. Figure 87 shows an image of the final platform. 
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5.2.2 Bilayer Formation 

Vesicles were prepared by placing 20 µl of a lipid stock solution (Avanti) of DOPC/DOPE/ 

CH/ SM/DOPS (32/25/20/15/8 %) in chloroform, into a glass vial and evaporating the 

chloroform under a stream of nitrogen. The vial was placed under vacuum for a minimum 

of 30 minutes and were re-suspended in 1 ml of PBS. The vesicles were then extruded 

through 100 nm polycarbonate membrane at 400 C for a minimum of 15 times to form 

monodisperse vesicles. 

A Langmuir Blodgett trough (KVS Nima) was used to create the first monolayer of the 

bilayer. The lipids of interest (1 mg/ml) were deposited onto the surface of deionised water 

in the trough and left for 10 minutes to allow for the full evaporation of the chloroform. 

The barriers were compressed and held at a pressure of 32 mN/m. PBS filled cavity arrays 

were then clipped to the dipper of the instrument and immersed at speed 150 mm/min. The 

chip was then removed at 5 mm/min for monolayer formation. 

After cavity array samples were removed from the LB trough, the chips were placed within 

the cavity chamber of the PDMS substrate. Top cover pieces were glued into place with 

Araldite rapid action adhesive resin. VWR silicone tubing was attached and the PDMS 

substrate was placed within the holder and clipped to form a seal. Vesicle solution was 

injected in and the sample was then left for a minimum of 1 hour to allow for vesicle 

disruption into the top layer at an angle of 250. 

5.2.3 Absorption & Emission Spectroscopy 

Measurements were completed as stated in section 2.2.6 with the following deviations. 

Slit width and scan speed were varied to improve emission spectra. 

5.2.4 Fluorescence & Raman Microscopy 

As with the previous chapters, a Horiba Labram HR instrument was used with 50x 0.55 

Leica PL Fluotar long distance magnification lens. 473 nm & 633 nm excitation wavelengths 

were used for luminescence measurements. The instrument was calibrated using silicon prior 

to use. Samples were placed in an enclosed microfluidic platform. The laser was focused 

using the camera and spectra were taken. Typically, a 99.9 % neutral density filter and 900 

µm slit window was used for luminescence. The measurements were completed as discussed 

in section 2.2.8. Peak limits were set as 640 - 850 nm for DRAQ7 measurements, 520 - 750 

nm for doxorubicin & daunorubicin measurements and 560 – 820 nm for Ru complex 

measurements. All MEF experiments focused on a single cavity pore. 
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5.3 Results & Discussion 

5.3.1 Development of Enclosed Raman Platform 

The key goal in this thesis was to create a simple ready to use microfluidic device that 

permitted the use of low reagent volumes and improved reproducible positioning of light 

and sample. Therefore, to advance the platform described in previous chapters, an enclosed 

system for Raman & fluorescence measurements was developed.  

 

Figure 86: Schematic diagram of PDMS substrates previously developed for fluorescence 

lifetime correlation spectroscopy21. Polystyrene spheres are dropcast onto mica. 1) PDMS is 

then cured at 150 0C over the sphere template. PDMS is then peeled off and spheres are 

removed with THF. 2) Cavities are sonicated in buffer. 3) Lipid monolayer is formed using 

the LB trough. 4) vesicle fusion then creates the upper lipid layer to form a bilayer. Bottom 

image shows a representation of the filled cavities on PDMS within the flow chamber. 

Due to work previously completed on PDMS substrates within the group102, PDMS was 

considered for the development of a single-use platform. The original PDMS array was 

developed for cavity measurements with FCS, and therefore alterations were required. As 

shown in Figure 86, Ps spheres were allowed to dry on mica glued onto glass, PDMS was 

then cured onto the sphere template. Spheres were then removed, resulting in PDMS 

cavities. The cavities were then filled through sonication, followed by LB monolayer 

deposition. Two holes were then punched at the ends of the PDMS substrate and a cover 

glass slide was glued on, to create a microfluidic flow chamber. Teflon tubing was attached 
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to the holes to allow for solution introduction. Vesicle disruption was then completed to 

form the upper leaflet of the bilayer21. 

The previously reported method was adapted to allow for the gold cavity sample to sit within 

a well in the PDMS. Originally a glass coverslip was added to create an enclosed system. 

Tubing was added to the bottom of the PDMS as entry points; unfortunately, this led to 

leaking. Leaking was not an issue with the original PDMS substrates for FCS, because it used 

and inverted configuration. As we have an upright microscope system, this created an issue. 

The attempted fabrication methods are described in the Appendix. 

The final version of the platform is shown in Figure 87. PDMS 1 and PMMA 3 set up were 

used. (PMMA 3 is a modified version of PMMA 1 where it was smaller in size (53.3 x 21.8 

mm), and therefore, did not fully cover the top surface of the PDMS; this allowed for a 

better seal). A holder was created that enclosed the system under pressure to minimise 

leakage. 3 mm PMMA was used to create a holder for the PDMS and tubing. 1.5 mm PMMA 

was created as a top cover. Clips were then used to enclose the system as shown in Figure 

87. This system was tested by injecting a PBS solution into the sealed system and monitoring 

for leakage or change over the course of 5 hours. The system proved to work reliably with 

only occasional leakage which occurred where inadequate tubing connection was made. The 

flow cell, shown in Figure 87, was then used for all work completed in Chapter 5, where the 

glass clover slip allowed for measurements without interference. 

 

Figure 87: Representative image of the enclosed platform developed for MEF & SERS 

studies. Cavity samples were placed into a PDMS chamber and sealed with a PMMA cover 

containing a glass cover slip. Tubing was then added, to allow for the introduction of 

solutions. This was then placed into a PMMA holder and clips were used to maintain the 

seal. 

Injection point 

Cavity chamber 

Waste 

Holder and clips  

Optical chamber 
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5.3.2 Preparation of “Nature’s Own” Microcavity Supported Lipid 

Bilayer and Determination of Bilayer Stability 

EIS and fluorescence spectroscopy were used to interrogate the stability of Nature’s owns 

bilayer spanned cavities. The electrochemical and fluorescent experiments were completed 

in a similar manner to those described in Chapter 2. The electrochemical impedance signal 

was monitored over time following bilayer preparation, to give immediate indication of 

changes in the bilayer. Fitting the impedance data to the Nyquist plot allowed for the 

monitoring of the film’s resistance and capacitance over time, providing insight into changes 

to the membrane’s permeability and thickness. This allowed for the identification of a time 

frame where resistance changes were below 10%, which was then used at the maximum 

experimental window. In parallel, monitoring the fluorescence of a membrane impermeable 

dye, provided further confirmation of the presence of a bilayer and its barrier properties, as 

indicated by minimal enhanced fluorescence in contrast to the probe at a cavity array without 

the bilayer barrier 

5.3.2.1 EIS Study of Bilayer Stability and Definition of Experimental 

Temporal Window 

As described section 2.3.4.2, the EIS experimental set up included a three-electrode 

electrochemical cell, composed of a working electrode (the gold array), reference (AgCl) and 

counter (platinum wire) electrode in contact with aqueous PBS buffer. Resistance and 

capacitance values were extracted by fitting the EIS data to Nyquist plots using the equivalent 

circuit model shown in Figure 3118.  

As each cavity electrode is slightly different in terms of packing and area, change to resistance 

is quoted rather than absolute resistance change. An example of the resistance changes to 

nature’s own spanned cavities is shown in Figure 88. Figure 88 shows that although some of 

the spanned cavity arrays showed minimal change in Delta Rm (>0.4 Mohm), indicating long 

term stability. However, samples showed a decrease in resistance after 10 hours where the 

resistance change exceeded 2.5 Mohm, indicating the bilayer was deteriorating. This was 

therefore treated as the maximum time frame for bilayer viability, i.e. nature’s own bilayer 

composition is stable for 10 hours. However, between 5 and 10 hours, delta Rm would 

fluctuate above 2 Mohm. Whereas below 5 hours, samples typically did not exceed 2 Mohm. 

Although, the errors appear large in Figure 88, values were well within our previously 

established stability limits21,102. Due to this, 5 hours was used as the experimental time 

window used to ensure bilayer stability and reproducibility. 
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Interestingly, nature’s own bilayer composition showed an average capacitance of 5.27 ±4.69 

x 10-2 µF over the 10-hour stability window. This is very similar to the 5.01 ±0.39 µF that 

was seen for the ternary composition and is much lower than the 6.14 ± 0.17 µF seen for 

DOPC. It indicates that the bilayer thickness was similar for both nature’s own and the 

ternary composition, as capacitance is inversely proportional to bilayer thickness. 

Unsurprisingly, DOPC’s bilayer thickness was shown to be thinner than nature’s own. 
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Figure 88: Time vs change in membrane resistance electrochemical impedance spectroscopy 

completed on Nature’s own Bilayer spanned cavities. Impedance was measured once every 

hour for 24 hours to determine stability. Measurements were performed in PBS buffer using 

a platinum counter electrode, Ag/AgCl reference and gold cavities as the working electrode 

using AC amplitude of 0.01V at frequency range of 1 MHz to 0.01 Hz. Error bars indicate 

standard deviation across 5 samples. (N ≥5, RT). 

5.3.2.2 Interrogation of Stability by Fluorescence. 

Fluorescence microscopy was used to investigate the stability and integrity of the “nature’s 

own” bilayer composition. This was done by measuring the MEF signal from a membrane 

impermeable probe in a similar manner to section 4.3.1. The fluorescence measurements in 

this chapter were completed within the enclosed microfluidic platform described in section 

5.2.1.3. This consisted of a sample chamber to hold the cavity substrate while in an enclosed 

environment that allowed for fluid introduction. All measurements focussed on a single pore 

within the array. 

Experimental 

window 
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The enclosed system allows for precise monitoring of the sample, where the exact volume 

of liquid was more reproducibly controlled. The initial diffusion/mixing step, where the 

drug/dye was introduced and diffused throughout the solution was also eliminated. The 

removal of this stage simplified the kinetics and eliminated any variation in emission due to 

the contribution of the drug dispersing through confocal volume or due to the residual 

velocity upon drug introduction. In this system, the drug/dye was premixed in PBS buffer 

and introduced to the sample. Spectra were initially taken of the bilayer cavity samples in 

contact with blank PBS buffer. The drug/dye was then injected into the platform and 

measurements were taken every 5 minutes for two hours. Data was then analysed, and the 

integrated fluorescent peak area is shown in Figure 89. 

As described in the preceding chapter, DRAQ7 is a membrane impermeable fluorescent 

probe was used to investigate the integrity and stability of the bilayer over 2- and 5-hour 

experimental windows. As seen in Figure 89, upon application of the dye, an increase in 

fluorescence intensity was observed between the initial 20-40 minutes of the experiment, 

until a maximum fluorescence intensity was achieved, where the signal then plateaus or 

decreases. The decrease was attributed to photodecomposition expected from the 

continuous irradiation. The maximum emission intensity observed at nature’s own spanned 

bilayers proved higher than the intensity observed with bare cavities (Figure 68 A), DOPC 

(Figure 68 B) or ternary bilayer composition (Figure 70). Although the absolute intensity 

would vary among substrate to substrate due to nano-variations in the MEF substrate, the 

maximum intensity was reproducibly higher for nature’s own composition than bare cavities, 

suggesting that the intensity increase is not solely attributed to cavities enhancement. The 

higher intensity was unexpected but indicates that DRAQ7 is binding to the bilayer. This 

was suspected to be attributed to electrostatic binding to DOPS, and indeed although 

DRAQ7’s molecular structure is proprietary; Biostatus were able to confirm that the dye is 

positively charged.  

To examine if interactions were occurring between the charged species’, the experiment was 

repeated but with DOPS removed from nature’s own composition. This was completed in 

two different ways, where DOPS was simply removed, and where DOPS was replaced with 

DOPC. Both bilayers successfully formed and yielded similar results. A sample spectrum is 

shown in Figure 90. In the absence of the charged lipid, fluorescence intensity only reached 

a max that was over 50% lower than observed for the ternary bilayer composition (Figure 

70). The kinetics showed a similar profile to previous DRAQ7 experiments, confirming 
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bilayer integrity. Furthermore, it demonstrated, 1) nature’s own bilayer composition is tightly 

packed, impermeable for DRAQ7 and likely thicker than even the ternary composition. And 

2) the negative charge present on DOPS is interacting with the positive charge on DRAQ7, 

causing binding and a large increase in fluorescence intensity. 
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Figure 89: Fluorescent peak area at 690 nm (652-800nm) obtained from 633 nm excitation 

fluorescence spectra from Natures own spanned 1 µm gold microcavities with 0.75 µM 

DRAQ7. Measurements was focused on a single cavity pore. (Three measuremtns are shown 

at RT, exposure 2s) 
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Figure 90: Time evolution of fluorescence spectra on incubation of 0.75 μM of DRAQ7 with 

DOPC/DOPE/CH/SM (32/25/20/15/8 %) spanned lipid bilayer cavities at 633 nm 

excitation. Where PBS indicates no probe, 0 min is where drug is introduced, and the 

following are spectra obtained every 5 minutes for up to 70 minutes. Exposure time and 
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accumulation were set at 2s and 10 respectively. Measurements was focused on a single 

cavity pore. (N ≥6, R) 

Due to the interaction occurring between the charged molecule and lipid affecting the overall 

intensity, the rate of fluorescence increase were more closely examined. After the initial 

fluorescence increase, the fluorescence plateaus and remains stable throughout the 

experimental window. The emission suggests that the bilayer was successfully formed and 

remains stable for a minimum of 5 hours. Any defect or deterioration in the bilayer will result 

in an increase in fluorescence, but as this was not observed, even in the extended 5-hour 

experiment. The bilayer composition was found to be stable for our experimental time 

window. 

5.3.3 Interaction of Anthracyclines with Nature’s Own Composition 

Doxorubicin (Figure 92) and Daunorubicin (Figure 91) (0.1 mM) were introduced to nature’s 

own31 bilayer composition and monitored over a 2-hour period to examine the permeation 

at more complex bilayer compositions. The experiment was completed in the same manner 

as described in section 5.3.1, where bilayer-spanned cavity sample were positioned within 

the microfluidic platform. Measurements were initially taken in blank PBS buffer, then 

sample drug was introduced, and measurements were taken every five minutes for 2 hours.  

Upon the drugs introduction to Nature’s own composition, immediately a peak with 

fluorescence maxima at 600 nm and a shoulder peak at 640 nm was observed. Interestingly, 

there was a difference in fluorescence temporal profile between both drugs. The fluorescence 

emission profile for doxorubicin (Figure 92) followed a similar trend as observed at DOPC 

bilayer samples (Figure 72), where there was an initial increase, followed by a slow steady 

increase over time until a maximum was reached. Whereas daunorubicin’s behaviour (Figure 

91) was closer to that observed at the ternary composition (Figure 73). Where, an initial 

increase occurs and fluorescence maxima was then quickly reached, and intensity then 

decreases slightly and appears to have reached an equilibrium. This suggests the two drugs 

experienced different kinetics during their diffusion. 
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Figure 91: Time evolution of fluorescence spectra obtained when 0.1 mM Daunorubicin is 

introduced to Nature’s own spanned 1 µm cavities at 473 nm excitation. Where “PBS” is 

bilayer spectrum prior to addition of the drug, 0 min is immediately after drug introduction, 

and the following are spectra obtained every 5 minutes for up to two hours. Measurements 

was focused on a single cavity pore. (N ≥3, RT) 
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Figure 92: Time evolution of fluorescence spectra obtained when 0.1 mM Doxorubicin is 

introduced to Nature’s own spanned 1 µm cavities at 473 nm excitation. Where “PBS” is 

bilayer spectrum prior to addition of the drug, 0 min is immediately after drug introduction, 

and the following are spectra obtained every 5 minutes for up to two hours. Measurements 

was focused on a single cavity pore. (N ≥3, RT) 
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Data analysis was completed to determine the occurring kinetics in the same manner as the 

work completed in chapter 4. The integrated fluorescent peak area is shown in Figure 93. 

Daunorubicin (Figure 93 A) showed an initial sharp increase in peak area due to the drug 

entering solution and then remained at equilibrium over the course of the experiment. In the 

extended 5-hour experiments, no further change was observed, apart from minor 

fluctuations which may be attributed to some photodegradation. As there is no initial 

diffusion step, the kinetics observed should be due to the drug intercalating into the bilayer. 

The kinetics suggest that daunorubicin had not permeated the bilayer but binds at the 

membrane, as there was no secondary increase in peak area attributed to the drug diffusing 

into the plasmonic field of the cavity. 

Conversely, doxorubicin (Figure 93 B) showed a steady increase in fluorescence throughout 

the two-hour window and the extended 5-hour experiments. Interestingly, in the first 10-20 

minutes, only a small increase in peak area was observed, the area then increases linearly with 

an average slope of 3.37 x 103 ± 6.11 x 102. There are two possible reasons for this increase 

in peak area; 1) The drug is permeating the bilayer and being plasmonically enhanced, 

although an equilibrium should be reached if this is the case. Or 2) the drug is interacting 

with a component of the bilayer, and this is resulting in the increased fluorescence.  

The evident differences in interaction of doxorubicin and daunorubicin with Nature’s own 

composition compared with DOPC and DOPC/SM/CH compositions was surprising. The 

two drugs differ only by their terminal groups which is a primary alcohol and a methyl group 

respectively302. However, an important distinction is their charge, daunorubicin is known to 

have a positive charge at physiological pH’s42, whereas doxorubicin is neutral. As these 

experiments were completed in PBS buffer (pH 7.4), it should have a positive charge. As 

nature’s own composition contains DOPS, a negatively charged phospholipid, this may be 

causing the discrepancies between the two drugs interactions. 
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Figure 93: Fluorescent peak area of three replicate measurements at 600 nm obtained from 

473 nm excitation fluorescence spectra from Natures own spanned 1 µm gold microcavities 

with 0.1 mM A) daunorubicin B) doxorubicin. 

The daunorubicin data, as shown in Figure 93 A), showed good reproducibility in the 

evolution of the peak area, where an average peak area of 2.94 x 105 ± 1.19 x 104 was seen. 

Absolute intensity showed variation from sample to sample as expected with MEF substrates 

due to microscopic differences in the fabrication process. Daunorubicin is known to have 

electrostatic interactions with the bilayer headgroup, resulting in its backbone to be bound 

in the membrane273. Due to the presence of a positively charged phospholipid, the drug 

A) 

B) 
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would be expected to interact electrostatically with the bilayer. DOPS has shown to increase 

daunorubicin’s affinity and stoichiometry of binding in the membrane. However, in the 

presence of cholesterol, this affinty has been shown to be reversed273. The peak area data 

suggests that the drug binds to the bilayer, to an extent that prevents or reduced its diffusion 

into the cavity. This suggests the initial increase in fluorescence intensity was due to the drug 

in solution and bilayer enhancement84. The permeation dynamics are similar to those 

observed with the ternary composition, which also indicated impermeability. The data 

suggests that in the presence of a charged lipid or liquid ordered domains; daunorubicin 

cannot diffuse through the membrane. 

Figure 93 B) shows the rate of change of doxorubicin’s emission peak area. Unlike in 

daunorubicin, an increase in peak area was observed over time. The data suggest that the 

drug is embedding itself in the bilayer for approximately 30 minutes. After this time period, 

the drug begins to diffuse through the bilayer into the cavity, receiving plasmonic 

enhancement or it is interacting with the charged lipids within the bilayer. This could be due 

to the microdomains of lipid ordered phases occurring due to the lipid composition48. Or 

due to doxorubicin’s tendency to aggregate289,290, hindering in its diffusion. As the dynamics 

show a continuous rise across the 5 hours, this indicates that the drug did not reach 

equilibrium within the time window for these experiments.  

When the rate of diffusion through the membrane is compared to DOPC and 

DOPC/SM/CH bilayers, differences are evident. As the transmission filter was changed to 

a higher density (from allowing 1 % through, to allowing 0.1 %) for these experiments due 

to increased laser power, the absolute values obtained for fluorescence intensity and peak 

area cannot be compared between nature’s own and the previous DOPC and 

DOPC/SM/CH experiments. Therefore, only the dynamics were compared. Even after 

eliminating the diffusion step in the first 30 minutes of the sample, the kinetics of the DOPC 

& ternary bilayer are very different from what is observed in nature’s own, as the former 

showed four distinctive stages in the rate of diffusion, whereas the latter showed 

impermeability. CH and SM decrease the fluidity of the bilayer272 and have previously proven 

to be impermeable for the drugs in the ternary composition. However, in the case of 

doxorubicin, the drug could still permeate the nature’s own bilayer, indicating that either 

DOPS or DOPE caused the bilayer to remain permeable and allow for diffusion. 

Doxorubicin has shown to have a strong affinity to negatively charged lipids259. SM has also 

shown an affinity to bind with doxorubicin; However, CH does not272. Meaning the presence 
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of DOPS and SM in the bilayer should increase the likelihood of the drug remaining in the 

bilayer.  

From this work, information on the rate of permeation was investigated. Through the use 

of a microfluidic device, immediate qualitative information on drug-membrane permeability 

was obtained, where even subtle difference between similar compounds were identified.  

5.3.4 Investigation of Ruthenium Complexes and their Permeation of 

the Lipid Bilayer 

Ruthenium(II) polypyridyl complexes have been widely studied for their DNA binding and 

potential as probes in diagnostic/imaging and therapeutic applications195,196,196,197,205,322. Here, 

ruthenium complexes conjugated to peptides, which have been previously extensively 

studied in cells such as HeLa, were examined within an enclosed microfluidic platform 

described in 5.2.1.3. Ru (II) polypyridyl complexes are suitable for MEF studies as although 

luminescent, their quantum yields are relatively low (where Ru polypyridyl have reported 2-

5% quantum yields in aerated solutions at RT, Ru-DPPZ-Ester and Ru-Tap-Ester showed 

0.29 & 0.28 ϕ1um
d in water203). It is believed, based on temperature dependent323 studies in 

cells, that these probes are taken up by an activated process, i.e. protein mediated endocytosis 

etc, where uptake was switched off at 4 0C. The bilayer spanned cavity platform allows for 

the exploration of the passive permeation. Meaning, if any uptake is observed, it was likely 

that permeation of these complexes is at least in part passive within cells. 

5.3.4.1 Emission & Absorption Spectroscopy of Ruthenium Dyes 

Spectroscopy was completed to obtain the absorption (Figure 94) and emission (Figure 95) 

properties of the chosen dyes. This was to ensure the luminescence could be excited at 473 

nm. The spectroscopy of the ruthenium complexes in PBS buffer were examined. Table 

depicting spectroscopic values can be found in the appendix. All four dyes absorbed at 216 

and 280 nm. The Ru-DPPZ complex showed peaks at 360 and 456.2 nm, which can be 

attributed to ligand-centred transition and broad metal to ligand charge transfer bands, 

respectively203. As shown in Figure 94, all four complexes show metal to ligand charge 

transfer around 450 nm, where the Ru-Tap complexes peaks were at 414 and 467 nm. When 

excited by 473 nm, all dyes showed a broad emission, with a λmax around 640 nm except 

for Ru-DPPZ-Ester, which was at 695 nm as shown in Figure 95. Ru-DPPZ is exceedingly 

weakly emissive from water314,322, therefore, its lower emission than Ru-Tap was expected. 
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The conjugates were also examined in acetonitrile. The spectroscopy of the Ru-Tap 

complexes showed no difference from PBS, whereas the Ru-DPPZ complexes were blue-

shifted to 600 nm. This shift is due to the polarity of the solvent affecting the stability of the 

charge transfer of the ligand. Thus, in PBS buffer (polarity index of water is 10.2158,324), the 

λmax is red-shifted, while in acetonitrile (polarity index of 5.8158,324) it is blue shifted. It was 

not unexpected for the parent and peptide Ru-Tap complexes to show similar absorbance 

and emission spectra, as this was demonstrated previously by Burke et al. They also recorded 

absorption at 415 and 460 nm and phosphorescence at 640 nm, in water and PBS buffer202.  
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Figure 94: UV-Vis absorbance spectra of Ru-Tap-Ester, Ru-Tap-R8, Ru-Dppz-Ester, Ru-

Dppz-R8 in PBS solution (pH 7.4). (13.48 mM Ru-Tap-Ester, 3.32 mM Ru-Tap-R8, 16.02 

mM Ru-DPPZ-Ester & 5.03 mM Ru-DPPZ-R8) 
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Figure 95: Emission spectra of 13.48 mM Ru-Tap-Ester, 3.32 mM Ru-Tap-R8, 16.02 mM Ru-

DPPZ-Ester & 5.03 mM Ru-DPPZ-R8 in PBS solution (pH 7.4). All dyes were excited at 473 

nm, and emission was collected between 500-900 nm at a slit width of 5 nm, except for Ru-

DPPZ-Ester which had a slit with of 10. 
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5.3.4.2 Emission Measurements of Ruthenium Complexes  

To evaluate the maximum enhancement achievable when the complexes reach the gold 

surface, initial controls were completed in the absence of the bilayer. This also allowed for 

the detection of any background and baseline emission that occurred from the enclosed 

platform and the dyes themselves. Due to the axial resolution of the microscope, the contact 

volume above the cavity is included within the interrogation area, however as the emission 

contribution from this volume should not alter after full dispersal of the dyes, it should not 

influence the emission kinetics observed when the dyes are interacting with the bilayer or 

cavity. It should be noted, that although this method allowed for reproducible measurement 

of the rate of luminescence increase i.e. to identify if a drug is permeating the bilayer, the 

luminescence intensity showed variation from sample to sample due to the nature of the 

cavities. Any luminescence intensity discussed in this chapter was averaged for comparison 

purposes and exact emission values are not used.  

The ruthenium complexes (0.1 mM) were injected into the enclosed platform (in the absence 

of gold) and monitored over a two-hour window to observe if the platform causes any 

spectral interference, and to obtain the baseline emission from the complexes alone. The 

emission spectra for both Ru-Tap and Ru-DPPZ complexes show a similar λmax to those 

observed when completed in a quartz cuvette using a fluorimeter, indicating the enclosed 

platform causes no interference or spectral shift. Interestingly, the peptide complexes show 

a lower luminescence intensity than their parent complexes for both Ru-Tap and Ru-DPPZ 

at the platform.  

The emission of the ruthenium complexes was then examined at planar gold samples within 

the enclosed platform and monitored for a two-hour window to verify enhancement due to 

the presence of gold. An intensity increase in the presence of gold was expected, as the gold 

itself even without the presence of nanostructures, should provide enhancement254,325, as 

shown in the previous work in Chapter 4. The emission profiles were comparable to those 

observed for the solution alone at the platform. The samples emission intensity showed an 

approximate 2-fold decrease for Ru-Tap-Ester, no change for Ru-Tap-R8, 28-fold increase 

for Ru-DPPZ-Ester and 4.4-fold increase for Ru-DPPZ-R8.  

Once again, the intensity observed for the Ru-DPPZ peptide complex was lower than that 

observed for the parent complex; however, the intensity for the Ru-Tap-R8 complex 

remained the same. Interestingly, the intensity observed for Ru-Tap-Ester on planar gold 

was lower than what was observed in free solution. It is known that close proximity to the 
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metal surface, approximately 0-5 nm, can both increase and decrease the radiative decay rates 

of fluorophores101, while also causing resonance energy transfer to the metal surface326. 

The differences in intensity show a subtle distinction between the parent and peptide 

complexes, where the latter may photo decompose more readily than the parent. If the 

peptide orientated itself onto the gold, then the fluorophore may be protected somewhat 

from the surface quenching, explaining why they might photodegrade at a quicker rate than 

their parent complexes. Another possibility for the decrease in luminescence intensity is that 

the peptide complexes may aggregate or precipitate out of solution to an extent, however, 

there was no visible evidence of this. 

5.3.4.2.1 Influence of Cavities on Ruthenium Emission Intensity 

The dyes were introduced to cavity samples to observe the enhancement properties and to 

identify if any spectral shift occurred due to plasmonic effects264. From simulations and the 

results described in chapter 4, it is expected that the cavities will yield signal enhancement 

once the dyes diffuse into the well. 0.1 mM of the ruthenium complexes were initially 

examined on bare cavity substrates within the enclosed platform over a 5-hour time window 

to ensure full dynamic window was recorded. Platforms and cavities were prefilled with PBS 

buffer. Spectra were taken focusing on a single cavity prior to dye addition, immediately after 

dye additions and then every 5 minutes.  

Ru-Tap complexes emit in aqueous solutions but switch off when bound to DNA. The 

quenching is due to electron transfer from the guanine molecule. It has also been noted that 

Ru-TAP are slightly less emissive in organic solvents compared to aqueous solvents190,205. 

Emission spectra over time obtained from Ru-Tap-Ester introduced to the microcavity array 

are shown in Figure 96. Typically, the emission intensity increased until a maximum was 

reached. The intensity then decreases and stabilised. For example, in Figure 96, the emission 

observed at 5 minutes is only slightly lower than that observed at 120 min. Whereas, the 

intensity is much higher at 80 min, indicating the phosphorescence increased and then 

decreased. 

The emission intensity was then briefly compared between cavity and planar gold samples 

to observe the enhancement factor of structured hotspots, however the confocal volume of 

the two would be different. As discussed in Section 2.3.3, simulations indicated that the 

shape of the cavities should focus the laser, resulting in enhancement at the bottom of the 

cavity, whereas planar gold should only give reflectance. Consistently, across all samples, 
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cavities showed enhanced emission. Ru-Tap-Ester complex in aqueous solution at bare 

cavity arrays showed a 2.6-fold compared to free solution and 1.5-fold enhancement 

compared to planar gold. Whereas, the Ru-Tap-R8 at identical concentration and under the 

same experimental conditions yielded a 1.6-fold increase compared to both solution and 

planar gold. The difference in emission intensity between the parent and peptide complexes 

indicates that the presence of a peptide has an influence on the luminescence properties of 

the complex. 

The emission peak area for each metal complex at the cavity samples was then examined to 

determine the dynamics of intensity evolution as cavities are filled in the absence of a bilayer 

(Figure 97). As expected, in the absence of the bilayer, qualitatively the behaviour was similar 

for each compound. The ester and peptide complexes showed an increase in emission peak 

area until about 20-30 minutes, which can be attributed to the dye diffusing into the cavity. 

The peak area then plateaus with some decrease in signal evident for the peptide which is 

likely due to photodecomposition, which previous studies has shown to occur with these 

dyes191,193,194,202,203. To minimise this effect, the laser was turned off between measurements.  
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Figure 96: Time evolution of luminescence spectra obtained when 0.1 mM Ru-Tap-Ester 

was introduced to 1 µm bare cavities at 473 nm excitation. Where “PBS” is bilayer spectrum 

prior to addition of the drug, 0 min is immediately after drug introduction, and the following 

are spectra obtained every 5 minutes for up to two hours. Measurements was focused on a 

single cavity pore. Arrows are indicative of the time frames associated to the fluorescence 

increase and decrease. 
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Figure 97: Emission peak area (550 – 850 nm) at 660 nm obtained from 473 nm excitation 

luminescence spectra of 1 µm bare gold cavities. 0.1 mM of ruthenium complexes, Ru-Tap-

Ester, Ru-Tap-R8, Ru-DPPZ-Ester and Ru-DPPZ-R8 were added and monitored over two 

hours.
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Figure 98: Time evolution of luminescence spectra obtained when 0.1 mM Ru-DPPZ-Ester 

was introduced to 1 µm bare cavities at 473 nm excitation. Where “PBS” is bilayer spectrum 

prior to addition of the drug, 0 min is immediately after drug introduction, and the following 

are spectra obtained every 5 minutes for up to two hours. Measurements was focused on a 

single cavity pore. A defined spectral shift is observable between 50-110 min. 
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Ru-DPPZ is a highly sensitive to aqueous media and is known to only emit in non-aqueous 

environments such as a lipid bilayer327. Hence, Ru-DPPZ complexes should emit only very 

weakly in an aqueous environment such as PBS. Emission from Ru-DPPZ could only be 

observed by using a high sensitivity CCD detector. The emission upon introduction of the 

Ru-DPPZ probes showed a very dramatic intensity increase in comparison to Ru-Tap 

complexes, where it showed a 4-fold and 16-fold intensity increase in comparison to solution 

alone for the parent and peptide complexes respectively. This may be due to contribution 

from the excited plasmon as weaker emission is known to result in higher enhancement 

through MEF157. However, it may also indicate that the complex had formed a monolayer 

along the gold, meaning it had surrounded itself within a SAM rather than aqueous media. 

This prevents hydrogen bonding from occurring with the free nitrogen’s321 which would 

result in “switch off”.  

Interestingly, Ru-DPPZ-Ester, but not the Ru-Tap complexes, showed a spectral shift over 

time (shown in Figure 98). Based on the experiment described in section 5.3.4.1, the λmax 

should be observed at 695 nm. However, at 0 min, a blue shift of the spectra was observed, 

which then returns to around 695 nm at 5 min. At 50 min, a spectral red shift to 710 nm was 

noted. The spectra returns to 695 nm at 110 min. The red shift occurred across repeats; 

however, the time of the shifts differed slightly. Interestingly, Ru-DPPZ in solution showed 

a λmax at 680 nm, whereas in contact with planar gold showed a λmax at 710 nm. This 

suggests that the spectral shift can be attributed to the presence of the gold. Previous studies 

completed on ruthenium complexes with gold have noted spectral shifts, for example, 

studies completed by Rogers et al.328 and Osbourne et al.329 have noted a blue and red shift 

attributed to Ru polypyridyl complexes binding to gold nanoparticles, respectively. Such 

phenomena are associated with metal enhanced fluorescence. In particular, one effect is 

attributed to the fluorophores excited state dipole moment interacting with the surrounding 

polar solvent molecules101.  

The fluorophores spectral shift is also dependent on the viscosity of the media. In “modest” 

viscosities, blue-shifts can be attributed to the reduced lifetime of polarity-sensitive 

fluorophores due to close proximity to the metal surface. At high viscous or glassy media, 

the blue shift may be attributed to the fluorophore relaxing at a faster rate than solvent 

reorientation101. However, we note a red rather than a blue shift here, also notably, the shift 

was not observed in the presence of the peptide complex. This strongly suggests that the 

shift was due to adsorption of the complex at the gold interface, which would be likely 
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hindered due to steric effects of the peptide. Red-shifts in emission maxima on adsorption 

have been noted previously and can be attributed to changes in the microenvironment of 

the probe when it is in a SAM242. As explained above, this will also make the complex less 

water accessible and may along with MEF, explain the emission enhancement observed.  

As expected, in Figure 97 showing the dynamics of the emission peak area, the Ru-DPPZ 

complexes showed a much lower peak area than observed for Ru-Tap complexes, but the 

profile of intensity area increase were roughly the same. A window of 120 minutes is shown 

here, but measurements were also completed over 5 hours and no additional changes were 

evident. Therefore, for control experiments, a two-hour window was maintained. 

Due to the high emission intensities observed on planar gold samples, the large increase in 

emission intensity and shifting emission maxima at the cavities, it was suspected that the Ru 

complexes may be adsorbing onto the gold surface and forming a monolayer. This was 

considered likely as the Ru-DPPZ ligand contains free nitrogen, which may bind to the gold. 

Although, to our knowledge, Ru-DPPZ adsorption on gold has not been explored before. 

To test for adsorption, planar and bare cavity samples were incubated in 0.1 mM Ru-Tap-

Ester and Ru-DPPZ-Ester overnight. These were then measured using 785 nm excitation 

for SERS and 473 nm excitation for MEF. The samples were rinsed with deionised water 

and remeasured to determine if adsorption had occurred. 

Both Ru-Tap and Ru-DPPZ ester showed both SERS and MEF spectra on cavity and planar 

gold after overnight incubation. After rinsing, Ru-Tap-Ester only showed gold background 

signal for SERS on both planar and cavity samples. At 473nm excitation, emission intensity 

was notably weak on bare cavities and negligible emission was seen on planar samples. 

Interestingly, Ru-DPPZ-Ester showed weak SERS from both substrates. However, 

vibrational bands could not be observed consistently across the sample, indicating a 

homogenous continuous layer had not formed. Weak luminescence was observed, similar to 

what was observed for free solution, suggesting that the dyes were adsorbing onto the gold. 

The monolayer formation appeared to occur more readily for the Ru-DPPZ complex than 

the Ru-Tap complex. Monolayer formation may explain why such a large luminescence 

intensity was observed for planar samples, as 4-fold enhancement on monolayer formation 

of similar Ru(II) polypyridyl complexes on similar sized cavities have been previously 

reported104. 
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Numerous studies have been completed to modify gold nanoparticles and other 

nanostructures with ruthenium complexes for DNA targeting etc328–331. For example, in one 

study, a ruthenium complex containing a phenanthroline with an aromatic-diimine ligand 

was used to modify nanoparticles for a nano-probe sensor of DNA. They found that the 

adsorption band at 518 nm decreased and a new broad band appeared at 670 nm. The 

presence of the gold nanoparticles appeared to quench the ruthenium complex emission; 

however, upon addition of DNA, the emission intensity was found to increase 3.6 fold, 

meaning the gold created a signal enhancement when there was a distance between the gold 

and the metal complex332. This is consistent with other studies that have shown that 

ruthenium complexes attached to coated gold structures resulting in emission 

quenching330,333. Huang & Murry reported quenching of Ru-trisbipyridyl complexes by thiol 

coated gold nanorods. The complex was quenched in aqueous solution due to collisional and 

static quenching owing to the binding of the Ru and the thiol333. In another study, by Jebb 

et al., Ru-trisbipyridyl complexes showed a 60% decrease in emission intensity due to binding 

with gold nanorods. This was due to the rods deactivating the excited Ru complex by an 

energy transfer pathway330. 

Such observations suggest that emission enhancement will compete with quenching when 

monolayer formation has transpired directly onto the gold substrate. However, according to 

the simulations completed in chapter 2, the plasmonic field extends for 3-5 nm for MEF and 

8-10 nm for SERS. Meaning the molecule does not require direct adsorption onto the gold 

to be enhanced. Interestingly, the maximum emission intensity at bare cavities for the Ru-

peptide complexes was typically higher than its ester counterparts, which may suggest that 

the peptide had created a “spacer”, preventing the ruthenium complex from being quenched 

to the same degree as the esters. 
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5.3.4.2.2 Permeation Studies of Ruthenium Complexes of a DOPC Bilayer. 

Having established the diffusion time taken for the complexes to fill the cavity array and the 

expected order of magnitude of emission enhancement, the ruthenium complexes were then 

introduced to DOPC bilayer spanned cavities to investigate their membrane interaction and 

permeation. The studies were completed as described for bare cavities, where PBS prefilled 

platforms were measured focusing on a single pore, and then dye of interest was introduced 

and monitored every 5 minutes for 2 hours. The experiments were completed at three 

concentrations 0.2 mM, 0.1 mM and 0.05 mM. These values were selected as they are 

typically used for imaging applications within cells193,194,202. The effect of concentration is of 

great interest for imaging purposes, as it can influence the uptake mechanism and targeting. 

It can also impact cyctotoxicity334. As previously mentioned, Ru-Tap complexes 

luminescence should “switch off” when bound to guanine in DNA and have been shown to 

decrease in luminescence intensity in organic media190,206,312. Whereas Ru-DPPZ complexes 

should “switch on” in the presence of the organic media, i.e. in principle, this means that we 

should observe a significant increase in emission if Ru-DPPZ associates with the bilayer.  

Emission profiles obtained from 0.1 mM Ru-Tap-ester’s and Ru-Tap-R8 introduction to a 

DOPC bilayer are shown in Figure 99 and Figure 100, respectively. The spectra clearly show 

no emission from blank PBS solution. Upon dye addition, a rise in emission intensity 

occurred, which remained consistent over the course of two hours. The emission profile for 

the Ru complexes (Ru-DPPZ-Ester excluded) showed superficial differences between the 

bare cavities and DOPC spanned cavities. On bare cavities, it was suspected that the initial 

intensity increase was due to the dye diffusing into the cavity. A decrease in emission was 

then observed. This decrease may be attributed to quenching of the complex or to 

photodecomposition due to ligand exchange in water. Photocomposition of these complexes 

has been previously reported193,194,202, and in this case may have been prompted by heat within 

the plasmonic microcavities. However, on DOPC samples, no gradual increase in emission 

is observable, implying that the dye is not diffusing into the cavity. This indicates that these 

dyes are impermeable to a DOPC membrane.  

The emission peak area was plotted against time, to identify the rate of intensity increase 

occurring upon addition of the complexes to a DOPC spanned bilayer. This was completed 

for all dyes at all three concentrations. Figure 101 shows the emission peak area for Ru-Tap-

Ester, after dye administration, no further change is evident, indicating that the complex did 

not cross the membrane. The final peak area was found to be approximately an order of 
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magnitude lower than what was observed for the same concentration in the absence of the 

bilayer. Repeatedly, all three explored concentrations showed broadly the same response. 

There was a modest decrease in emission peak area over longer time scales for the lower 

concentration, that was attributed to some photodecomposition. As previously mentioned, 

the axial resolution should encompass the containing solution above the membrane as well 

as the bilayer and cavities. The initial emission enhancement can be attributed to the 

introduction of the dye in the containing solution. However, as clearly shown in Figure 101 

where no permeation of the dye is evident, no further contribution to emission change from 

the contacting solution is observed. This further proves that once the dye has diffused 

throughout the solution, it does not give any contribution to changes in emission, and this 

can be solely attributed to the dye interaction with the bilayer and/or cavity. 

The normalised peak area for the Ru-Tap-R8 conjugate at a DOPC bilayer is shown in Figure 

102. 0.1 mM showed the maximum peak area reaching 1.8 x 105 cnt, whereas the ester 

complex only reached 4 x 104 cnt at this concentration. At all three concentrations, Ru-Tap-

R8 showed similar dynamics. Overall, this data suggests that the Ru-Tap complexes cannot 

permeate a DOPC membrane. Ru-Tap is known to be strongly luminescent in aqueous 

media, where it is “switched off” by reduction of guanine when it binds to DNA196 and 

luminescence decreases in the presence of organic media. Therefore, it was expected to 

observe a decrease in luminescence as it interacts with the bilayer. However, this was not 

observed, indicating that the Ru-Tap complexes cannot enter a cell by simple diffusion and 

require some form of protein or another active transport mechanism. 
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Figure 99: Time evolution of luminescence spectra obtained when 0.1 mM Ru-Tap-Ester 

was introduced to DOPC spanned 1 µm cavities at 473 nm excitation (single pore was 

monitored). Where “PBS” is bilayer spectrum prior to addition of the drug, 0 min is 

immediately after drug introduction, and the following are spectra obtained every 5 minutes 

for up to two hours. Arrows are indicative of the time frames associated to the fluorescence 

increase and decrease. (n ≥ 3, at RT)  
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Figure 100: Time evolution of luminescence spectra obtained when 0.1 mM Ru-Tap-R8 was 

introduced to DOPC spanned 1 µm cavities at 473 nm excitation (single pore was monitored). 

Where “PBS” is bilayer spectrum prior to addition of the drug, 0 min is immediately after 

drug introduction, and the following are spectra obtained every 5 minutes for up to two 

hours. Arrows are indicative of the time frames associated to the fluorescence increase and 

decrease. (n ≥ 3, at RT) 
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Figure 101: Dynamic changes to emission peak Area at 660 nm obtained from 473 nm 

excitation luminescence spectra from DOPC lipid bilayer spanned over 1 µm gold cavity 

array in 0.2 mM, 0.1 mM & 0.05 mM Ru-Tap-Ester. Data was normalised for comparison 

purposes. 
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Figure 102: Dynamic changes to emission peak Area at 660 nm obtained from 473 nm 

excitation luminescence spectra from DOPC lipid bilayer spanned over 1 µm gold cavity 

array in 0.2 mM, 0.1 mM & 0.05 mM Ru-Tap-R8. Data was normalised for comparison 

purposes. 
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As Figure 103 shows, Ru-DPPZ-Ester introduced to a DOPC spanned cavity array showed 

notable spectral shifts, which strongly contrasts to the behaviour seen in Ru-Tap complexes. 

However, though the shifts were also observed in the bilayer’s absence, there are some 

differences in its behaviour. At the earliest time points, the spectra were the same, both with 

and without the bilayer, where weak emission centred around 670 nm. The emission intensity 

then rose rapidly and shifted to the red at approximately 730 nm, which is far more red-

shifted than any other spectrum for the same compound without bilayer. The far red-shift 

and the enhanced emission intensity may be assumed to be due to the complex associating 

with the bilayer, or aggregating at the bilayer, changing its microenvironment101,242. Although, 

Ru complex aggregation is unlikely to occur due to their 2+ charge. This spectral shift is 

noticeably absent in the Ru-DPPZ-R8 introduction to a DOPC bilayer (spectra shown in 

Figure 104). Interestingly, the peptide conjugate showed an initial intensity increase followed 

by a small decrease and no further change. The intensity differences between the Ru-DPPZ-

Ester and Ru-DPPZ-R8 suggests that the dye may be somewhat binding to the bilayer in the 

former and has minimal to no association with the bilayer in the latter. This could be due to 

the charge and hydrophobicity of the peptide molecule.  

We and others have shown that Ru-DPPZ complexes intercalate and emit from liposomes. 

Although in previous reports, the Ru-DPPZ complex was regarded as non-emissive in water, 

and therefore comparisons could not be made with the shift in emission. However, Norden 

et al. reported a related, simpler Ru-DPPZ containing complex with 2 phenanthrole ligands 

emitting at 674 nm, which was a dramatic red shift from emission of 609 nm in propanediol. 

The emission from 670 nm in water to 730 nm in lipids would be consistent with 

intercalation into the bilayer here. However, with time, the intense emission was reduced and 

then blue shifted to 700 by 40 min, and then reduced further in intensity and centred at 670 

nm by 100 min. This reduction in intensity cannot be simply ascribed to 

photodecomposition, as this would result in lower emission not a shift. 

The spectral shift was observed across all three dye concentrations, although it is more 

pronounced at the higher 0.2 mM concentration. The spectral shift may be due to the 

superimposition of the peak maxima in different environments. This would be attributed to 

a ligand effect, and to its free and bound states to the bilayer and gold. As previous studies 

have noted spectral shifts due to binding with gold328,329 or lipids321, this seems likely to be 

occurring here. Finn et al. completed a study where lipid tails were attached to Ru(II) 

complexes to cause them to self-aggregate. This resulted in an emission enhancement and a 
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red emission shift335. This shows that self-quenching does not occur, however the red shift 

may be due to the lipophilicity of the environment or due to aggregation of the complex. 

Interestingly, the peak maxima of the previously discussed monolayer adsorption studies of 

the Ru-DPPZ-Ester, was around 650 nm. However, when gold cavities were in solution after 

overnight incubation, the peak maxima was around 700 nm. Suggesting that when the dye is 

in solution, it creates a bilayer effect, resulting in a spectral shift. 

A study completed by Ardhammar et al. showed through linear dichroism and lifetime 

results, that various Ru-DPPZ ligands can orientate themselves parallel along the surface of 

the bilayer, dip down into the bilayer or embedded itself into the bilayer336. The former two 

orientations are mediated by surface interactions and environmental polarity. Meaning, Ru-

DPPZ complex should be localised in the bilayer or along the surface, which results in the 

phenazine nitrogen’s being shielded, causing luminescence to be observed. However, as the 

luminescence intensity is only showing minor increase, where it reaches lower intensities 

than those observed for bare or planar gold, it suggests that the complex is not penetrating 

deep enough into the bilayer to receive gold plasmonic enhancement. 

The intensity peak area was integrated to determine the rate of permeation. Ru-DPPZ-Ester 

(Figure 105) showed a similar rate and peak area for 0.05, 0.1 and 0.2 mM. Where an initial 

sharp increase in intensity was observed due to dye addition. The peak area then remains 

stable, indicating no bilayer interaction and no permeation is occurring. 

Ru-DPPZ-R8 (Figure 106) showed different rates to Ru-DPPZ-Ester. 0.1 mM and 0.05 mM 

had a similar peak area; however, this was slightly lower than what is seen for the ester 

complex. 0.2 mM has a higher peak area than what was seen for the ester complex. 0.1 mM 

behaves similarly to what was observed in Ru-DPPZ-Ester, where there was an initial 

increase followed by a plateau. Whereas both 0.2 mM and 0.05 mM show an initial increase 

followed by a decrease in peak area. The kinetics suggest that the dye is not permeating the 

bilayer, regardless of concentration. The decrease in peak area for the peptide complex was 

suspected to be due to the peptide complex precipitating out of solution. One possibility 

may be due to the phosphate ions interacting with the peptide, as it has a large positive 

charge337, resulting in precipitation. Ru-DPPZ is more hydrophobic than the Ru-Tap 

complex, which could clarify why it was more evident with Ru-DPPZ than the Ru-Tap. 
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Figure 103: Time evolution of luminescence spectra obtained when 0.2 mM Ru-DPPZ-Ester 

was introduced to DOPC spanned 1 µm cavities at 473 nm excitation. Where “PBS” is bilayer 

spectrum prior to addition of the drug, 0 min is immediately after drug introduction, and the 

following are spectra obtained every 5 minutes for up to two hours. A clear spectral shift was 

observable over time. Measurements was focused on a single cavity pore. (n ≥ 3, at RT) 
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Figure 104: Time evolution of luminescence spectra obtained when 0.1 mM Ru-DPPZ-R8 

was introduced to DOPC spanned 1 µm cavities at 473 nm excitation. Where “PBS” was prior 

to the addition of dye, 0 min was immediately after dye introduction, and the following were 

spectra obtained every 5 minutes for up to two hours. Measurements was focused on a single 

cavity pore. (n ≥ 3, at RT) 
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Figure 105: Dynamic changes to emission peak Area at 680-720 nm obtained from 473 nm 

excitation luminescence spectra from DOPC lipid bilayer spanned over 1 µm gold cavity 

array in 0.2 mM, 0.1 mM & 0.05 mM Ru-DPPZ-Ester.  
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Figure 106: Dynamic changes to emission peak Area at 680 nm obtained from 473 nm 

excitation luminescence spectra from DOPC lipid bilayer spanned over 1 µm gold cavity 

array in 0.2 mM, 0.1 mM & 0.05 mM Ru-DPPZ-R8. Data was normalised for comparison 

purposes. 
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5.3.4.2.3 Ruthenium Complexes Interaction with Nature’s Own Bilayer 

Given the positive charge on the complex, and that this is likely to have an impact on the 

membrane, a more natural lipid composition was then examined for permeation. As 

described, Nature’s own composition is composed of five readily occurring components of 

the bilayer, where DOPC is the most abundantly occurring31. As we saw previously with 

anthracyclines, the change in the bilayer structure can have a profound effect on the 

permeation of the drug/dye. As DOPS is anionic under physiological conditions, this may 

have an impact on its interactions with cationic probes and peptides. The experiments were 

conducted as described above. An example of the emission spectra is shown in Figure 107.  

The emission peak area was integrated to follow the dynamic changes in emission intensity 

over time. An example of which can be seen in Figure 108, where Ru-DPPZ-R8 dynamics 

upon introduction to nature’s own bilayer spanned cavities is shown. Interestingly, across all 

four dyes, repeatedly, similar dynamics were observed, where an initial increase until 5 

minutes was observed due to dye introduction, followed by a steady plateau. This indicates 

that in spite of the charge, the complexes and peptide conjugates are impermeable to the 

bilayer. Rarely, an outlier occurs where a decrease in peak area was seen, which suggested 

photodecomposition had occurred, and these samples were removed. As the initial increase 

may be attributed to the dye’s introduction, there does not appear to be any luminescence 

that may be attributed to plasmonic enhancement due to the bilayer or gold. When compared 

to results obtained for DOPC samples, similar dynamics indicating impermeability were 

observed.  

Nature’s own composition dynamics did not show the same decrease over time in emission 

peak area as observed in DOPC samples. The rate of permeation suggest that the peptide 

was not photo-decomposing when exposed to nature’s own bilayers, unlike what was seen 

with DOPC and bare cavities. As the peptide contains numerous positive charges, it is likely 

that it had bonded/interacted with the negatively charged DOPS lipid. This interaction is 

therefore likely to be causing greater stability for the complex meaning bilayer composition 

has an effect on the complex. However, permeation was still not observed in the peptide’s 

presence. The results suggest that the ruthenium complexes enter a cell through protein-

mediated transport or other active transport methods as they cannot passively diffuse across 

the bilayer. Previous studies have shown variations of Ru-DPPZ complexes binding to 

negatively charged membranes (DOPC/DOPG, 4:1), where permeation into the liposome 
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was determined by the ligands lipophilicity327,338. This suggests that Ru-DPPZ should interact 

with nature’s own bilayer, however permeation was not observed. 
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Figure 107: Time evolution of emission spectra obtained when 0.1 mM Ru-Tap-Ester was 

introduced to Nature’s own spanned 1 µm cavities at 473 nm excitation. Where “PBS” is 

bilayer spectrum prior to addition of the drug, 0 min is immediately after drug introduction, 

and the following are spectra obtained every 5 minutes for up to two hours. Arrows are 

indicative of the time frames associated to the fluorescence increase and decrease. (N ≥3, 

RT) 
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Figure 108: Dynamic changes to emission peak Area at 680 nm obtained from 473 nm 

excitation luminescence spectra from Nature’s own lipid bilayer spanned over 1 µm gold 

cavity array in 0.1 mM Ru-DPPZ-R8. (N ≥3, RT) 
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5.4 Conclusions 

In this chapter, a bilayer spanned cavity array of complex composition; 

DOPC/DOPE/CH/SM/DOPS (32/25/20/15/8%), intended to mimic more closely the 

eukaryotic plasma membrane31, was prepared and characterised as the gold microarrays, that 

were assembled into an enclosed microfluidic system. This microfluidic system was designed 

for the purpose to reduce the diffusive mixing equilibrating time upon sample introduction 

to the bilayer spanned cavity array and also to reduce reagent volume and systematic errors 

due to temperature change, evaporation from the open system used in previous chapters. 

The integrity and stability of “Nature’s own” bilayers were established using EIS. 

Capacitance values for the bilayer were found to be 5.27 ±4.69 x10-2 µF, over a range of 10 

hours, which is similar to 5.01 ±0.39 x10-2 µF shown by ternary bilayers. Resistance values 

were found to remain within the established parameters previously reported within the 

group21,102, indicating the bilayers were stable for 10 hours. Integrity was confirmed using 

membrane impermeable probe, DRAQ7. However, the fluorescence signal evolution was 

more intense than expected, attributed to the negative charge conferred to the membrane by 

DOPS, which lead to electrostatic binding of the probe to the membrane. This was 

confirmed by preparing analogous membranes without PS, which were found to show no 

such association and were similarly impermeable to DRAQ7. 

The permeability of the anthracycline drugs, doxorubicin and daunorubicin, explored in 

earlier chapters, were then examined at nature’s own composition and interestingly, the 

evolution profile of fluorescence signal was reproducibly different for each drug which had 

not been observed at previous membranes. Daunorubicin appears to associate with the 

membrane but did not permeate through into the cavity. Whereas, doxorubicin showed 

evolution of metal enhanced fluorescence signal, indicating membrane penetration and 

diffusion. This behaviour could be rationalised on the basis of different charges of the two 

drugs with the membrane containing anionic lipids. That the two behaviours could be 

distinguished demonstrated that, notwithstanding the challenges associated with the method 

discussed in the previous chapter, it is a sensitive means of qualitatively distinguishing 

membrane interaction of closely related drugs. 

Finally, we demonstrate that the platform can provide insights into uptake mechanisms for 

species permeable to cells. A cell impermeable ruthenium (II) polypyridyl complex and its 

associated permeable peptide conjugates were examined at “natures own” spanned cavity 
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array. The complexes showed characteristic emission when excited at 473nm in PBS203. 

Typically Ru-DPPZ luminescence only very weakly from aqueous solutions314,322, and weak 

emission could be observed from the parent Ru-DPPZ-ester complex in water due to the 

sensitivity of the CCD detector. The emissions of the parent complexes in contact with the 

bilayer spanned array grew over time and also exhibited a complex sequence of spectral 

shifts. Spectral shifts occurred both in the presence and absence of the bilayer. From 

previous reports328,329,339, Ru polypyridyl complex emission shows red-shifts due to plasmon 

interaction at the cavity but also on association with membrane, suggesting both effects are 

at play. 

Across both complex and its peptide conjugates, comparing intensity profiles in the absence 

and the presence of bilayer, it was evident that in the presence of bilayer, none of the 

complexes accessed the cavity/exhibited MEF. This result indicates that they are not 

passively permeable to the plasma membrane. This result correlates well with observations 

in cells, where for the peptide conjugates permeation switches off at 4 0C193, indicating that 

the complexes are permeable through an activated protein mediated mechanism in cells. To 

continue on work from here, incorporation of proteins into the membrane could be 

completed and investigation of their effect on the Ru complexes permeation dynamics. 

Overall, notwithstanding the limitations in terms of reproducibility MEF signal, discussed in 

the previous chapter, the platform can provide useful qualitative insights into permeation 

and interaction of different species at the cell membrane.  

 

  



 

 

Chapter 6: Conclusions and Future Work
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This thesis set out to evaluate if, using microcavity supported lipid bilayers, it would be possible 

to exploit the localised plasmonic hot spot present toward the bottom of gold microcavity wells 

to identify if and when a molecular species permeates the membrane and so provide a qualitative 

assay of molecular permeability.  

In Chapter 2, optimisation of fabrication protocol for microcavity array platform was 

accomplished. Through a combination of capillary force and evaporation techniques123,124, a 

consistently hexagonally close packed array was faithfully reproduced through a method that was 

significantly superior to our previous method18,27. The protocol for lipid bilayer assembly across 

the array was established, and consistent with the literature, lipid bilayers were found to be stable 

when spanned over our cavity arrays27. Through electrochemical studies it was observed that the 

stability was maintained for a minimal of 7 hours for the most basic DOPC composition used and 

stability increased with complexity of the bilayer. Nature’s own composition, described in Chapter 

5, showed long-term stability beyond 10 hours. This was attributed to the presence of other lipid 

components such as cholesterol, which is known to increase stability31. 

Chapter 3 explored whether Raman signature could be used to assess the permeation of a drug 

molecule through an artificial bilayer spanned over a microcavity array using Raman spectroscopy. 

Here, using our platform to focus on a single cavity as a single cell membrane mimic. Due to the 

plasmonic enhancement arising from both the top-surface and the cavity well, high quality SERS 

spectra were readily obtainable for the first time for a truly fluidic lipid bilayer, where different 

membrane compositions and drug contributions could readily be distinguished by Raman (Table 

1 & Table 2).  

SERS permitted interactions between the drug and bilayer to be followed over time. However, at 

1 nM concentration, deciphering between lipid and drug vibrational bands was challenging and 

this was taken as the lowest possible concentration for analysis. However defined Raman spectra 

was still clearly distinguished from the background. The data also indicated both drugs showed 

poor permeability through a ternary bilayer composition. Comparable studies completed on planar 

substrates demonstrated the extent of signal enhancement obtained from the cavity arrays was 

significantly larger. The microcavity array also allowed for qualitative identification of differences 

between two drugs of very similar structures. However, limitations were identified that would limit 

potential quantitative study such as focal spot drift with the microscope and discrepancies in 

enhancement from sample to sample. Through SERS we could monitor the occurring molecular 

drug-membrane interactions, allowing to detect if the drug had permeated the membrane. 
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Following this, analogous metal enhanced fluorescence studies were completed in chapter 4. Here, 

fluorescence emission profiles were obtained as doxorubicin and daunorubicin were introduced to 

DOPC and DOPC/SM/CH bilayers spanned on microcavity arrays. As seen in Raman 

measurements, planar substrates proved to give inferior enhancement in comparison to cavity 

substrates for MEF. The fluorescence peak area was then examined to identify the occurring 

dynamics and from this we could distinguish between when the drug was diffusing through the 

contacting solution, residing within the bilayer and diffused into the cavity. Not only did this 

method allow for the diffusion process to be detected, lipid composition and drug concentration 

dependant dynamics could be identified, where ternary bilayer composition proved impermeable. 

Chapter 5 developed a one-use microfluidic platform, to reduce the diffusive mixing time, volumes 

of reagent required, and errors associated with drug introduction to the sample. A biomimetic 

composition reported in liposomes to be a good mimic of mammalian plasma membrane coined 

“natures own” was implemented in the microfluidic platform31. This incorporates 5 common 

lipids, DOPC(32 %), DOPE (25 %), SM (15 %), CH (20 %), DOPE (8 %), and this composition 

was found by EIS to be stable for a minimum of 10 hours, which was further confirmed using 

MEF. 

Anthracyclines were then introduced to nature’s own bilayers, unlike other bilayers, significant 

differences were observed between the two drug’s fluorescence intensity profiles. Where 

Daunorubicin showed no emission change after the diffusive mixing stage, indicating 

impermeablity. Whereas, a large degree of enhancement was seen for doxorubicin, indicating 

interaction and permeability. The difference could be ascribed to the different charges on the drugs 

in PBS, at the membrane which contains anionic lipid DOPS. 

To evaluate if the platform could provide new insights into species of unknown permeability 

mechanism, we then examined cell membrane impermeable Ruthenium complexes and its peptide 

conjugates which are known to be permeable to live cells but through an unknown mechanism. 

Interestingly Ru-DPPZ showed a spectral shift over time, which did not occur in the other 

complexes. This was tentatively attributed to the drug binding to the gold surface328,329 and the lipid 

bilayer321. The ruthenium complexes were all impermeable to both the DOPC and Nature’s own 

bilayer composition, indicating they do not enter cells through passive diffusion. The ruthenium 

peptide conjugates showed a decrease in their emission peak area over time, indicating that 

precipitation or aggregation had occurred.  
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From this work, information on the dynamics of permeation was investigated. Through the use of 

a microfluidic device, immediate information on drug-membrane permeability was obtained, 

where even subtle difference between similar compounds were identified. This was completed 

through both Raman and fluorescence spectroscopy. Both methods proved to provide 

information on drug membrane permeability, however, different information can be elicited 

depending on the method. Raman spectroscopy proved to provide information on the drug-

membrane interactions. This was seen in the changes of the Raman modes over time; from the 

original lipid bilayer, to the Raman of the drug and bilayer, until finally only the SERS from the 

drug in the cavity was observable. Due to the bilayers weak Raman modes, they became 

overshadowed by the strong SERS signal from the drug, clearly identifying when the drug has 

permeated the membrane. Whereas, MEF showed the dynamic response over time. The initial 

drug diffusion step was clearly identifiable through MEF which wasn’t possible through Raman. 

Through the dynamic change in signal, we could identify when the drug was interacting with the 

membrane, and if it was permeable, in a concentration dependent manor. MEF proved to be less 

ambiguous than Raman for determining is a drug/dye was membrane permeable. Both methods 

proved to have merits, however they are not without limitations and more research is required to 

improve them. 

Overall, we have demonstrated through bilayer spanned cavity arrays using Raman but in particular 

fluorescence can provide qualitative insight, into passive membrane permeation. Limitations in 

this method included reproducibility in signal enhancement and enhancement of signal at low drug 

concentrations. To minimise the variation in SERS and MEF signal intensity, greater uniformity 

in the cavity array is required, as well as greater control in focus drift, power variations etc.. The 

current method allows for variation, which is unideal if this method was to be taken for quantitative 

purposes. To rectify this, work is currently being completed using 2-photon 3D printing, which 

will ensure identical cavities. This method also allows greater control of the spacing between 

cavities, meaning isolation of a cavity pore is possible. This would allow for ensuring the 

measurement is locating within a single pore and obtaining the full enhancement, which is ideal 

for qualitative measurements. The enhancement properties of the cavity could be further improved 

by developing more hotpots within the cavities through nanostructures. This would then be 

followed by quenching experiments to determine the degree of enhancement from the cavities. 

Permeable drugs whose fluorescence is not enhanced in the bilayer would be required for this. 

With further development of the microfluidic device, it can be developed into a dual detection 

method, where it will allow for EIS measurements while completing Raman or fluorescence 
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measurements. This will allow for insight on the resistance and capacitance changes to the 

membrane as it interacts with the drug/dye. Following this, experiments to examine how pH may 

affects the drugs permeability through charged membranes, in particular for daunorubicin would 

be completed. However, this will require control experiments to ensure the pH change does not 

damage or alter the bilayer. Proteins shall also be incorporated into the bilayer. This is a difficulty 

in current methods as the protein typically becomes denatured, but due to our submerged method 

and space located below the bilayer, this may be less of an issue. Experiments will be done on both 

symmetric and asymmetric bilayers to increase the biomimicry of the permeability assay. This 

would be in particular interest for study with the ruthenium complexes, to demonstrate if they 

permeate with protein assistance, which would allow for insight into the uptake of the dyes into 

the cell. 

The work in this thesis demonstrated that cavity substrates can be used with various biomimetic 

bilayer compositions to detect drug permeability. The platform allowed for reproducible 

identification of the presence of membrane-molecular interactions, presence of permeation and 

the dynamics of these processes in a novel way. Ideally all this will be used to develop a membrane 

permeability model that may be used in the future to accurately test an early stage, a drugs 

permeability and therefore reduce the number of unsuitable drugs proceeding to expensive late 

stage testing. Overall, with further improvement, the platform looks highly promising as a method 

for understanding membrane permeability across diverse membrane compositions. 
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Appendix 

Chapter 2: Fabrication and Characterisation of Plasmonic Microcavity Array 

2.3.1.2 Spin Coating Method 

Initially, rpm speed was tested to obtain the optimal speed for sphere packing and monolayer 

formation, results can be seen in the appendix. 100 µl of 5 % (w/v) unfunctionalised Spheres in 

ethanol/ethylene glycol (85:15) were added at different speeds. Figure 109 shows the obtained 

results. As can be seen, speeds of 1000 rpm and below (A & B) resulted in multilayers. Whereas 

higher speeds of 2000+ rpm (D & E) resulted in disperse spreading over the gold. The packing 

indicated other parameters required optimisation prior to speed optimisation. Ethylene glycol was 

then removed from the composition, leading to faster drying of the spheres and ideally less 

dispersity as this affected the viscosity. It has been noted by Khoury & Vo-Dinh that similar 

packing can be seen in ethylene glycols absence with speed and volume adjustments236.  

Sulphate functionalised spheres were attempted on cysteamine pre-treated gold. The charge 

interaction between the spheres and the gold should encourage close packing, while the high speed 

encourages mono-dispersal. However, functionalised spheres proved to feature no better than 

unfunctionalised. This indicates the cysteamine-sulphate interaction is effective. 
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Figure 109: Representative SEM images of gold sputter coated unfunctionalised Ps spheres 

deposited (100 l) through spin coating at speed range of 500 rpm – 3000 rpm at room temperature. 

Where at low rotation speeds multilayers of spheres occurred and at higher speeds, sphere devoid 

regions occurred in the monolayer. A) 500 rpm, B) 1000 rpm, C) 1500 rpm, D) 2000 rpm, E) 2500 

rpm, F)3000 rpm 

2.3.1.4 Air/Water Interface Method 

As shown in Figure 110 A) samples dried at angles < 30o, resulted in packing in a non-hexagonal 

fashion, whereas at angles (B), ≥ 600, ideal packing was obtained. The method was modified slightly 

and attempted with sulphate functionalised spheres. The results observed in C) & D) were 

obtained, showing desired packing. Unfortunately, as can be seen in image D, a large region of 

hexagonal packing is observed surrounded by non-hexagonal regions. Indicating this method also 

has difficulties in reproducibility. Although the air/water interface method gave better packing 

than previously observed, the method proved inconsistent, as depending on humidity and 

temperature, different packing was observed.  
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Figure 110: Representative SEM images of A) dried in petri dish B) dried in small beaker C & D) 

0.1 % sulfate spheres, cysteamine pre-treated, grown at -0.7 V 0.25 C 

2.3.6 Spectroscopic Characterisation of Drug Models 

      

Drug/Dye Absorption (nm) Emission 

(nm) 

Lifetime (ns) Quantum 

Yield 

DRAQ7 599, 645 697 nm - - 

Doxorubicin 480 590 1.5 247 9 %185 

Daunorubicin 48 590 1.5 247 9 %185 

Ru-Tap-Ester 216, 280, 414, 450, 467 640 230 247 0.28 ϕ1um
d 203 

Ru-Tap-R8 216, 280, 414, 450, 467 640 205 247 - 

Ru-DPPZ-Ester 216, 280, 360, 456.2 695 230 247 0.29 ϕ1um
d 203 

Ru-DPPS-R8 216, 280, 360, 456.2 640 205 247 - 

Table A: Table depicting spectroscopic properties for the drugs & dyes used in this study. 
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Chapter 5: Nature’s Own Bilayer Compositions & Ruthenium Polypyridyl Complexes. 

5.3.1 Development of Enclosed Raman Platform. 

A mask was created by laser cutting 1.5 mm PMMA into a 68.4 x 35. 8 mm rectangular shape and 

a 50 x 12 mm inner channel and was glued together. PDMS was cured onto the mask, leaving a 

channel for the chip (Figure 85, PDMS 1). A glass coverslip was then glued onto the surface, 

leaving the end portion of the channel free for the addition of liquids (Figure 111, Sample 1). When 

tested, the added solution evaporated within an hour, making it unsuitable. 

 

Figure 111: Schematic diagrams of attempted platforms. Grey colour signifies PDMS; Green lines 

indicate the position of the glass coverslip, Light blue indicates tubing, Dark blue is PMMA and 

yellow indicates the position of the gold cavity array. 

The next approach used a similar set up, except the coverslip fully enclosed the top surface of the 

PDMS, and the solutions were injected directly through the PDMS and into the cavity (Sample 2). 

Unfortunately, with this approach, the pressure created when piercing the PDMS, repeatedly 

resulted in either the cover-glass shattering or its separation from the PDMS. Following this, the 

next method used PDMS 1. A 300 nm rectangle of PMMA was cut with three circles, one large 

(161 mm diameter) in the middle and two smaller (2.1 mm diameter) outside it (PMMA 1). A 

circular cover-glass was glued to the larger circle. The smaller holes were used as injection ports 

(Sample 3). When tested, it was found that the seal was insufficient and the solution would either 

evaporate or leak over the course of three hours, resulting in air bubbles across the sample. Air 

bubbles would result in disruption of the bilayer, making imaging and spectroscopic monitoring 

unreliable. Tubing was then added to the holes to enclose the system and prevent evaporation; 

however, leakage remained a problem. A method was also attempted in a set up where PMMA 1 

consisted of only the optical window, without the tubing holes (PMMA 2) (Sample 4). Solutions 

were then injected through the PDMS, but the internal pressure created without the holes resulted 

in the cover-glass shattering. 
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The next set up attempted used PDMS 1, where in this approach, the tubing was inserted prior to 

curing, resulting in the PDMS polymerising around the tubing (Sample 5). This was attempted to 

minimise leakage at the tubing connection. A glass coverslip fully enclosed the top surface, as an 

optical window, and the tubing would come out through the sides. Unfortunately, regardless of 

method, tubing would clog during the curing process. An alternative to this method, involved 

PDMS 1 being altered to fully extend the channels to the end of the platform (PDMS 2). PMMA 

2 was added to fully cover the top surface. Tubing was then inserted through the sides of the 

platform through holes left from the extended channels (Sample 6). When tested, tubing 

connections resulted in leakage. 

Following this, PDMS 1 and PMMA 1 was re-approached. However, PMMA 1 was modified to 

be smaller in size (53.3 x 21.8 mm), and therefore, did not fully cover the top surface of the PDMS 

(PMMA 3); this allowed for a better seal. Tubing was added through the holes (Sample 7). When 

tested, this appeared more successful than previous methods as leakage only occurred at tubing 

connections and not at the edge of the PMMA cover. With the success of this method (Sample 7), 

it was further optimised to minimise leakage. Final version is described in Section 5.3.1. 


